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Abstract 

Rice root aphids (RRAs), Rhopalosiphum rufiabodominale, and cannabis aphids (CAs), 

Phorodon cannabis, are herbivorous pests of commercial cannabis plants, Cannabis 

sativa. I studied (i) host plant selection by RRAs, (ii) acquisition of hop latent viroid 

(HLVd; an emerging pathogen of cannabis) by both RRAs and CAs, (iii) potential 

transmission of HLVd by CAs, and (iv) parasitism of RRAs and CAs by the 

hymenopteran parasitoid Aphelinus varipes. In two-choice and no-choice experiments, 

RRAs preferred monocotyledonous rye plants, Secale cereale, to various dicotyledonous 

plants including cannabis, suggesting that rye could be used as a trap crop for RRAs in 

commercial cannabis production. Both RRAs and CAs feeding on HLVd-infected 

cannabis plants acquired HLVd, as shown by multiplex reverse transcription-polymerase 

chain reaction (RT-PCR) tests. There was no evidence that CAs, which acquired more 

HLVd than RRAs, transmit HLVd to viroid-free cannabis plants. Aphelinus varipes 

parasitized both RRAs and CAs and should be investigated further as a potential 

biological control agent of these aphids.   

 

Keywords:  Aphids; Cannabis sativa; host selection; parasitoid; hop latent viroid; 

plant-insect-microbe interactions 
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Chapter 1.  
 
Introduction 

Aphids (Hemiptera: Aphidoidea) are pests of many plant species, causing significant 

economic damage worldwide (Yano et al., 1983; Dixon, 1985a; Blackman & Eastop, 

2000; Dedryver et al., 2010). They have co-evolved with plants (Podsiadlowski, 2016), 

with more than 5,000 aphid species infesting at least 300 families of plant (Favret & 

Aphid Taxon community, 2025). The aphids’ cryptic and complex life cycle enables 

them to adapt to various environments and to multiply rapidly.  

Most aphids are specialists, feeding on just one or two host plant species (Blackman 

& Eastop, 2008) but some generalists infest multiple host plant species. Three generalist 

aphid species – Myzus persica green peach aphids, Aphis fabae black bean aphids, and 

Acyrthosiphon pisum pea aphids – have been intensely studied (Auclair, 1963; Dixon, 

1977, 1985b; Weber, 1985; Pickett et al., 1992; Van Emden et al., 1969; Powell et al., 

2006; Van Emden & Harrington, 2007; Guerrieri & Digilio, 2008; Döring, 2014; 

Vilcinskas, 2016), but the behavior, ecology, genetics, life cycle, and physiology of 

emerging pest aphids are yet to be investigated.  

1.1. Cannabis sativa 

Cannabis sativa (Rosales: Cannabaceae) is a dioecious plant that is cultivated for its 

fibers, seeds and pharmaceutical properties (Walsh et al., 2013; Andre et al., 2016; Żuk-

Gołaszewska & Gołaszewska, 2018). The fibers are used to produce clothes, ropes and 

paper, whereas the seeds are used as food products such as hemp hearts and oil. The 

plants’ inflorescences biosynthesize cannabinoids such as Δ9-tetrahydrocannabinol 

(THC) and cannabidiol (CBD) that offer psychoactive (THC) and non-psychoactive 

(CBD) effects (Siracusa et al., 2023). Extensively studied for their therapeutic benefits, 

these cannabinoids are effective in pain relief, cancer treatment, epilepsy management, 

and anxiety reduction (Kalant, 2001; Walsh et al., 2013). 
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The cannabis industry has grown rapidly following its legalization for recreational 

use in various parts of the world, including Canada in 2018, but commercial cannabis 

productions face significant threats from arthropod herbivores and plant diseases. Among 

arthropod herbivores affecting cannabis are aphids (e.g., Aphis fabae, Phorodon 

cannabis, Rhopalosiphum rufiabdominale), thrips (e.g., Thrips tabaci, Frankliniella 

occidentalis), whiteflies (e.g., Trialeurodes vaporariorum, Bemisia tabaci), fungus gnats 

(Bradysia spp.), and mites (e.g., Tetranychus urticae, Aculops cannabicola, 

Polyphagotarsonemus latus) (Cranshaw et al., 2019; Lemay et al., 2022; Lemay & Scott-

Dupree, 2022). Plant pathogens infecting cannabis include fungi (e.g., Fusarium spp., 

Botrytis cinera), oomycetes (Pythium spp.) and viroids (Hop latent viroid) (Punja, 2021). 

Feeding by arthropod herbivores lowers the amounts of cannabinoids (MacWilliams et 

al., 2023), and increases the plants’ susceptibility to pathogens (Guerrieri & Digilio, 

2008).  

1.2. Rice root aphid, Rhopalosiphum rufiabdominale 

The rice root aphid (RRA), Rhopalosiphum rufiabdominale (Sasaki, 1899), is an 

emerging insect pest of cannabis (Lagos‐Kutz et al., 2018; Cranshaw & Wainwright-

Evans, 2020), like other aphids posing a challenge to growers. Currently, there is no 

control tactic for RRAs. Due to their small size, RRAs are hard to detect (Cranshaw et al., 

2018) and difficult to eradicate once they are established in field or greenhouse settings 

(Perring et al., 2018). They may infest crops through wind dispersal from infested 

neighbouring fields or by entering greenhouses through vents.  

1.2.1. Crops infested by RRAs 

RRAs were originally described on upland rice, Oryza sativa, in Japan (Yano et al., 

1983). Since then, RRAs have been recorded on more than 22 plant families (Yano et al., 

1983; Tsai & Liu, 1998). Season-dependent, RRAs undergo host plant shifts (Rakauskas 

& Havelka, 2015), colonizing their primary Prunus spp. host plants in the winter and 

their secondary host plants [e.g., Cyperaceae, Rosaceae, Poaceae (formerly Gramineae)] 

in the summer (Doncaster, 1956; Blackman & Eastop, 2000). In their invaded range, 
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RRAs infest diverse crops (Table 1.1) typically feeding on leaves, stems, and roots of 

their host plants.   

Table 1.1 Host plants of rice root aphids and geographic locations of infestations. 
Scientific name Common name Location References 

Prunus armeniaca Apricot Europe Rakauskas & Havelka, 2015; 
Vasilev, 2022 Prunus domestica Plum 

Triticum spp. Wheat 

Hordeum vulgare Barley United States Cranshaw & Wainwright-Evans, 
2020; Dara, 2015; Etzel & Petitt, 
1992; Kindler et al., 2004; 
Mahas et al., 2023 

Avena sativa Oat 

Apium graveolens Celery 

Cucurbita pepo Squash 

Gossypium hirsutum Cotton 

Cannabis spp. Cannabis North 
America & 
Saudi Arabia 

Aldryhim & Khalil, 1996; 
Cranshaw & Wainwright-Evans, 
2020; Lagos‐Kutz et al., 2018; 
Lemay & Scott-Dupree, 2022 

Coriandrum sativum Coriander Mexico Tejeda-Reyes et al., 2021 

Capsicum spp. Peppers Canada Zilahi-Balogh et al., 2005 

Solanum 
lycopersicum 

Tomato 

Solanum tuberosum Potato Syria Fujiie et al., 2008 

Saccharum spp. Sugarcane India Rathore & Tiwari, 2017 

1.2.2. General biology and life cycle of RRAs and Cannabis aphids (CAs)  

RRAs are soft- and round-bodied, dark-olive green with a reddish-brown abdominal tip, 

measuring < 3 mm in length (Blackman & Eastop, 2000; Maharani et al., 2020). As many 

other aphid species, RRAs have a cryptic and complex life cycle. In temperate regions, 

they undergo a host-alternating (heteroecious) holocyclic (sexual) life cycle, whereas in 

warmer or controlled climates, such as greenhouses, they undergo an anholocyclic 

(asexual) life cycle. RRAs are polymorphic, developing into apterous (wingless) and 

alate (winged) morphs with specialized function. Apterous morphs engage primarily in 

reproduction, whereas alate morphs disperse, particularly in response to crowding. Alates 

are capable of flying considerable distance to colonize and reproduce on new plants.  
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Figure 1.1.  Life cycle of the rice root aphid, Rhopalosiphum rufiabdominale (adapted from Ross 
1959 and Favret & Aphid Taxon community, 2025) 

 

In their native range, RRAs complete a heteroecious holocyclic lifecycle (Yano et 

al., 1983; Hesler & Kindler, 2018) (Fig. 1.1). In spring, nymphs hatch and develop 

through four instars (Tsai & Liu, 1998) before they molt into summer morph alate adults, 

referred to as emigrant aphids, which disperse to secondary host plants including various 

grasses. Apterous adults reproduce asexually (parthenogenetically). Alate winter morphs 

return to their primary Prunus spp. host plants, where they undergo sexual reproduction 

and lay eggs on the bark of these trees.  

In greenhouses, RRAs exhibit a continuous anholocyclic cycle (Cranshaw & 

Wainwright-Evans, 2020). They are commonly present at the soil level of cannabis 

plants, Cannabis sativa (Cannabaceae), feeding on the stem base or roots (Cranshaw & 

Wainwright-Evans, 2020). They are not confined to the root zone surface, also colonizing 

deeper root structures. RRAs can be mistaken for cannabis aphids (CAs), Phorodon 
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cannabis, which tends to be paler and are present on the abaxial surface of cannabis 

leaves (Cranshaw et al., 2018). At the microscopic level, both apterous and alate forms of 

cannabis aphids possess a pair of tubercles on their head and have relatively longer 

cornicles (Lagos‐Kutz et al., 2018; Lagos-Kutz et al., 2022). 

CAs are soft-bodied, oval-shaped insects that range in color from yellowish-green to 

pale yellow or pale pink (Favret & Aphid Taxon community, 2025). They may exhibit 

three stripes on their dorsal abdomen and typically measure < 3 mm in body length 

(Favret & Aphid Taxon community, 2025). CAs commonly feed on the undersides of 

leaves or on the stems of cannabis plants (Cranshaw et al., 2018; Durak et al., 2021), 

leaving behind white molted skins (exuviae), which are often visible on cannabis leaves 

(Lemay & Scott-Dupree, 2022). The lifecycle of CAs differs slightly from that of RRAs. 

CAs are monophagous, feeding exclusively on cannabis plants (Cannabinaceae), and are 

also monoecious, completing their entire lifecycle on a single host plant (Ross, 1959; 

Cranshaw et al., 2018; Lemay & Scott-Dupree, 2022). Whereas CAs typically exhibit an 

anholocyclic lifecycle in greenhouses, they reportedly undergo a holocyclic lifecycle in a 

greenhouse in Ontario, Canada (Lemay & Scott-Dupree, 2022). 

1.2.3. Feeding behaviour and plant damage 

Generally, aphids use their piercing stylet mouthpart to feed on plants. The stylets 

penetrate between, or through, plant cells to reach the plants’ sieve tubes which transport 

carbohydrates and amino acids (Weatherley et al., 1959; Auclair, 1963; Powell et al., 

2006; Will & van Bel, 2006; Twayana et al., 2022). The aphids’ feeding physically 

injures plants and causes nutrient losses, thereby decreasing crop yields and posing major 

problems for growers (Auclair 1963; Dixon, 1977; Dedryver et al., 2010). Aphids 

damage plants also indirectly by transmitting plant pathogens, particularly viruses 

(Dedryver et al., 2010; Perring et al., 2018). For instance, RRAs reportedly transmit the 

barley yellow dwarf virus (Hadi et al., 2011; Paliwal, 1980; Jedlinski, 1981), sugarcane 

yellow leaf virus (Schenck & Lehrer, 2000), and cereal yellow dwarf virus (Hadi et al., 

2011).  
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Little is known about the direct damage RRAs inflict on cannabis, and there are no 

reports of symptoms that plants exhibit in response to RRA feeding (Cranshaw & 

Wainwright-Evans, 2020). 

1.2.4. Host selection 

Herbivorous insects are selective in their choice of host plants for feeding and oviposition 

which is crucial for their survival and reproductive success (Awmack & Leather, 2002; 

West & Paul Cunningham, 2002; Heisswolf et al., 2005). Insect herbivores exploit 

various plant cues to make informed decision during host plant selection. Host plant 

selection of aphids is not random (Powell et al., 2006). Despite being poor fliers (Loxdale 

& Balog, 2018), aphids are proficient at locating plants and deciding on plants to feed on 

for survival and reproduction. After landing on a plant, they either accept or reject it as a 

host based on multiple cues (Powell et al., 2006; Pettersson et al., 2007; Döring, 2014). 

1.2.5. Patterns of behavioral responses 

The mechanisms underlying host plant selection behaviour by aphids seem to be species-

specific, but host plant selection can generally be divided into three consecutive phases: 

(1) pre-alighting, (2) alighting, and (3) post-alighting (Powell et al., 2006; Pettersson et 

al., 2007; Döring, 2014).  

Pre-alighting behaviour ensues after a teneral period during which the aphid’s soft 

cuticle hardens in preparation for flight. After having taken flight and being positively 

phototactic, the aphid responds to visual and olfactory plant cues at long range.  

During alighting, the aphid establishes physical contact with the plant assessing 

gustatory and chemo-tactile plant cues. The aphid briefly and repeatedly inserts its stylet 

mouthparts into the plant epidermis to assess the plant’s overall quality and suitability for 

reproduction. If the plant is deemed unsuitable, the aphid will take off and seek another 

plant.  
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In the post-alighting or settling period, the aphid accepts the plant as a suitable host 

and starts feeding on it. At this stage, the aphid injects watery saliva that inhibits 

defensive mechanisms of phloem sealing, and it initiates the ingestion of phloem sap. The 

aphid will continue to feed and to produce offspring as long as conditions are favorable. 

1.2.6. Sensory cues exploited by aphids during host plant selection 

Aphids gauge olfactory, visual, gustatory, and chemo-tactile plant cues during host plant 

selection (Chapman et al., 1981; Hori, 1999; Powell & Hardie, 2001; Powell et al., 2006; 

Pettersson et al., 2007; Webster, 2012; Döring, 2014; Schröder et al., 2017). Sensory 

organs such as the antennae, eyes, mouthparts, and legs all play a role in sensing 

information about the plant’s physiological status. The perceived information informs the 

foraging aphid about the quality and suitability of a prospective host plant for feeding and 

reproduction. 

Olfactory cues  

Olfaction (the sense of smell) represents the most well-studied sensory modality of 

aphids in the context of host plant selection (Chapman et al., 1981; Webster, 2012). 

Originally, aphids were thought to not use plant olfactory cues prior to landing on a plant 

(Pettersson et al., 2007; Webster, 2012) because in field studies aphids equally often 

landed on host and non-host plants (Kennedy et al., 1959a, 1959b). However, subsequent 

behavioral and electrophysiological studies unequivocally proved that aphids use plant 

olfactory cues during the pre-alighting phase of host selection to differentiate between 

host and non-host plants. 

Hair-like sensilla – known as primary and secondary rhinaria – serve as the aphids’ 

primary olfactory receptors (Park & Hardie, 2002). Rhinaria are located on the two distal 

most antennal segments (Pickett et al., 1992). Primary rhinaria sense plant volatiles, 

whereas secondary rhinaria are implicated, but not experimentally shown, to sense sex 

pheromones (Park & Hardie, 2002). Among aphid species, primary rhinaria are typically 

conserved but secondary rhinaria may have been lost during evolution (Park & Hardie, 

2002).  
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Aphid olfaction has been investigated in many studies of different experimental 

designs (Heard, n.d.; Webster, 2012). For example, in Perspex four-arm olfactometers 

(Sengonca & Kranz, 2001), black bean aphids were attracted to a 15-component synthetic 

blend of broad bean plant odorants (Webster et al., 2008). Similarly, in petri dish 

bioassays, green peach aphids preferred leaf discs of Chinese cabbage to those of cabbage 

and radish, likely because Chinese cabbage is high in amino acids and low in 

glucosinolates (Ahmed et al., 2022). Non-host odors can mask the odor of aphid host 

plants, such as onion odors masking potato host odors (Dahlin et al., 2015) or couch-

grass odor masking barley odor (Glinwood et al., 2003).  

Electroantennogram (EAG) studies investigated the aphids’ electrophysiological 

responses to specific plant odorants (Nottingham et al., 1991; Visser et al., 1996; 

Pettersson et al., 2007). In EAG studies, the aphids’ antennae are connected to electrodes 

and exposed to plant odorants that are known to attract or to repel aphids. The electrical 

potential produced by antennae in response to odor exposure is recorded and analyzed 

(Pettersson et al., 2007). EAG studies revealed, e.g., that antennal responses to plant 

odorants differed between generalist green peach aphids and specialist cabbage aphids, 

Brevicoryne brassicae, even though they were reared on the same host plant (Visser et 

al., 1996).  

Visual cues 

Visual plant cues affect host-selection by aphids (Döring, 2014; Schröder et al., 2017). 

Some species are attracted to green (plant) surfaces (Döring & Kirchner, 2022), whereas 

many others are attracted to yellow (plant) surfaces (Döring & Chittka, 2007; Döring, 

2014), possibly because virus-infected plants tend to turn yellow (Schröder et al., 2017; 

Jayasinghe et al., 2022). The aphids’ preference for yellow plants implies a conceivable 

symbiotic relationship between aphids and viruses. Overall, aphids favor shorter 

wavelength of light and are also attracted to ultraviolet (UV) light (Döring, 2014).  

The spectral sensitivity of aphid photoreceptors has been investigated in  

electroretinogram (ERG) studies (Döring, 2014), which are particularly challenging due 

to the small size of the aphids’ compound eyes. Electroretinograms with green peach 
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aphids (Kirchner et al., 2005) and cabbage aphids (Döring & Kirchner Sascha, 2007) 

revealed that both species are sensitive to UV, blue and green wavelengths. Moreover, 

investigating the green receptor of pea aphids through intracellular recordings revealed 

peak sensitivity to a 518-nm wavelength (Döring et al., 2011). 

Contact-chemoreceptive cues 

Upon landing on a plant, aphids sense a variety of cues as they walk across the plant 

surface (Powell et al., 2006). Waving the antennae backwards and forwards during this 

behavior enables detection of odors just above the plant surface, also bringing 

chemosensory hairs on the antennal tips in contact with the plant surface and enabling 

detection of gustatory cues (Storer et al., 1996; Powell et al., 2006; Pettersson et al., 

2007). When aphids contact the plant surface with their antennae and appendages, they 

assess the physical and chemical properties of the plant. Some trichoid sensilla and apical 

antennal hairs are thought to serve as contact chemoreceptors (Pettersson et al., 2007), 

sensing chemicals on the plant surface through physical contact. One such chemical is the 

sesquiterpene dialdehyde polygodial which has deterrent properties. When apterous 

aphids were exposed to polygodial, aphids with intact antennae were deterred but aphids 

with ablated antennal tips that could not sense the polygodial were not deterred (Powell et 

al., 1995).  

Gustatory cues 

Aphids penetrate peripheral plant tissue with their stylets briefly and repeatedly, thereby 

probing for gustatory cues (Powell & Hardie, 2001; Powell et al., 2006). Gustatory 

receptors in the mouth detect host and non-host compounds, with approximately 100 

gustatory cells lining the food channel (Pettersson et al., 2007). 

The aphids’ stylet insertion and feeding on plants can be investigated using the 

electrical penetration graph (EPG) technique. The method involves creating an electrical 

circuit between an insect and the plant it is feeding on, and then recording the voltage 

fluctuations in accordance with the aphid’s feeding behavior (Powell et al., 2006; 

Pettersson et al., 2007). Penetration phases are categorized into extracellular Phase I and 

III, and intracellular Phase II with three sub-phases. Whereas Phase II-1 entails the 
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injection of watery saliva, the functions of Phase II-2 remain unknown. Phase II-3 

includes ingestion of viruses. According to EPG analyses, aphids ingest xylem through 

more than 50 brief (5-10 s) probes on both host and non-host plants (Powell et al., 2006). 

1.3. Plant-insect interactions 

Plants produce allelochemicals (toxic chemicals produced for defense against herbivores 

or competing plants), among which volatile organic compounds (VOCs) play a 

significant role. VOCs are secondary metabolites emitted by plants in response to abiotic 

or biotic stress (Ninkovic et al., 2019). They serve essential functions in inter-plant 

signalling, kin recognition, competition or other physiological contexts (Xie et al., 2021). 

Moreover, VOCs can reflect the plants’ physiological health (Ninkovic et al., 2019) and 

may be exploited by insect herbivores.  

Insect feeding on plants may prompt plant defense mechanisms. Triggered by 

herbivory, plants produce various volatile or gaseous phytohormones, such as salicylic 

acid (SA), jasmonic acid (JA), ethylene and abscisic acid, which independently provide 

direct resistance to herbivory (Morkunas et al., 2011). Both JA and SA are particularly 

well-studied phytohormones involved in plant defenses. In response to aphid, JA- and 

SA-dependent pathways are activated, with cross-talk between signalling pathways 

(Morkunas et al., 2011; Züst & Agrawal, 2016). Moreover, when plant cells are 

punctured or penetrated by aphid stylets, these cells may initiate chemical reactions that 

produce harmful secondary metabolites (Züst & Agrawal, 2016) that deter insect 

herbivory (Hopkins et al., 2009). Plant cells of crucifers such as cabbage, cauliflower, 

mustard and horseradish contain glucosinolates and myrosinase (or β-thioglucosidase) 

(Halkier & Gershenzon, 2006; Hopkins et al., 2009). When these plants are damaged, the 

enzyme myrosinase hydrolyzes glucosinolates to various hydrolysis products (Halkier & 

Gershenzon, 2006) including 4-pentenyl, 3-butenyl and allyl isothiocyanate which are 

deterrent to aphids (Nottingham et al., 1991). Moreover, aphid-infested plants release 

(E)-β-farnesene (Du et al., 1998; Petrescu et al., 2001), an alarm pheromone released by 

aphids in distress. 
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Herbivore-induced plant volatiles (HIPVs) are specific VOCs that cause indirect 

plant defenses such as alerting neighbouring plants to potential herbivore attacks (War et 

al., 2011) and triggering the production of phytohormones (see above). Moreover, HIPVs 

may attract natural enemies of aphids in tritrophic interaction (TTI) systems (Züst & 

Agrawal, 2016).  

1.3.1. Tritrophic interaction (TTI) systems   

TTI systems involve a plant, an insect herbivore, and a natural enemy of the insect 

herbivore. Feeding by the insect herbivore mechanically damages the plant and triggers 

the release of HIPVs that attract predators and parasitoids of the herbivore (Heil, 2008). 

Plant-aphid-parasitoid interactions are well documented (De Moraes & Mescher, 1999; 

Powell & Pickett, 2003; de Vos & Jander, 2010; Heil, 2008; Le Ralec et al., 2010; Prado 

& Frank, 2013; Chesnais et al., 2016; Zhao et al., 2017; Mehrparvar et al., 2019; Ode, 

2019; Pekas et al., 2023). Parasitoids are of great interest in applied biology where they 

serve as biological control agents of aphids. To locate aphids, parasitoids exploit long-

range olfactory cues of aphid-infested plants (De Moraes & Mescher, 1999), exemplified 

by Aphidius ervi being attracted to pea aphid-infested broad bean plants (Du et al., 1996, 

1997, 1998). Various plant-derived chemicals mediate parasitoid attraction. For example, 

the glucosinolate hydrolysis product 3-butenyl isothiocyanate attracts the parasitoid 

Diaretiella rapae (Blande et al., 2007). Not only the presence of aphids but also the 

infestation level affect parasitoid attraction (Yang et al., 2009). Increasing infestation 

levels of Myzus persicae green peach aphids and Lipaphis erysimi turnip aphids on 

tobacco or oilseed rape plants prompted increasingly stronger attraction of the parasitoid 

Aphidius gifuensis (Yang et al., 2009).  

1.3.2. Plant-insect-microbe interaction 

Insect herbivores may transmit plant pathogens such as viruses or viroids to new plants 

which, as a result, then become more attractive to insect herbivores. The odor profile of 

pathogen-infected and pathogen-free plants differs (Eigenbrode et al., 2002), with the 

former being (more) attractive to insect herbivores. For examples, green peach aphids are 
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strongly attracted to potato plants infected with potato leaf roll virus (Eigenbrode et al., 

2002; Ngumbi et al., 2007; Werner et al., 2009), and Rhopalosiphum padi bird cherry-oat 

aphids are attracted to wheat plants infested with barley yellow dwarf virus (Jiménez-

Martínez et al., 2004). Microbes likely gain a fitness advantage by attracting insect 

herbivores that then transmit them to new host plants. 

1.4. Hop Latent Viroid  

1.4.1. Viruses and Viroids 

Viruses and viroids are distinctive disease-causing pathogens. Viruses infect both animals 

and plants (Lefeuvre et al., 2019), whereas viroids infect only plants (Hadidi et al., 2003). 

Both viruses and viroids require a host for replication and may cause plant diseases 

(Agrios 2009; Navarro et al., 2012, 2021). Unlike viruses that utilize the hosts’ 

‘machinery’ to replicate (Ryu, 2017), viroids replicate ‘autonomously’ (Ding, 2009; 

Flores et al., 2011). They replicate in the cell nucleus or chloroplast and then move from 

cell to cell through plasmodesmata (co-axial membranous channels that cross walls of 

adjacent plant cells) and long-distance through the phloem, thereby establishing systemic 

infection (Ding, 2009). Viruses contain more genomes with DNA and RNA sequences 

and are generally larger in size than viroids which contain only RNA (~250 to 400 

nucleotides) (Ding, 2009; Flores et al., 2011). Most notably, unlike viruses, viroids have 

no protein coating (Flores et al., 2011).   

Viroids are small, single-stranded, circular RNAs (Hadidi et al., 2003; Agrios, 2009; 

Ding, 2009; Flores et al., 2011; Venkataraman et al., 2021) that can infect plants and 

cause specific diseases, even though they do not code for proteins (Agrios, 2009; Flores 

et al., 2011). Viroids utilize the pre-existing host-cell RNA polymerase for replication 

(Hadidi et al., 2003; Ding, 2009). They are the smallest known pathogens of 

plants (Diener et al., 2008) and are divided into two families: Pospiviroidae and 

Avsunviroidae (Hadidi et al., 2003; Ding, 2009). Within these two families, there are 

eight genera and 44 species, 39 of which in the Pospiviroidae (Adkar-Purushothama et 
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al., 2023). The potato spindle tuber viroid (PSTVd) was the first viroid described (in 

1920) and reported from potatoes in 1971 (Diener, 1971).   

The hop latent viroid (HLVd) was discovered in hops, Humulus lupulus 

(Cannabaceae) (Hadidi et al., 2003) but has since emerged in cannabis plants (Nachappa 

et al., 2020; Punja, 2021). The HLVd is a non-capsulated strand of RNA (256 

nucleotides) and an obligate parasite that requires the presence of a compatible host plant 

for survival (Hataya et al., 1992; Owens, 2008; Narayanasamy, 2011; Warren et al., 

2019; Atallah et al., 2024). The HLVd is a Cocadviroid congener in the family 

Pospiviroidae, with all viroids in this family replicating in the nucleus of host plant cells 

(Adkar-Purushothama & Perreault, 2020; Adkar-Purushothama et al., 2023). In hops, 

HLVd is asymptomatic (Adkar-Purushothama & Perreault, 2020; Adkar-Purushothama et 

al., 2023) but HLVd-infections in cannabis vary from asymptomatic to symptomatic. 

Symptomatic plants exhibit the “dudding” or “dud” disease (Adkar-Purushothama et al., 

2023). Disease symptoms during the vegetative stage include stunted and outward 

growth, abnormal branching, small leaves, overlapping blades, brittle stems, and yellow 

leaves. Disease symptoms during the flowering stage include trichome reduction, dull 

smell, no or reduced terpenes, and lower levels of medicinal cannabinoids (Miotti et al., 

2023). 

HLVd is mechanically distributed via horizontal transmission (Miotti et al., 2023), 

but it remains uncertain whether transmission is mediated or not by insect vectors. In 

hops, Damson hop aphids, Phorodon humuli, fail to transmit HLVd (Adams et al., 1996) 

but three aphid species reportedly transmit viroids (Hadidi et al., 2022). Green peach 

aphids transmit peach latent mosaic viroid (PLMVd) (Desvignes 1986), and the tomato 

planta macho viroid (TPMVd) (Galindo, 1987). Moreover, potato aphids, Macrosiphum 

euphorbiae, transmit the potato PSTVd (De Bokx & Piron, 1981).  

1.5. Research overview 

There is great interest in protecting C. sativa against rice root aphids (RRAs) as they can 

be stubborn pests and may play a key role in pathogen transmission. Presently, there is no 
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effective control for RRAs. The results of my thesis provide a new option for RRA 

control in commercial cannabis production greenhouses.   

In Research Chapter 1, I studied host plant selection by rice root aphids (RRAs). In 

two-choice and no-choice laboratory experiments with potted monocotyledonous plants 

(‘monocots’) and dicotyledonous plants (‘dicots’), I tested whether RRAs (1) select 

monocots or dicots as host plants, (2) multiply faster on monocots or dicots, and (3) seek 

preferred host plants based solely on olfactory cues. When I offered RRAs a choice 

between two monocots (rye vs barley), they showed no preference but when I offered a 

choice between rye and a dicot (cannabis, celery, coriander, lettuce, pepper, squash, 

tomato, or marigold), they invariably selected, and multiplied faster on rye. Similarly, in 

a no-choice experiment, where RRAs were confined in a mesh bag fitted with a single 

host plant, they multiplied equally well on monocots (rye and barley), but significantly 

less on any of the eight dicots tested. In moving-air two-choice Y-tube olfactometer 

bioassays, which presented exclusively olfactory cues of monocots and dicots, I show 

that RRAs failed to select preferred host plants based solely on plant odor. I conclude that 

rye could be used as a trap crop to divert RRAs from valuable cannabis and vegetable 

crops. 

In Research Chapter 2, I studied potential acquisition and inter-plant transmission of 

the hop latent viroid (HLVd) by viroid infected [HLVd(+)] rice root aphids (RRAs) and 

cannabis aphids (CAs). In separate Pyrex glass chambers, I allowed RRAs and CAs to 

feed 24 h on viroid-free [HLVd(–)] or on viroid-infested [HLVd(+)] cannabis plants, and 

then collected these aphids and sent them sent for HLVd testing to determine viroid 

acquisition. The biochemical tests revealed that RRAs, and to a greater extend CAs, 

acquired HLVd when they were feeding on HLVd(+) cannabis plants. To test for HLVd 

transmission by aphids, I allowed CAs to feed 24 h on HLVd(+) cannabis plants and then 

transferred these aphids to HLVd(–) cannabis plants to feed for another 24 h. After 4 and 

8 weeks had elapsed, I sent subsamples of these fed-on plants for HLVd testing. The tests 

showed that HLVd(+) CAs did not transmit the viroid to HLVd(–) cannabis plants when 

feeding on them. However, it remains uncertain whether CAs indeed do not transmit 
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HLVd between plants, or whether HLVd remained below detection thresholds in those 

plants fed on by HLVd(+) aphids.   

In Research Chapter 3, I studied the parasitoid Aphelinus varipes as a potential 

control agent for rice root aphids (RRAs) and cannabis aphids (CAs). In each replicated 

bioassay, I confined 1, 2, 5, and 10 RRAs, or 10 CAs, on their respective host plants, and 

subjected the aphids to a single female parasitoid for parasitism. Exposure of 10 RRAs 

and 10 CAs resulted in parasitism rates of 7.3% and 0.7%, respectively. These parasitism 

rates were deemed too low to consider A. varipes as a potential control agent for RRAs 

and CAs in commercial cannabis production greenhouses.   
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Chapter 2.  
 
Rice root aphids, Rhopalosiphum rufiabdominale, 
preferentially seek, and multiply faster on 
monocotyledonous plants 

A similar manuscript version of this chapter is currently under review in Entomologia 

Experimentalis et Applicata, authored by Mikhaela Ong, Calla Pickett, Anita Feng, 

Audrey Lau, Liam Buirs, and Gerhard Gries 

 

Abstract 

Rice root aphids (RRAs), Rhopalosiphum rufiabdominale, reportedly feed on a wide 

range of monocotyledonous plants (‘monocots’) and dicotyledonous plants (‘dicots’). 

However, possible preference for either monocots or dicots, as well as the mechanisms 

underlying host plant selection, have not yet been investigated. In two-choice and no-

choice laboratory experiments, we tested whether RRAs (1) select monocots or dicots as 

host plants, (2) multiply faster on monocots or dicots, and (3) seek preferred host plants 

based solely on olfactory cues. When RRAs were offered a choice between two potted 

monocots (rye vs barley), they showed no preference, but when they were offered a 

choice between rye and a dicot (cannabis, celery, coriander, lettuce, pepper, squash, 

tomato, or marigold), they invariably selected, and multiplied faster on rye. Similarly, in 

a no-choice experiment, where RRAs were confined in a mesh bag fitted with a single 

host plant, they multiplied equally well on monocots (rye and barley), but significantly 

less on any of the eight dicots. In moving-air two-choice Y-tube olfactometer bioassays, 

which presented olfactory but not visual cues of monocots and dicots, the first- and final 

choices of RRAs were mostly indifferent, indicating that RRAs locate their preferred 

monocots based not solely on plant odor. As RRAs are emerging pests in commercial 

cannabis and vegetable production, it is conceivable to use rye as a trap crop to divert 

RRAs from valuable cannabis and vegetable crops. This concept, however, still requires 

testing in commercial crop production settings. 
 



34 

Keywords: Rice root aphid, host plant selection, monocotyledonous plants, 

dicotyledonous plants, trap crop, cannabis 

  



35 

2.1. Introduction 

Aphids exploit diverse plant cues during host plant foraging and selection (Powell et al., 

2006; Pettersson et al., 2007; Döring & Chittka, 2007; Webster, 2012). The specific 

olfactory, visual, gustatory, and tactile plant cues that guide foraging aphids differ in 

relation to aphid species, its generalist or specialist feeding strategy, habitat preference, 

and life history traits (Prokopy & Owens, 1983; Nottingham et al., 1991; Pickett et al., 

1992; Hardie et al., 1995; Visser et al., 1996; Dixon, 1998; Caillaud & Via, 2000; Tosh et 

al., 2003; Powell et al., 2006; Pettersson et al., 2007; Bruce & Pickett, 2011). 

Rice root aphids (RRAs), Rhopalosiphum rufiabdominale (Sasaki), originate from 

east Asia but are now globally distributed, feeding on a wide range of host plants in the 

Rosaceae, Poaceae, and Solanaceae (Doncaster, 1956; Yano et al., 1983; Blackman & 

Eastop, 2000; Pickett et al., 2013; Rakauskas & Havelka, 2015; Holman, 2016; Cranshaw 

et al., 2019; Favret & Aphid Taxon community, 2025). They also infest field crops, 

greenhouse vegetables, cannabis, and various ornamental plants (Etzel & Petitt, 1992; 

Kindler et al., 2004; Zilahi-Balogh et al., 2005; Dara, 2015; Holman, 2016; “Aphid - 

Root aphid,” 2018; Cranshaw et al., 2019; Cranshaw & Wainwright-Evans, 2020; 

Tejeda-Reyes et al., 2021). RRAs injure plants by feeding on plant sap mostly in the roots 

and stem, and by transmitting important viruses that cause plant diseases (Halbert et al., 

1992; Hadi et al., 2011; AphID, 2014; Hesler & Kindler, 2018). 

RRAs inflict economic losses in Japanese rice crops (Yano et al., 1983) and have 

recently emerged as significant pests in commercial cannabis, Cannabis sativa L., 

production (Lagos‐Kutz et al., 2018; Cranshaw & Wainwright-Evans, 2020). RRAs and 

cannabis aphids, Phorodon cannabis Passerini, affect plant vigour, growth (e.g., 

photosynthetic rate, height), health and yield (Cranshaw et al., 2018; Cranshaw & 

Wainwright-Evans, 2020), and ultimately the income of cannabis growers 

(https://www.greenhousecanada.com/research-update/#). RRAs typically feed on the 

below-ground parts of cannabis plants (Cranshaw & Wainwright-Evans, 2020; Gill & 

Kunkel, 2021), and thus are hard to detect and control. There is growing concern, but no 
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experimental evidence, that RRAs transmit the hop latent viroid (HLVd), which affects – 

on average – 25.6% of cannabis plants in Canada (Punja et al., 2024). 

Primary host plants of RRAs are Prunus species (Doncaster, 1956), whereas 

secondary (alternate) hosts are numerous monocotyledonous plants (‘monocots’) in the 

Cyperaceae (sedges) and Poaceae (grasses) as well as diverse dicotyledonous plants 

(‘dicots’), especially potato and tomato (Patch, 1938; Tsai & Liu, 1998; Blackman & 

Eastop, 2000). Monocots and dicots differ in their nutrient profiles, structural 

characteristics, and chemical defences, thereby affecting the aphids’ choice of host plant 

(Powell et al., 2006; Holman, 2016). Among 15 cultivated cereal and grass hosts, RRAs 

reproduced and survived best on ‘Elbon’ cereal rye, Secale cereale L., and Altai wildrye, 

Leymus angustus Trin. (Kindler et al., 2004). However, whether RRAs generally prefer 

monocots to dicots as host plants, or favour specific monocots or dicots, has not yet been 

investigated.  

During host plant selection, aphids are guided by both visual and olfactory plant 

cues, particularly plant odorants (Pickett et al., 1992; Hori, 1999; Döring & Chittka, 

2007; Bruce & Pickett, 2011; Döring, 2014). Aphids exploit differential odor profiles of 

monocots and dicots to distinguish between suitable and unsuitable host plants (Bruce et 

al., 2005; Bruce & Pickett, 2011). Plant odor profiles alone may reveal the plants’ quality 

and inform host plant selection by aphids (Bruce & Pickett, 2011). 

Knowledge about the host plants preferentially sought by RRAs could lead to the 

operational implementation of trap crops which protect valuable crops such as cannabis. 

Trap crops as a tactic of Integrated Pest Management (IPM) programs serve to attract and 

divert insect pests away from crops (Hokkanen, 1991; Shelton & Badenes-Perez, 2006). 

Trap crops may be deployed in crop system where the application of chemical pesticides 

is limited or prohibited (Shelton & Badenes-Perez, 2006), such as in organic crop 

productions. Trap crops as an IPM tactic have been successfully implemented to manage 

coleopteran, lepidopteran, and hemipteran insect pests in field and greenhouse 

environments (Shelton & Badenes-Perez, 2006; Sarkar et al., 2018). The development of 

effective trap crops must be informed by robust information about host plant preferences 

and host plant selection behaviour of the target pest insects (Hokkanen, 1991; 
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Schoonhoven et al., 2010). Moreover, trap crops may serve as a source-sink for plant 

pathogens (Sarkar et al., 2018) such as bacteria and viruses that are transmitted primarily 

by aphids and leafhoppers (Nault, 1989; Butter, 2018).  

Using two monocots and eight dicots in two-choice and no-choice laboratory 

experiments, we tested whether RRAs (1) prefer monocots or dicots as host plants, (2) 

multiply faster on monocots or dicots, and (3) seek preferred host plants based solely on 

olfactory cues.  

2.2. Materials and Methods 

2.2.1. Experimental insects 

RRAs were obtained from BioBest (Leamington, ON, Canada) and reared on potted rye 

plants in BugDorms (60 × 60 × 60 cm; 2120F Insect Rearing Tent; MegaView Science 

Co., Taiwan) in a greenhouse on the Burnaby campus of Simon Fraser University (B.C., 

Canada). The greenhouse was fitted with metal halide lamps (Phillips, ON, Canada) and 

maintained at 24 ± 8 °C, a 47% mean relative humidity, and a 14L:10D photoperiod. 

Prior to bioassays, winged aphids were collected using a fine paint brush and placed into 

glass Petri dishes (100 × 15 mm; Kimax®, VWR International, ON, Canada). 

2.2.2. Maintenance of experimental plants 

Two monocots (rye, Secale cereale L.; barley, Hordeum vulgare L.) and eight dicots 

(cannabis; celery, Apium graveolens L.; coriander, Coriandrum sativum L.; lettuce, 

Lactuca sativa L.; pepper, Capsicum annuum L.; squash, Cucurbita pepo L.; tomato, 

Solanum lycopersicum L.; marigold, Tagetes patula L.) were grown in a greenhouse. 

Both rye and barley are secondary host plants in the host-alternating (heteroecious) life 

cycle of RRAs (Kindler et al., 2004) and of the eight dicots all but marigold are known to 

be infested by RRAs (Etzel & Petitt, 1992; Zilahi-Balogh et al., 2005; Dara, 2015; 

Cranshaw & Wainwright-Evans, 2020; Tejeda-Reyes et al., 2021). 

Except for cannabis plants, all plants were grown from seeds (rye, barley: Terralink, 

Abbotsford, BC, Canada; all other seeds: West Coast Seeds©, Delta, BC, Canada) in a 
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greenhouse (see Section 2.2.1). Seeds were sown in Mix #1 soil (Terralink) in standard 

plastic pots (12.7 × 9 cm; Pacific Northwest Garden Supply Ltd, Surrey, BC, Canada) 

which were placed on propagation trays fitted with a dome to promote seed germination. 

Requiring a comparatively low germination temperature, seeds of celery and coriander 

were sown in Mix #1 soil in plastic inserts (12.2 × 8 × 5.7 cm; Hydrofarm, Surrey, BC, 

Canada) placed inside propagation trays with dome kept outdoors in a shaded area. 

Celery and coriander seedlings with true leaves were then transplanted to the standard 

plastic pots with Mix #1 soil. All plants were monitored and watered as needed. 

Cannabis plants were obtained from a licensed producer (Lower Mainland, BC, 

Canada). Cuttings (~ 6 cm tall) were inserted into rockwool plugs (2.45 × 2.45 × 2.45 cm) 

modified from Cultilene blocks (15.24 × 15.24 × 15.24 cm; Terralink). Rooting hormone 

powder (Stim-Root #3; Terralink) was applied to the cut surface, and fertilizer (20-20-20, 

Plant-Prod; Terralink) was added to rockwool plugs to promote root growth. Cuttings 

with new roots were transplanted into standard pots with Mix #1 soil, and maintained at 

20 ± 5 °C, a 55% mean relative humidity, and at a photoperiod of 18 L:6 D. Plants were 

monitored and watered as needed. Cannabis leaves developing symptoms of powdery 

mildew infection were removed using sanitized scissors.  

2.2.3. Do RRAs prefer monocots or dicots as host plants? 

Host plant preferences of RRAs were determined in two-choice experiments in a 

greenhouse (see Section 2.2.1). In each replicate of experiments 1–9 (n = 10 each), 10 

winged aphids were released from a glass Petri dish placed equidistant to two potted 

plants randomly assigned to the back corners of the BugDorm (Fig. 2.1a). RRAs were 

offered a choice between (i) two potted monocots (rye vs barley; Exp. 1) or (ii) one 

potted monocot (rye) and one potted dicot (cannabis, celery, coriander, lettuce, marigold, 

pepper, squash, or tomato; Exps. 2–9). During each replicate, both plants were monitored 

and watered as needed. By day 10, replicates were terminated and all aphids on each of 

the two plants above- and below-ground were counted.  
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2.2.4. Do RRAs multiply faster on monocots or dicots? 

The ability of RRAs to multiply on monocots [rye, barley (n = 10 each)] or on dicots 

[cannabis, celery, coriander, lettuce, marigold, pepper, squash, tomato (n = 10 each)] was 

tested by enclosing a single plant in a mesh bag (Fig. 2.1b; Exp. 10), and by gently 

brushing 10 winged RRAs into the bag in each experimental replicate. Ten days later, all 

aphids on the plant above- and below-ground were counted. All replicates were run in a 

greenhouse (see Section 2.2.1). 

2.2.5. Do RRAs seek preferred host plants based solely on olfactory cues? 

Drawing on results that RRAs prefer monocots to dicots as host plants (Figs. 2.2, 2.3), 

follow-up Y-tube olfactometer (Fig. 2.1c) experiments 11–20 tested whether selection of 

monocots by aphids is based on monocot odor. For each replicate, the Y-tube 

olfactometer was vertically secured to a burette stand and connected to two glass domes 

(each housing a test plant) by angled glass joints, which were secured with keck and 

metal clamps. Mesh screens in glass joints prevented bioassayed aphids from contacting 

the plants. Visual plant characteristics were excluded through white cardboards placed 

between the Y-tube and the glass domes. To standardize external visual stimuli that might 

affect the aphids’ behavioural responses, the olfactometer was placed under a metal 

scaffold (135 × 58 × 90 cm) covered with black fabric and illuminated from above by 

fluorescent plant lights (F32T8/TL 965; Philips, and F32T8/PL; Standard™, Germany) 

affixed to the scaffold. 

Pre-screening single-aphid bioassays revealed that many aphids were not 

responding. As Y-tube olfactometers needed to be washed and oven-died after each 

bioassay (see below), we spent much more time on bioassay preparation than on data 

collection. It was for this reason that we decided to test a group of aphids, rather than a 

single aphid, in each bioassay replicate. Group bioassays have previously been reported 

in studies with aphids (Jaba et al. 2010) and other insects (Geier & Boeckh 2003; Uniyal 

et al. 2016; Roberts et al. 2023). In our study, we scored the response of the first aphid in 

each group making a decision (see below) because other aphids in that group may simply 
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follow the first-responding aphid.  As bioassay insects sometimes reverse their first-

choice decision, we also scored the final decision of all aphids in each group (see below).   

To initiate a bioassay replicate, 10 winged aphids in a glass Petri dish were allowed 

to acclimate ≥ 2 h in the bioassay room. After subjecting the aphids to 4 °C for 1 min, 

they were gently brushed into a 1.5-mL microcentrifuge tube (Axygen®; Fisher Scientific 

Company, Ottawa, ON, Canada) which was inserted into the stem of the Y-tube. To 

generate airflow, the stem was connected via rubber stopper and Nalgene™ tubing to a 

pump (A.O. Smith, Tipp City, OH, USA) drawing air at 0.3 L/min through the Y-tube. In 

response to plant odor being drawn through the Y-tube, the aphids walked upwind. The 

response of the first aphid reaching and staying at least 30 s in the distal section of a Y-

tube side arm (≤ 13 cm from the opening) was recorded as first choice (Exps. 11–20). 

When the bioassay was terminated at 10 min, all aphids present in the distal section of 

both side arms were counted as final choice. However, if none of the 10 aphids in a 

bioassay reached the distal section of a side arm within 5 min, a ‘non-response replicate’ 

was noted and excluded from statistical analyses. Following each replicate, all glassware 

was cleaned with hot water and soap (Sparkleen; Thermo Fisher Scientific, MA, USA), 

rinsed with distilled water, and then dried ≥ 1 h at 100 °C. For each of experiments 11–

20, the data of 25 ‘response replicates’ were collected and analyzed. 

2.2.6. Statistical analyses of data 

All data were analyzed using R (4.4.1) and R studio (2024.09.0). Graphs were plotted 

using R studio and finalized in Inkscape (v1.4). 

Data of experiments 1–9 (two-choice host plant selection by aphids) were analyzed 

using a zero-inflated generalized linear mixed model (GLMM) with Poisson distribution. 

The model compared untransformed numbers of aphids present on paired plants, with 

plant type on aphid numbers as the treatment effect and replicate as the random effect. 

For graphical illustration, data were log-transformed (adding +1 to each value to account 

for any zero values).  
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Untransformed data of experiment 10 (multiplication rates of aphids on single 

monocots or dicots) were analyzed with a GLMM fitted with a zero-inflated negative 

binomial distribution to account for overdispersion. As more rye plants than any dicot 

plants were tested in experiment 10, rye plant replicates were randomly selected for 

analyses. Mean aphid counts on plant types were compared using a Sidak post-hoc test. 

For graphical illustration, data were log-transformed (adding +1 to each value to account 

for any zero values).  

‘First-choice’ responses of aphids in Y-tube olfactometer experiments 11–20 were 

analyzed with Pearson χ2 tests (which determined whether percent responses differed 

from hypothetical 50%), whereas ‘final-choice’ responses of aphids were analyzed using 

binomial generalized linear models (GLMs) with a logit link function, comparing the 

intercept model to a null model.  Untransformed data were analyzed and presented. 

2.3. Results 

2.3.1. Do RRAs prefer monocots or dicots as host plants? 

When aphids were offered a choice between the two monocots rye and barley, they 

equally often selected and multiplied on both monocots (z = 1.54, P = 0.123; Fig. 2.2, 

Exp. 1). However, when aphids were offered a choice between a dicot and rye, they 

invariably preferred and more strongly multiplied on rye (Fig. 2.2; cannabis vs rye, z = 

8.02, P < 0.001; celery vs rye, z = 4.07, P < 0.001; coriander vs rye, z = 2.04, P < 0.05; 

lettuce vs rye, z = 13.9, P < 0.001; marigold vs rye, z = 7.70, P < 0.001; pepper vs rye, z = 

7.71, P < 0.001; squash vs rye, z = 8.63, P < 0.001; tomato vs rye, z = 6.70, P < 0.001). 

Preferential selection of rye was weakest (while statistically still significant) when rye 

was paired with coriander. All data combined indicate that RRAs prefer monocots to 

dicots as host plants.   

2.3.2. Do RRAs multiply faster on monocots or dicots? 

Compared to multiplication rates of aphids on rye plants (Fig. 2.3), aphids multiplied 

equally well on barley (z = -2.83, P = 0.02), but significantly less on any of the dicots 
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tested (cannabis, z = -5.39, P < 0.001; celery, z = -5.34, P < 0.001; coriander, z = -4.97, P 

< 0.001; lettuce, z = -5.74, P < 0.001; marigold, z = -5.30, P < 0.001; pepper, z = -4.59, P 

< 0.001; squash, z = -4.57, P < 0.001; tomato, z = -6.08, P < 0.001), indicating that dicots 

are inferior host plants for multiplication of RRAs. 

2.3.3. Do RRAs seek preferred host plants based solely on olfactory cues?  

When aphids in Y-tube olfactometer bioassays (Fig. 2.1c) were offered a choice between 

rye odor and barley odor, they equally often responded first to rye and barley odor (χ2 = 

1, df = 1, P > 0.05; Fig. 2.4, Exp. 11). Similarly, aphids equally often responded first to 

rye odor and to one of six dicot odors (Fig. 2.4; rye vs cannabis: χ2 = 0.04, df = 1, P > 

0.05; rye vs celery: χ2 = 0.36, df = 1, P > 0.05; rye vs coriander: χ2 = 1.96, df = 1, P > 

0.05; rye vs marigold: χ2 = 1.96, df = 1, P > 0.05; rye vs squash: χ2 = 3.24, df = 1, P > 

0.05; rye vs tomato: χ2 = 0.04, df = 1, P > 0.05). Aphids also equally often responded first 

to rye odor and soil odor (χ2 = 0.04, df = 1, P > 0.05). However, aphids more often 

responded first to lettuce odor than to rye odor (rye vs lettuce: χ2 = 9, df = 1, P < 0.05; 

Fig. 2.4, Exp. 15) and to rye odor than to pepper odor (χ2 = 4.84, df = 1, P < 0.05; Fig. 

2.4, Exp. 17). All data combined indicate that the preferential selection of monocots by 

RRAs is based not solely on the odor of monocots.  

Final-choice plant selection by aphids in Y-tube olfactometers revealed no effect of 

plant odor on the aphids’ responses except that more aphids oriented to squash odor than 

to rye odor (χ2 = 6.36, df = 1, P < 0.05; Fig. 2.5, Exp. 18).  All other experiments testing 

rye odor versus a dicot odor revealed no effect of plant odor on aphid attraction (Fig. 2.5; 

rye vs barley: χ2 = 0.15, df = 1, P > 0.05; rye vs cannabis: χ2 = 0.13, df = 1, P > 0.05; rye 

vs celery: χ2 = 0.07, df = 1, P > 0.05; rye vs coriander: χ2 = 1.15, df = 1, P > 0.05; rye vs 

lettuce: χ2 = 0.14, df = 1, P > 0.05; rye vs marigold (χ2 = 0.12, df = 1, P > 0.05); rye vs 

pepper: χ2 = 2.09, df = 1, P > 0.05; rye vs tomato: χ2 = 1.38, df = 1, P > 0.05). There was 

no preferential attraction of aphids to rye odor when tested against plain soil odor (χ2 = 

0.00, df = 1, P > 0.05; Fig. 2.5, Exp. 20). All data combined support emerging evidence 

that preferential selection of monocots by RRAs is based not solely on monocot odors. 
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2.4. Discussion 

Our data indicate that rice root aphids (RRAs) preferentially colonize monocots, multiply 

faster on monocots than on dicots, and do not recognize monocots based solely on their 

odor. Below we shall elaborate on these findings. 

When aphids were offered a choice between the two monocots rye and barley, they 

equally often selected and readily colonized each of the two plants (Fig. 2.2, Exp. 1), 

supporting previous findings that monocot grasses are suitable hosts for RRAs (Kindler et 

al., 2004). Expectedly then, when RRAs were offered a choice between rye and a dicot, 

they invariably colonized rye (Fig. 2.2, Exps. 2–9), aligning with previous conclusions 

that rye and barley are secondary host plants of RRAs (Blackman & Eastop, 2000). 

Although it is conceivable that RRAs selected rye because they had previously been 

feeding on rye, prior feeding experience, or prior exposure to specific plant cues, may or 

may not be determinants of host plant choice. Prior feeding experience did not affect 

plant choice by green peach aphids, Myzus persicae (Sulzer), and by blackberry cereal 

aphids, Sitobion fragariae (Walker, 1848) (Ramírez & Niemeyer, 2000; Nikolakakis et 

al., 2003), but prior exposure to plant odor cues during development did affect plant 

choice by black bean aphids, Aphis fabae Scopoli, 1763 (Webster et al., 2013). It could 

be argued, though, that exposure of black bean aphids merely to plant odor is insufficient 

for a complete plant experience. Plant selection by aphids may further be modulated by 

their physiological state such as starvation (Ramírez & Niemeyer, 2000; Nikolakakis et 

al., 2003). In our study, we attempted to rear RRAs not only on rye but also on coriander 

to determine whether coriander-experienced RRAs differ in their plant choice. However, 

RRAs struggled to establish and reproduce on coriander, which is consistent with our 

choice test data (Fig. 2.2, Exp. 4). Even though RRAs seem to be ‘hardwired’ to feed on 

monocots rather than on dicots, the effect of prior feeding experience by RRAs on their 

host plant selection should be further investigated in future studies.   

As commercial crops are typically grown as a monoculture, RRAs would not be able 

to choose between plants and would need to cope with the single plant species available 

to them. It was for this reason that we offered RRAs, in no-choice bioassays, a single 
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plant to assess their ability to colonize and reproduce on that plant. RRAs multiplied well 

on rye and on barley, but significantly less well on each of the eight dicots tested (Fig. 

2.3), indicating that these dicots, or dicots in general, are inferior host plants for RRAs. 

As all of these dicots have significant value as medicinal crops (cannabis), vegetable 

crops (celery, lettuce, pepper, squash, tomato) or horticultural bedding plants (marigold), 

protecting these crops from pest insects such as RRAs is important. The plant 

characteristics that make monocots and dicots superior and inferior host plants, 

respectively, for RRAs are yet to be investigated. It is conceivable that anholocyclic 

RRAs have adapted to the defense mechanisms of monocots in evolutionary times and 

that their apparently recent and coincidental exposure to dicot crops such as cannabis did 

not yet induce equivalent adaptions to this new group of plants. 

Insecticidal control of pest insects in crops grown for human medicine or human 

consumption is often restricted, and alternative control tactics are needed. Trap crops 

offer alternative pest control options in both field and greenhouse cash crops (Hokkanen, 

1991; Shelton & Badenes-Perez, 2006; Sarkar et al., 2018). Rye is a strong trap crop 

candidate for controlling RRAs in cannabis and vegetable production because RRAs 

favored rye over any of the dicots tested in our study (Figs. 2.2, 2.3). Rye could 

potentially be used to monitor for the presence of RRAs and to divert them from valuable 

cash crops. Moreover, if RRAs were to transmit plant pathogens such as the hop latent 

viroid, rye as a trap crop could conceivably reduce the incidence of pathogen 

transmission by RRAs to valuable cash crops. The concept of using trap crops for control 

of pest insects has been successfully tested. For example, sunflower and sorghum have 

been planted as trap crops to divert brown marmorated stink bugs, Halyomorpha halys 

(Stål), from a pepper cash crop (Blaauw et al., 2017). Similarly, wheat has been 

intercropped with cucumber plants to protect them from cotton aphids, Aphis gossypi 

Glover (Jacobson & Croft, 1998), and maize has been intercropped with chilli plants to 

lower the abundance of cotton aphids and to curtail their transmission of chilli veinal 

mottle virus to chilli plants (Hussein & Samad, 1993). Rye plants as a trap crop for RRAs 

have the added advantage of being hardy and growing in a wide range of conditions 

(Bushuk, 2001). 
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Host plant selection by aphids is often guided by a multitude of plant cues, including 

visual, olfactory, tactile, and gustatory cues (Pickett et al., 1992; Powell et al., 2006; 

Döring & Chittka, 2007; Pettersson et al., 2007). The relative importance of each cue in 

guiding host-location behavior differs between aphid species. For example, plant odor 

alone strongly attracted green peach aphids in olfactometer experiments (Ahmed et al., 

2019; Dardouri et al., 2019), but failed to attract RRAs (Figs. 2.4, 2.5). Neither their first 

choice nor their final choice indicated recognition of rye as a preferred host based solely 

on rye odor (Figs. 2.4, 2.5). It is plausible, however, that the mixing of mono- and dicot 

odors in the stem of olfactometers interfered with informed behavioral responses by 

RRAs. As non-host plant odor can mask host plant odor for host-seeking aphids 

(Nottingham et al., 1991; Bruce et al., 2005; Webster et al., 2010; Ben-Issa et al., 2017; 

Dardouri et al., 2021), we also tested potted rye vs potting soil, but in this choice 

bioassay, there was also no evidence that RRAs recognize rye as a preferred host based 

on its odor alone (Figs. 3, 4). These findings do not align with those reported in other 

studies which demonstrated that plant odorants mediate host plant selection of 

Rhopalosiphum spp. For instance, bird cherry-oat aphids, Rhopalosiphum padi (L.) 

(Hemiptera: Aphididae), are strongly attracted to a blend of (Z)-3-hexenyl acetate and 

(E)-2-hexenyl acetate, and are repelled by α-farnesene (Quiroz & Niemeyer 1998; 

Schröder et al. 2015). Whereas RRAs do not seem able to locate host plants based solely 

on plant odor, they may respond to a combination of olfactory and visual plant cues. 

Synergistic effects of plant cues on host plant location by aphids has hardly been studied, 

but has been demonstrated in other insects such as melon ladybugs, Chnootriba elaterii 

(Rossi) (Coleoptera: Coccinellidae) (Saitta et al. 2023) and western tarnished plant bugs, 

Lygus hesperus Knight (Heteroptera: Miridae) (Blackmer & Cañas 2005). If future 

behavioural studies were to demonstrate that RRAs rely on both visual and olfactory 

plant cues to locate host plants, then the headspace volatiles of host plants should be 

collected and analyzed by gas chromatographic-electroantennographic detection (GC-

EAD) and GC-mass spectrometry to identify the plant volatiles that contribute to the host 

location and selection process of RRAs.  

 



46 

Lastly, we bioassayed winged rather than wingless RRAs because they are the most 

likely form to engage in dispersal and be challenged with host plant selection. However, 

it is possible that behavioral responses differ between winged and wingless conspecifics, 

as implied by contrasting electrophysiological responses to plant volatiles by winged and 

wingless forms in three species of aphids (Li et al. 2025). Moreover, two types of winged 

morphs in the English grain aphid, Sitobion avenae Fabricius (Hemiptera: Aphididae), 

differed in their behavioral responses to plant volatiles (Lilley & Hardie, 1996). Based on 

the reports by both Li et al. (2025) and Lilley & Hardie (1996), it seems advisable to 

bioassay all forms and morphs of RRAs for their responses to plant odorants, and other 

plant cues, in future bioassays. 

In conclusion, our data show that RRAs prefer the monocot rye as a host plant to any 

of the eight dicots tested, and that they reproduce faster on rye than on any of the dicots. 

Rye odor cues alone seem insufficient to inform host plant location and selection by 

RRAs. Rye shows promise as a potential trap crop to divert RRAs from greenhouse-

grown cannabis and vegetables crops. However, further testing of this concept in research 

greenhouse settings is required before this tactic can be operationally implemented as part 

of an IPM strategy for control of RRAs. 
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2.6. Figures 

 
Figure 2.1. Graphical illustrations of the experimental designs used for testing (a) plant 
selection by rice root aphids (RRAs) when offered a choice between a mono- and a 
dicotyledonous plant in a BugDorm cage, (b) multiplication of RRAs on a single mono- 
or dicotyledonous plant enclosed in a mesh bag, and (c) attraction of RRAs in a Y-tube 
olfactometer to the odor of a mono- and a dicotyledonous plant. In (a, b), 10 winged 
RRAs were released from a petri dish into the BugDorm or the mesh bag, and RRAs 
present on plants after 10 days were counted. In (c), 10 winged RRAs were released into 
the stem of the Y-tube olfactometer and allowed to walk upwind toward plant odors; two 
criteria were recorded: (i) the response of the first aphid reaching and staying at least 30 s 
within 13 cm from the opening of a Y-tube side arm, and (ii) the number of aphids 
present within 13 cm from the opening of either Y-tube side arm at the end of the 10-min 
bioassay. 
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Figure 2.2. Log10-transformed numbers (no.) of rice root aphids (RRAs) present on 
plants when they were offered a choice of two monocotyledonous plants (Exp. 1) or a 
mono- and a dicotyledonous plant (Exps. 2–9). For each replicate (n = 10) in Exps. 1–9, 
10 winged RRAs were released into a BugDorm (Fig. 2.1a), and the RRAs present on 
each plant after 10 days were counted. In subpanels, colored and grey symbols represent 
the log number of RRAs present on mono- and dicotyledonous plants, respectively, in 
individual replicates, whereas black symbols show the mean ± confidence interval. 
Significance levels (*P < 0.05, ***P < 0.001) were determined by a generalized linear 
mixed model with Poisson distribution; n. s. = not significant.  
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Figure 2.3. Log10-transformed numbers (no.) of rice root aphids (RRAs) on a single 
monocotyledonous plant (rye, barley) or a single dicotyledonous plant (cannabis, celery, 
coriander, lettuce, marigold, pepper, squash, or tomato) enclosed in a mesh bag (Fig. 
2.1b; Exp. 10). For each replicate (n = 10), 10 winged RRAs were introduced into the 
mesh bag and the RRAs present on the plant 10 days later were counted. For each panel, 
colored and grey symbols show the log number of RRAs present on a mono- and a 
dicotyledonous plant, respectively, in individual replicates, whereas black symbols show 
the mean ± confidence interval. Different letters assigned to means indicate statistically 
significant differences (P < 0.05) in aphid numbers among plants, as determined by the 
Sidak test. 
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Figure 2.4. Percent (%) first-choice responses of rice root aphids (RRAs) in Y-tube 
olfactometers (Fig. 1c) when offered a choice between the odors of (i) two potted 
monocotyledonous plant (rye vs barley; Exp. 11), (ii) a potted rye plant and a potted 
dicotyledonous plant (cannabis, celery, coriander, lettuce, marigold, pepper, squash, or 
tomato; Exps. 12–19), and (iii) a potted rye plant and potting soil without plant (Exp. 20). 
For each replicate, 10 winged RRAs were released into the stem of the Y-tube and allowed 
to walk upwind toward plant/soil odors; as ‘first choice’ was recorded the response of the 
first aphid (out of 10) reaching and staying at least 30 s within 13 cm of the opening of a 
Y-tube side arm. In each of experiments 11–20, 25 replicates of responding groups of 
aphids were obtained. The number in white boxes of each diagram bar indicates the number 
of replicates with non-responding aphids, which were excluded from statistical analyses. 
Significant preference for a test stimulus (*P < 0.05, **P < 0.01) was determined by 
Pearson’s χ2 tests; ‘n. s.’ = not significant. 
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Figure 2.5. Percent (%) final-choice responses of rice root aphids (RRAs) in Y-tube 
olfactometers (Fig. 1c) when offered a choice between the odors of (i) two potted 
monocotyledonous plants (rye vs barley; Exp. 11), (ii) a potted rye plant and a potted 
dicotyledonous plant (cannabis, celery, coriander, lettuce, marigold, pepper, squash, or 
tomato; Exps. 12–19), and (iii) a potted rye plant and potting soil without plant (Exp. 20). 
For each replicate, 10 winged RRAs were released into the stem of the Y-tube and 
allowed to walk upwind toward plant/soil odors; as ‘percent final choice’ was recorded 
the percent of RRAs (out of 10) present within 13 cm from the opening of either Y-tube 
side arm at the end of the 10-min bioassay. In each of experiments 11–20, 25 replicates of 
responding groups of aphids were obtained. In each panel, grey symbols represent the 
data of individual replicates, whereas black squares represent the mean ± standard error. 
Absolute mean numbers of RRAs responding to test stimuli are shown at the bottom of 
each panel. Significance preference for a test stimulus (*P < 0.05) was determined by a 
likelihood ratio test. 
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Chapter 3.  
 
Rice root aphids and cannabis aphids acquire hop latent 
viroid from viroid-infected cannabis plants but potential 
viroid transmission by aphids between cannabis plants 
requires further studies 

A very similar manuscript version of this chapter is currently under review in Archives of 

Virology, authored by Mikhaela Ong, Jack Munz, Anita Feng, Sauleha Yaqub, Liam 

Buirs, and Gerhard Gries 

 

Abstract 

Aphids are known to transmit plant pathogens between plants thereby reducing crop 

yields. Rice root aphids (RRAs), Rhopalosiphum rufiabdominale, and cannabis aphids 

(CAs), Phorodon cannabis, are herbivorous pests of cannabis, Cannabis sativa L.. Here 

we tested whether RRAs and CAs feeding on cannabis plants infected with the pathogen 

hop latent viroid (HLVd) acquire the viroid and transmit it to viroid-free cannabis plants. 

We tested for the presence of HLVd in aphids and in plants using multiplex reverse 

transcription-polymerase chain reaction (RT-PCR) tests. One of eight RRA groups, and 

four of eight CA groups, feeding on an HLVd-infected plant tested positive for HLVd, 

indicating that they acquired the viroid from the plant. The Ct value of RRAs and CAs 

that tested positive were 31.82 and 30.59 ± 1.57, respectively. Conversely, none of eight 

RRA or CA groups feeding on a HLVd-free plant tested positive for HLVd. When 12 

groups of CAs were fed first on an HLVd-infected plant and then on a HLVd-free plant, 

none of the HLVd-free plants tested positive for HLVd when they were sampled on days 

28 and 56 after aphid feeding. All data combined indicated that while both RRAs and 

CAs acquired the HLVd, CAs did not transmit HLVd between cannabis plants. Further 

research is needed to determine unequivocally whether either of RRAs or CAs are unable 

to transmit HLVd to cannabis plants, or whether the level of potential HLVd transmission 

to plants by aphids merely remained below detection threshold in our study.  
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3.1. Introduction  

Cannabis plants, Cannabis sativa L. (Rosales: Cannabaceae), are widely cultivated for 

their pharmaceutical properties, hemp fibers, and seeds (Walsh et al., 2013; Andre et al., 

2016; Żuk-Gołaszewska & Gołaszewska, 2018). They are particularly valued for their 

psychoactive compounds (e.g., Δ9-tetrahydrocannabinoil) and the 

anticonvulsant cannabidiol (Siracusa et al., 2023; Laaboudi et al., 2024). After cannabis 

was legalized in North America, its cultivation and production significantly increased. 

However, this large-scale production brought about new challenges, including the rise of 

plant pathogens (e.g., fungi, viruses, viroids) that cause plant diseases (Buirs & Punja, 

2024) and of insect herbivores (e.g., aphids, thrips) that feed on cannabis crops (Lemay et 

al., 2022). 

Viroids are the smallest known pathogens (Diener et al., 2008) and exclusively infect 

plants (Hadidi et al., 2003). They are single-stranded circular RNAs (Hadidi et al., 2003; 

Agrios, 2009; Ding, 2009; Flores et al., 2011; Venkataraman et al., 2021) that, unlike 

viruses, lack coat-proteins (Agrios, 2009; Flores et al., 2011) and rely on the ‘machinery’ 

of host cells for autonomous replication (Hadidi et al., 2003; Ding, 2009). Although 

viroids have a simple structure, they can significantly damage agricultural crops (Singh et 

al., 1971; Saucedo-Carabez et al., 2014; Hammond, 2017). Viroid infections cause 

yellow and malformed leaves, stunted growth, and a diminished root system, all reducing 

crop yields (Flores et al., 2005, 2021; Owens, 2008; Kovalskaya & Hammond, 2014; 

Fujibayashi et al., 2021). However, not all viroid infections are symptomatic of disease. 

For example, infections of hop crops, Humulus lupulus (Cannabaceae), with the hop 

latent viroid (HLVd) are asymptomatic as the moniker ‘latent’ implies, and HLVd-

infected hops can reduce the value-added metabolites (Patzak et al., 2021). This very 

same HLVd has now emerged as a major pathogen in commercial cannabis productions 

(Bektaş et al., 2019; Warren et al., 2019; Adkar-Purushothama et al., 2023; Atallah et al., 

2024; Punja et al., 2024, 2025), causing crop losses of $4 billion per year in the USA 

(Adkar-Purushothama et al., 2023). 
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Detecting HLVd-infections is challenging because infected cannabis plants may, or 

may not, be symptomatic of disease (Bektaş et al., 2019; Warren et al., 2019; Adkar-

Purushothama et al., 2023; Atallah et al., 2024; Punja et al., 2024). Symptomatic HLVd-

infected cannabis plants may exhibit chlorotic leaves, short and brittle inflorescence 

stems, and trichomes with a small head, resulting in diminished yields of psychoactive 

compounds (Punja et al., 2024, 2025). HLVd is transmitted through pollen, seeds or 

cuttings (Atallah et al., 2024; Punja et al., 2025) and ‘mechanically’ through 

contaminated pruning tools or irrigation water (Lavagi et al., 2017; Adkar-Purushothama 

et al., 2023; Miotti et al., 2023; Punja et al., 2025), and possibly through aphids that are 

known to transmit various plant pathogens (Favret & Aphid Taxon community, 2025). To 

the best of our knowledge, plant-to-plant transmission of HLVd by RRAs and CAs has not yet 

been reported in a peer-reviewed journal article.  

Cannabis aphids (CAs), Phorodon cannabis, and rice root aphids (RRAs), 

Rhopalosiphum rufiabdominale, are herbivorous pests of cannabis (Cranshaw et al., 

2018, 2019; Cranshaw & Wainwright-Evans, 2020; Durak et al., 2021; Lagos-Kutz et al., 

2022), but to date it is not known whether RRAs and CAs acquire and transmit HLVd. 

Understanding the ability of RRAs and CAs to transmit HLVd is essential to gauge the 

need for aphid control and to devise control tactics during cannabis production. Here, we 

investigated whether RRAs and CAs feeding on HLVd-infected cannabis plants acquire 

HLVd and transmit it to HLVd-free cannabis plants. 

3.2. Methods and Materials  

3.2.1. Maintenance of experimental aphids and plants 

RRAs were obtained from BioBest (Leamington, ON, Canada) and reared on potted rye 

plants housed in BugDorms (60 × 60 × 60 cm; 2120F Insect Rearing Tent; MegaView 

Science Co., Taiwan) in a greenhouse on the Burnaby campus of Simon Fraser 

University (SFU), Burnaby, British Columbia (BC). The RRA colony was maintained at 

20 ± 5 °C, a 55% mean relative humidity (r. h.), and a 14L:10D photoperiod. Winged 

RRAs, as the most abundant morph in the colony, were collected in 1.5-mL 
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microcentrifuge tubes (Axygen®; Fisher Scientific Comp., Ottawa, ON, Canada) using a 

fine brush.  

CAs were obtained from a licensed cannabis producer and reared on potted cannabis 

plants housed in BugDorms in the Research Annex on the Burnaby campus of SFU. The 

CA colony was maintained at 20 ± 2 °C, a 50% mean r. h., and a 18L:6D photoperiod. 

Illumination was provided though fluorescent plant lights (F32T8/TL 965, Philips, ON, 

Canada; F32T8/PL, Standard™, Germany) and halide lamps (Philips). Wingless CAs, as 

the most abundant morph in the colony, were collected in 1.5-mL tubes using a fine 

brush.  

Potted cannabis plants (~30 cm tall) with HLVd symptoms were supplied by a 

licensed producer. To determine the viroid status of these ‘source plants’, cuttings 

(leaves) of these plants were shipped to 3R Biotech (Langley, BC, Canada) to test for the 

presence of HLVd, using a Multiplex RT-PCR (reverse transcription - polymerase chain 

reaction) test (see Section 3.2.3). These tests revealed that only a few of the source plants 

were viroid-infected, with only one viroid-infected plant surviving in our greenhouse. To 

propagate viroid-infected and viroid-free cannabis plants, cuttings (~ 6 cm) were taken 

with bleach-treated (10 %) shears from the one viroid-infected source plant and from six 

viroid-free source plants. After the clipped ends of cuttings were dipped into rooting 

hormone powder (StimRoot #3; Terralink Horticulture Inc., Abbotsford, BC, Canada) to 

promote root growth, they were inserted into rockwool plugs (2.45 × 2.45 × 2.45 cm; 

Terralink) which were then placed in plastic pots (12.7 × 9 cm; Pacific Northwest Garden 

Supply Ltd, Surrey, BC, Canada) filled with Sunshine Mix # 1 soil (Terralink). Cannabis 

cuttings were fertilized with ‘Plant-Prod’ 20-20-20 Classic (Terralink), as directed by the 

manufacturer. Cuttings were grown at 20 ± 5 °C, a 55% mean r. h., and a 18L:6D 

photoperiod, with halide lamps (Phillips) for illumination. To avoid any cross 

contaminations, viroid-free and viroid-infected cannabis plants were kept separate, and 

tools and materials used for cuttings and propagation were discarded or sterilized with 

10% bleach and 70% ethyl alcohol.  
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3.2.2. Root sampling and detection of HLVd in propagated cannabis plants 

To determine whether cannabis plants propagated from cuttings of the one viroid-infected 

source plant and of the six viroid-free source plants were indeed viroid-infected and 

viroid-free, respectively, short (~ 5 cm) root sections of propagated cannabis plants were 

trimmed off, placed into a sterilized glass Petri dish for slicing, and then inserted into a 

RNAlater® solution (750 µL) (Thermo Fisher Scientific, Waltham, MA, USA) in a 2-mL 

screw-cap tube placed on ice, which was then sent to 3R Biotech for RT-PCR testing. 

After processing a root sample, all table surfaces and tools were sterilized with 10% 

bleach and 70% ethyl alcohol. 

3.2.3. Multiplex RT-PCR for plant and aphid samples 

The procedure described below for plant/root sampling has previously been described 

(Punja et al., 2023), and the procedure for aphid sampling was slightly modified, 

lowering the volume of the extraction buffer from 1 mL to 0.2 mL.   

RT-qPCR was run on a Bio-Rad CFX96 instrument using the TaqPath™ 1-Step 

Multiplex Master Mix (No ROX) (Thermo Fisher Scientific). The reagents were brought 

to room temperature to prevent non-specific signal increases which may occur when 

master mixes are prepared on ice. Each 20-μL reaction mixture contained 5 μL of 4 × 

TaqPath™ 1-Step Multiplex Master Mix, 1 μL of primer/probe mix, and 2 μL of 

extracted total nucleic acid. The final mixture contained 0.3 μM target primers, 0.05 μM 

target probes, 0.15 μM internal control primer, and 0.05 μM internal control probe. The 

cycling program on the Bio-Rad CFX96 instrument was as follows: uracil-DNA 

glycosylase incubation at 25 °C for 2 min; reverse transcription at 53 °C for 10 min; 

polymerase activation at 95 °C for 2 min, and 40 cycles of PCR at 95 °C for 3 s and at 60 

°C for 30 s (signal acquisition). The filter combinations (Table 3.1) were 465–510 (FAM; 

UBQ P), 540–580 (HEX; HLVd P1), and 610–670 (TexasRed; HLVd P2). 
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Sample preparation and nucleic acid extraction 

For each experimental replicate, fibrous cannabis plant roots (100 mg) or aphids (15 to 20 

RRAs or 20 to 50 CAs) were collected (i) into a screw-cap tube (2 mL) pre-filled with a 

RNAlater® solution (750 µL; Thermo Fisher Scientific) and placed on ice, or (ii) into a 

centrifuge tube (1.5 mL) which was then snap-frozen with liquid nitrogen. The samples 

in RNAlater® were processed the same day or stored overnight at 4 °C for nucleic acid 

extraction the next day, following an established protocol (Mark et al., 2022) with slight 

modifications. After discarding the RNAlater®, zirconia-silica beads (2.3 mm diam) and 

glass beads (1.0 mm diam; BioSpec, Bartlesville, OK, USA) were added for tissue 

maceration with a TissueLyser (QIAGEN, Hilden, Germany) at 25 Hz for 1 min. Once 

the tissue was homogenized, 1 mL (for root samples) or 0.2 mL (for aphid samples) of 

pre-warmed (65 °C) extraction buffer (2% CTAB, 2% PVP40,000, 25 mM EDTA pH 8, 

100 mM Tris-HCl pH 8, 2.5 mM NaCl) was added and the sample was incubated 10 min 

at 65 °C. The homogenate was centrifuged (>16,000 RCF, 5 min, 4 °C), and the 

supernatant was transferred to a sterile 1.5-mL Eppendorf tube. An equal volume of 

chloroform and isoamyl alcohol (24:1) was added to the supernatant which was then 

again centrifuged (>16,000 RCF, 5 min, 4 °C). The supernatant was transferred to a 

sterile 1.5-mL Eppendorf tube and 0.6 volumes of cold isopropanol were added to the 

supernatant, after which the sample was centrifuged again (>16,000 RCF, 5 min, 4 °C). 

Then, the isopropanol was decanted, 70% ethanol (650 µL) was added, and the sample 

was centrifuged (>16,000 RCF, 3 min, 4 °C). Thereafter, the sample was air-dried before 

being re-suspended in nuclease-free water (40 µL).  

3.2.4. Tests for HLVd acquisition by RRAs and CAs 

For each of eight experimental replicates (n = 8), both for RRAs and CAs, two 

propagated cannabis plants, one HLVd-infected and the other a control, were placed into 

the bottom of two separate Pyrex glass chambers (each 15.24 × 47.65 cm) (Fig. 3.1a). 

After 20 to 60 winged RRAs or wingless CAs were released from 1.5-mL transfer tubes 

into a chamber bottom, the chamber top was securely screwed onto the chamber bottom. 

After aphids had fed 24 h on plants, 15 to 20 RRAs and 20 to 50 CAs were collected with 
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sterilized lightweight forceps into a sterilized 1.5-mL tube which was submerged > 30 s 

in liquid nitrogen (LN2) to snap-freeze the aphids. Aphids were temporarily stored in a -

80 °C freezer before they were shipped on dry ice in a Styrofoam box to 3R Biotech to 

test for the presence of HLVd (see Section 3.2.3). After each experimental replicate, 

plants were discarded and replaced with new propagated HLVd-free and HLVd-infected 

plants. 

3.2.5. Test for HLVd transmission by CAs 

Based on the outcome of the HLVd acquisition experiment (see 3.3 Results), tests for 

viroid transmission by HLVd-infected aphids to HLVd-free plants were run only with 

CAs. As HLVd-infected plants proved difficult to grow, we used one HLVd-infected 

plant, propagated from the HLVd-infected source plant, for all experimental replicates (n 

= 12), with aphids feeding on this plant in all replicates. HLVd-infection of this plant was 

confirmed at the onset and end of the experiment (Fig. 3.2). 

Prior to the onset of experimental replicates (n = 12), samples of propagated 

cannabis plants were RT-PCR-tested (see Section 3.2.3) to determine whether they were, 

or were not, HLVd-infected. On Day 1 of each replicate, a confirmed HLVd-infected 

plant was placed into a BugDorm cage (Fig. 3.1b) in the Research Annex (see Section 

3.2.1), and 25 CAs were released into the cage. On Day 2 (24 h later), the CAs were 

collected with sterilized soft forceps and transferred to a confirmed HLVd-free plant 

inside a sterilized BugDorm cage, a process that took about 1 h. On Day 3 (after CAs had 

fed 24 h on the HLVd-free plant), the CAs were collected and the fed-on plant was 

transferred to the greenhouse (20 ± 5 °C, ~55% r. h., 14L:10D), where it was kept and 

watered as needed for 56 days. On days 28 and 56, root samples of plants were taken and 

shipped to 3R Biotech to test for the presence of HLVd (see Section 3.2.3).  

3.2.6. Statistical analyses 

Analytical statistics were deemed unnecessary because we tested for HLVd acquisition 

and transmission by aphids rather than for statistical differences between treatment and 

control groups. We used descriptive statistics (mean ± standard error) to calculate (i) the 
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percentage of RRA and CA groups that acquired HLVd when feeding on HLVd-infected 

plants, and (ii) Ct values (cycle threshold for DNA/RNA detection) for each of two HLVd 

primers. As all data points in HLVd transmission experiment were zero, statistical 

analyses were not warranted.  

3.3. Results 

3.3.1. Tests for HLVd acquisition by RRAs and CAs 

Only one of eight RRA treatment groups (12.5 ± 12.5%) feeding on a HLVd-infected 

plant tested positive for HLVd, whereas none of the eight RRA control groups feeding on 

a HLVd-free plant tested positive for HLVd. The mean Ct value for the single positive 

RRA sample was 31.82. 

Four of eight CA treatment groups (50 ± 18.9%) feeding on a HLVd-infected plant 

tested positive for HLVd, whereas none of the eight CA control groups feeding on a 

HLVd-free plant tested positive for HLVd. The mean Ct value for the four positive CAs 

samples was 30.59 ± 1.57. 

3.3.2. Test for HLVd transmission by CAs 

When each of 12 groups of CAs fed first on a HLVd-infected plant and then on a HLVd-

free plant, none of the 12 fed-on HLVd-free plants, root-sampled 28 and 56 days post 

feeding, tested positive for HLVd. The HLVd-infected plant showed a mean Ct value of 

23.31 at the start of the experiment and 22.94 at end of the experiment (Fig. 3.2). 

3.4. Discussion 

Our data show that both RRAs and CAs acquired the hop latent viroid (HLVd) when they 

fed on HLVd-infected plants. Whether they ingested the viroid and/or coincidentally 

contaminated some of their body parts (e.g., legs, stylets) or their body surface with the 

viroid is not known but could be investigated in future studies. The high (>30) Ct values 

(Table 3.2) indicate that the HLVd occurred at low levels in aphid samples. This may 
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explain why inter-plant viroid transmission by CAs, which requires introduction of the 

viroid into healthy plants and ensuing systemic infection (Mauck et al., 2012), could not 

be demonstrated. 

We studied inter-plant HLVd transmission with CAs, rather than RRAs, because 

more experimental replicates demonstrated HLVd acquisition by CAs, and because Ct 

values in RT-PCR tests were numerically, but not statistically, lower in CA samples, 

suggesting a higher HLVd load, and thus better detectability. The differential acquisition 

of HLVd by CAs and RRAs has two possible explanations. First, CAs readily feed on 

cannabis plants as their primary host, whereas RRAs prefer monocotyledonous plants 

such as rye, and only reluctantly feed on dicotyledonous cannabis plants (Chapter 2). 

Under commercial conditions, RRAs preferentially feed on the roots of cannabis plants, 

where they can cause significant damage, and less so on the foliage. Alternatively, CAs 

are 1.5-times larger than RRAs and thus likely ingest more plant sap and more HLVd. 

This interpretation aligns with reports that five codling moth larvae, Cydia pomonella 

(Linnaeus), feeding on HLVd-infected plants ingested more HLVd than did 50 aphids 

(which have lower total body mass) (Leichtfried et al., 2020), indicating that herbivore 

body size and viroid acquisition during feeding are correlated.  

Viroid acquisition by aphids, as demonstrated with RRAs and CAs in our study, has 

also been documented in other studies. Both green peach aphids, Myzus persica Sulzer, 

and rosy apple aphids, Dysaphis plantaginea (Passerini), acquired the apple chlorotic 

fruit spot viroid (Leichtfried et al., 2020). Green peach aphids also acquired the tomato 

apical stunt viroid, with viroid detectability improving when more aphids were added to 

samples (Van Bogaert et al., 2015).  

Studies on inter-plant viroid transmission by aphids have generated mixed results. 

Green peach aphids transmitted peach latent mosaic viroid (Desvignes, 1986), tomato 

apical stunt viroid (Walter, 1987), tomato planta macho viroid (Galindo, 1987), tomato 

chlorotic dwarf viroid (Võ et al., 2018), and potato spindle tuber viroid (Querci et al., 

1997; Syller et al., 1997; Singh & Kurz, 1997; Syller & Marczewski, 2001). Potato 

aphids, Macrosiphum euphorbiae (Thomas), also transmitted potato spindle tuber viroid 
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(De Bokx & Piron, 1981), whereas cowpea aphids, Aphis craccivora Koch, and pea 

aphids, Acyrthosiphon pisum (Harris), transmitted tomato apical stunt viroid (Walter, 

1987). In contrast, green peach aphids failed to transmit potato spindle tuber viroid 

(Schumann et al., 1980; De Bokx & Piron, 1981), tomato apical stunt viroid (Antignus et 

al., 2007), and burdock stunt viroid (Po & Wei, 1987). Glasshouse potato aphids, 

Aulacorthum solani (Kaltenbach), did not transmit potato spindle tuber viroid (De Bokx 

& Piron, 1981), and green citrus aphids, Aphis spiraecola (Patch), and brown citrus 

aphids, Toxoptera citricidus (Kirkaldy), failed to transmit tomato apical stunt viroid 

(Walter, 1987). Lastly, burdock long-horned aphids, Uroleucon gobonis, formerly 

Macrosiphum goboni (Matsumura), failed to transmit burdock stunt viroid (Po & Wei, 

1987).  

The success or apparent failure of inter-plant viroid transmission by aphids may be 

attributed, in part, to variations in the study design, which for that reason should ideally be 

standardized. Viroid-infected aphids were either constrained to feed on only select parts of 

healthy plants (Schumann et al., 1980; Syller et al., 1997) or on entire plants (De Bokx & 

Piron, 1981; Desvignes, 1986; Galindo, 1987; Querci et al., 1997; Syller et al., 1997; 

Singh & Kurz, 1997; Syller & Marczewski, 2001; Antignus et al., 2007; Võ et al., 2018). 

The time aphids were permitted to feed on plants and take up viroid ranged from 20 s (De 

Bokx & Piron, 1981) to 2 h (Schumann et al., 1980; Galindo, 1987; Walter, 1987; 

Antignus et al., 2007) to 1–3 days (Querci et al., 1997; Syller et al., 1997; Singh & Kurz, 

1997; Syller & Marczewski, 2001; Võ et al., 2018). After aphids had fed on plants, plants 

were sampled for viroid presence on each of 8 consecutive days (Galindo, 1987), 15 to 56 

days later (Schumann et al., 1980; De Bokx & Piron, 1981; Querci et al., 1997; Syller et 

al., 1997; Singh & Kurz, 1997; Võ et al., 2018), the following growing season (Syller & 

Marczewski, 2001), or when plants became symptomatic of disease (Antignus et al., 

2007). Viroid detection methods included gel electrophoresis (Schumann et al., 1980; De 

Bokx & Piron, 1981), enzyme-linked immunosorbent assay (ELISA) (Desvignes, 1986; 

Querci et al., 1997; Syller & Marczewski, 2001), northern hybridization dot blot (Querci 

et al., 1997; Antignus et al., 2007), southern hybridization dot blot (Singh & Kurz, 1997), 

and RT-PCR (Singh & Kurz, 1997; Võ et al., 2018). Our study design entailed (i) aphids 

feeding 24 h on an HLVd-infected plant before being transferred to HLVd-free plants, (ii) 
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sampling of plants 28 and 56 days after being fed on by HLVd-infected aphids, and (iii) 

subjecting both aphids and plants to RT-PCR testing for HLVd infection. Although this 

design seems conductive to investigation of inter-plant HLVd transmission by CAs, we 

could not demonstrate that HLVd-infected CAs infect plants while feeding on them. Our 

findings do not align with those obtained by Dr. Nachappa who – in an online interview – 

reported inter-plant transmission of HLVd by both CAs and thrips in hemp (Nachappa 

2025). The reasons for these contrasting results may be related to aspects of the 

experimental design. For example, Dr. Nachappa extensively starved CAs prior to testing 

them for viroid transmission. This approach may have increased the CAs’ propensity to 

ingest large volumes of plant sap infected with viroids. Moreover, we may not have 

included enough aphids in each sample. For example, the detectability of tomato apical 

stunt viroid in green peach aphids improved when more aphids were included in samples 

(Van Bogaert et al., 2015). The Ct values of RRAs and CAs that tested positive were 

31.82 and 30.59 ± 1.57, respectively (Table 3.2). This indicates a low level of viroid 

accumulation in or on the aphids, which could explain why there was no evidence of 

viroid transmission. Furthermore, viroids may become transmissible by aphids only, or 

mainly, after trans-encapsidation by an ‘assistor virus.’ For example, the potato spindle 

tuber viroid was readily transmitted by green peach aphids when potato source plants 

were doubly infected with both the potato leafroll virus and the potato spindle tuber 

viroid (Querci et al., 1997; Singh & Kurz, 1997; Syller et al., 1997; Syller & Marczewski, 

2001). Similarly, the tomato chlorotic dwarf viroid was transmitted by green peach 

aphids when tomato source plants were doubly infected with both the tomato chlorotic 

dwarf viroid and the potato leafroll virus (Võ et al., 2018). As we did not test for the 

presence of viruses in our experimental plants, we do not know whether viruses were 

present, and whether HLVd trans-encapsidation could have occurred. A potential lack of 

HLVd trans-encapsidation may explain why there was no HLVd inter-plant transmission 

by aphids in our study.  

The risk of plant-to-plant transmission of HLVd by aphids is likely dependent upon 

multiple factors including the viroid load of plants, the body size of the aphid species, 

and the aphid population density in greenhouses. If this assumption is correct, there 

would not be one particular aphid population size that could be considered high risk for 
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viroid transmission. As pest insect populations in commercial greenhouses are typical 

well controlled, the risk of HLVd transmission by pest insects seems relatively low 

(Punja et al. 2025). 

The biochemical method we applied to detect HLVd acquisition by aphids did not 

distinguish between the mode of viroid acquisition through ingestion by aphids or 

contamination of their body surface. As the HLVd is mechanically transmissible, it is 

conceivable that viroids adhere to the aphids’ stylets when they probed viroid-infected 

plants (Auclair 1963; Powell et al. 2006), and that these aphids subsequently infect 

healthy plants with their viroid-contaminated stylets, resembling the mechanism of 

'stylet-borne' viruses. The tomato apical stunt viroid is present not only on the stylets of 

green peach aphids but also in their foregut (Van Bogaert et al., 2015), indicating viroid 

acquisition by both ingestion and stylet contamination. Future research is needed to 

unravel the mechanism of HLVd acquisition and potential transmission by RRAs and 

CAs. 

In conclusion, we demonstrate that both RRAs and CAs feeding on HLVd-infected 

cannabis plants acquire HLVd. Whether HLVd-infected CAs and RRAs can transmit the 

viroid between cannabis plants will need to be re-investigated in future studies with 

modified experimental protocols. 
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3.1. Figures and Tables 

Table 3.2 Primer sequences used for RT-qPCR analyses; HLVd = hop latent viroid. 

Target Primer Name Sequence 5’ – 3’ Source 

HLVd 

Forward HLVd F1 ATACAACTCTTGAGCGCCGA 
(Hataya 
et al., 
1992) 

Reverse HLVd R1 CCACCGGGTAGTTCCCAACT 
(Hataya 
et al., 
1992) 

Probe HLVd P1 TCTTCGAGCCCTTGCCACCA (Punja et 
al., 2023) 

Forward HLVd F2 AGTTGCTTCGGCTTCTT (Lu et al., 
2012) 

Reverse HLVd R2 CCATCATACAGGTAAGTCAC (Lu et al., 
2012) 

Probe HLVd P2 TGCGTGGAACGGCTCCTTCT (Punja et 
al., 2023) 

Cannabis 
UBQ 

Forward Cannabis 
UBQ F TACTGCGCCAGCTAACAAAC (Guo et 

al., 2018) 

Reverse Cannabis 
UBQ R GCACCCGTCTGACCTGAATC (Guo et 

al., 2018) 

Probe Cannabis 
UBQ P 

ACAATGCAGCAAATGCTCACTCTACAG
CAGTCA 

(Punja et 
al., 2023) 
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Table 3.2 Results of RT-PCR (reverse transcription - polymerase chain reaction) tests, reporting 
the cycle threshold (Ct) values for the detection of hop latent viroid (HLVd) in rice root aphids, 
Rhopalosiphum rufiabdominale, and cannabis aphids, Phorodon cannabis, after having fed on 
either HLVd-infested plants (treatment) or on HLVd-free plants (control). 

Aphid species Replicate Treatment Ct value HLVd detection 
0 = no, 1 = yes HLVd#1 HLVd#2 

R. abdominale 1 Control - - 0 
1 HLVd+ 30.12 33.51 1 
2 Control - - 0 
2 HLVd+ - - 0 
3 Control - - 0 
3 HLVd+ - - 0 
4 Control - - 0 
4 HLVd+ - - 0 
5 Control - - 0 
5 HLVd+ - - 0 
6 Control - - 0 
6 HLVd+ - - 0 
7 Control - - 0 
7 HLVd+ - - 0 
8 Control - - 0 
8 HLVd+ - - 0 

P. cannabis  
 

1 Control - - 0 
1 HLVd+ - - 0 
2 Control - - 0 
2 HLVd+ - - 0 
3 Control - - 0 
3 HLVd+ 30.89 33.08 1 
4 Control - - 0 
4 HLVd+ 31.72 33.48 1 
5 Control - - 0 
5 HLVd+ - - 0 
6 Control - - 0 
6 HLVd+ 30.57 33.14 1 
7 Control - - 0 
7 HLVd+ - - 0 
8 Control - - 0 
8 HLVd+ 25.25 26.56 1 

Note: The PCR Ct value refers to the number of cycles needed to replicate enough DNA/RNA to be 
detected; the lower the Ct value the fewer cycles were needed to produce enough DNA/RNA for 
detection; interpretation: <15 - 20 Ct (high viroid level); 21 - 28 Ct (medium viroid level); 29 - <35 
Ct (low viroid level); >35 Ct (presence of viroid inconclusive); HLVd#1 and HLVd#2 are two 
separate primers; HLVd = hop latent viroid. 
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Figure 3.1. Graphical illustration of the experimental design (a) for testing the 
acquisition of hop latent viroid by rice root aphids and cannabis aphids feeding on a 
viroid-infected or viroid-free cannabis plant in a Pyrex glass chamber (15.24 × 47.65 cm), 
and (b) for testing viroid transmission by viroid-infected cannabis aphids when feeding 
on a viroid-free cannabis plant in a BugDorm enclosure (60 × 60 × 60 cm).  
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Figure 3.2. PCR (polymerase chain reaction) cycles of the hop latent viroid-infected plant, 
propagated from the viroid-infected source plant, which was repeatedly presented to 
aphids for feeding and viroid ingestion. Samples S88 and S107 were processed at the 
onset and end (121 days later) of the experiment, respectively. The red line denotes the 
positive control for HLVd, whereas green and blue lines show information for the HLVd 
#1 and #2 primers, respectively. Note that the plant remained HLVd-infected throughout 
the duration of the experiment. 
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Chapter 4.  
 
Rice root aphids, Rhopalosiphum rufiabdominale, and 
cannabis aphids, Phorodon cannabis (Hemiptera: 
Aphididae), are parasitized by Aphelinus varipes 
(Hymenoptera: Aphelinidae) 

A very similar manuscript version of this chapter is currently under review in The 

Canadian Entomologist, authored by Mikhaela Ong, Cheril Su, Sauleha Yaqub, Anita 

Feng, Liam Buirs, and Gerhard Gries 

 

Abstract 

During the process of rearing an experimental colony of rice root aphids (RRAs), 

Rhopalosiphum rufiabdominale (Sasaki) (Hemiptera: Aphididae), hymenopteran 

parasitoids found their way into the colony and caused substantial aphid mortality. We 

identified the parasitoids as Aphelinus varipes (Förster) (Hymenoptera: Aphelinidae) and 

investigated their ability to parasitize not only RRAs but also cannabis aphids (CAs), 

Phorodon cannabis Passerini (Hemiptera: Aphididae), both aphids being pests of 

commercial cannabis plants, Cannabis sativa L. (Cannabaceae). Female A. varipes 

parasitized both RRAs and CAs but parasitism did not exceed 21% for either aphid 

species, likely due to constraints of the experimental design. Aphelinus varipes should be 

investigated as a potential biocontrol agent (BCA) of both RRAs and CAs because its 

congener A. abdominalis is already a commercial BCA and is known to parasitize CAs.  

 

Keywords: Aphelinus varipes, aphids, cannabis, Rhopalosiphum rufiabdominale, 

Phorodon cannabis 
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4.1. Summary 

Rice root aphids (RRAs), Rhopalosiphum rufiabdominale (Sasaki, 1899) (Hemiptera: 

Aphididae), and cannabis aphids (CAs), Phorodon cannabis Passerini, 1860 (Hemiptera: 

Aphididae), are pests of commercial cannabis plants, Cannabis sativa L. (Cannabaceae) 

(Cranshaw et al., 2018; Cranshaw & Wainwright-Evans 2020; Lagos-Kutz et al., 2018). 

RRAs infest several grasses in the Poaceae, as well as various greenhouse crops including 

cannabis (Favret and Aphid Taxon Community 2025). RRAs feed on cannabis roots 

(Cranshaw & Wainwright-Evans 2020) and foliage (MO, person. observation), whereas 

CAs feed only on cannabis foliage (Cranshaw et al. 2018; Lemay & Scott-Dupree 2022). 

To study potential control tactics for RRAs and CAs in commercial cannabis 

production, RRAs were reared on potted rye plants, Secale cereale L. (Poaceae), and CAs 

were reared on potted cannabis plants in an access-controlled greenhouse at Simon Fraser 

University (SFU, Burnaby, BC, Canada). In December 2023, hymenopteran parasitoids 

found their way into the RRA colony and decimated it. Using taxonomic keys (Takada 

2002; Chen & Li 2016), we assigned the parasitoids to the genus Aphelinus. For 

parasitoid identification to the species level, we consulted the taxonomic experts John 

Huber and Owen Lonsdale at the National Identification Service of the Canadian 

National Collection of Insects, Arachnids, and Nematodes (Ottawa, ON, Canada). They 

identified the parasitoid by (i) using a European key, (ii) aligning the parasitoid with its 

host plants, and (iii) matching our submitted specimens with those identified by 

Mohammad Hayat (Aphelinidae expert; Aligarh Muslim University). They unequivocally 

determined that the parasitoids were Aphelinus varipes (Förster, 1841) (Hymenoptera: 

Aphelinidae) (Fig. 4.1a). Considering that A. varipes could squeeze through tight crevices 

in the greenhouse and in aphid rearing cages, we surmise – but have not yet observed – 

that A. varipes is capable of accessing RRAs feeding on plant roots.  

Hymenopteran parasitoids, such as Aphidius spp. Esenbeck, 1818 (Hymenoptera: 

Braconidae) (Cameron et al. 2013; Paynter & Teulon 2019) and Aphelinus spp. 

(Haldeman, 1851) (Hymenoptera: Aphelinidae) (Mueller et al. 1992; Bergh & Stallings 

2016), are widely used as biological control agents (BCA) of aphids (Boivin et al. 2012; 



88 

McCormick et al. 2012). Aphidius colemani Viereck 1912, Aphidius ervi Haliday 1834, 

Aphidius matricariae Haliday 1834 (all Hymenoptera: Braconidae) and Aphelinus 

abdominalis (Dalman, 1820) (Hymenoptera: Aphelinidae) are all BCAs of CAs, but A. 

ervi and A. matricariae are deemed more suitable BCAs of CAs (Lemay and Scott-

Dupree 2022). Moreover, A. matricariae, A. colemani and A. abdominalis may attack the 

alate morph of RRAs (Lemay & Scott-Dupree 2022) but their effectiveness is yet to be 

investigated.  

RRAs were reared on potted rye plants in BugDorms (600 × 600 × 600 mm; 2120F 

Insect Rearing Tent; MegaView Science Co., Taiwan) in a greenhouse at 24 ± 8 °C, a 

47% mean relative humidity (m.r.h.), and a 14L:10D photoperiod produced by metal 

halide lamps (Phillips, ON, Canada). CAs were reared on potted cannabis plants in 

BugDorms at 20 ± 5 °C, a 50% m.r.h., and a 18L:6D photoperiod produced by a halide 

lamp and daylight and plant-light fluorescent tubes (F32T8/TL 965; Philips, and 

F32T8/PL; Standard TM, DE). Parasitoids were reared in a separate building in 

BugDorms fitted with RRA-infested rye plants and maintained at 20 ± 5 °C and a 

14L:10D photoperiod produced by plant fluorescent lights. All parasitoids used in the 

experiment had prior access to hosts. 

To determine whether the percentage parasitism by female A. varipes varied in 

accordance with the group size of RRAs, as shown for pea aphids, Acyrthosiphon pisum 

(Harris 1776) (Hemiptera: Aphididae) (Ismail et al., 2021), groups of 1, 2, 5, or 10 RRAs 

were subjected to parasitism. For each replicate, three one-week-old rye seedlings (on 

average 75 mm tall) were bundled at their base with a cotton strip (20 × 50 mm), and 

inserted into a glass test tube (13 × 100 mm; Pyrex®, Corning, NY, USA) filled with 2 

mL of water (Fig. 4.2a). The cotton strip prevented drowning of RRAs, and the test tubes 

were plugged with cotton (MedPro®; Fisher Scientific Company, MA, USA) to prevent 

insect escapes. In parallel replicates (n = 10-12 each), groups of 1, 2, 5, or 10 RRAs 

nymphs (3rd to 4th instar) and one female A. varipes were introduced into tubes containing 

rye seedlings, which were then kept at room temperature (20 ± 6 °C), 40 ± 10% m.r.h., 

and a 14L:10D photoperiod produced by fluorescent lights. The female parasitoids had 

been collected from our parasitoid rearing colony and were known to have copulated. 
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After seven days, replicates were terminated and mummified (parasitized) aphids as well 

as all non-parasitized aphids (including offspring) were counted. Two of 12 replicates 

where the parasitoid could not be detected and were deemed to have escaped, were not 

included in the data presented in Table 4.1. To confirm that aphids were truly mummified 

and not just discoloured, the aphids deemed mummified in each replicate were brushed 

into a 1.5-mL centrifuge tube which was then loosely closed with a cotton ball to allow 

air exchange. The tubes were kept in darkness in an incubator (Precision™; Thermo 

Scientific, MA, USA) set to 24 ± 2 °C and fitted with water pans to maintain a 50% 

relative humidity. Aphids that were confirmed mummified, and all emerged parasitoids, 

were recorded after 21 days had elapsed in each replicate. 

Next, we determined whether female A. varipes also parasitize CAs. In each of 10-

12 replicates, a potted cannabis plant (‘Mac’ cultivar; pot size: 100 mm diameter × 73 

mm height) was inserted into a glass jar (150 mm diameter × 180 mm height; Fig. 4.2b) 

and 10 CA nymphs (3rd to 4th instar) and one female A. varipes were released from 1.5-

mL centrifuge tubes, which was placed on the soil surface. To prevent the parasitoid from 

escaping, the jar was sealed with parafilm (10 × 10 cm, Amcor, WI, USA) and a metal lid 

with a central hole (60 mm). After 24 h, the parafilm was replaced with mesh cloth (150 

× 150 mm) to allow air ventilation and to prevent mold formation. The jar was kept under 

a metal scaffold (1350 × 580 × 900 mm) illuminated with fluorescent lights at a 18L:6D 

photoperiod. The 18-h photophase was 4 h longer than that used for parasitoid rearing but 

this long photophase was a stipulation in the research permit from the Canadian 

government to ensure that cannabis plants remained in the vegetative stage. After seven 

days, all replicates were terminated and mummified aphids as well as non-parasitized 

aphids (including offspring) were counted in each replicate. Mummified CAs (Fig. 4.1b) 

were processed as described above for mummified RRAs.  

We found that A. varipes parasitize and complete development in both RRAs and 

CAs. The percentage of RRA parasitized increased with increasing numbers of aphids in 

groups (1, 2, 5, 10) but on average did not exceed 21% for any aphid group (Table 4.1). If 

aphids were born and parasitized after Day 1, we would have slightly overestimated 

parasitism rates. However, this potential overestimation is not critically important 
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because our primary objective was not to investigate parasitism efficiency but to 

determine whether or not A. varipes parasitizes both RRAs and CAs. Higher rates of 

parasitism in larger groups of aphids (Table 4.1) may be attributed to elevated emission 

of herbivore-induced plant volatiles (Ismail et al. 2021), possibly informing parasitoids 

about the presence of multiple potential hosts. For attraction of parasitoids, however, 

plant volatile release induced by 10 aphids would likely not have been sufficient. Forty 

pea aphids, Acyrthosiphon pisum (Harris), feeding on bean plants for 72 h, were required 

to elicit upwind flight of the parasitoid Aphidius ervi Haliday (Powell et al., 1998). The 

parasitism rate of CAs was 3%. This relatively low percentage of parasitism may have 

been due, in part, to defensive characteristics (e.g., trichomes, terpenes) of the cannabis 

plants (Bar & Shtein 2019).   

As a generalist endoparasitoid (Hopper et al., 2005), A. varipes can develop in 

various aphid hosts, including green peach aphids, Myrus persicae (Sulzer, 1776) 

(Acheampong et al., 2012; Ali et al., 2022); cotton aphids, Aphis gossypii Glover, 1877 

(Rohne 2002); soybean aphids, Aphis glycines Matsumura, 1917 (Yashima & Murai 

2013); small bramble aphids, Aphis ruborum (Börner & Schilder, 1932) (Riddick et al., 

2019); and bird cherry-oat-aphids, Rhopalosiphum padi (Linnaeus 1758) (all Hemiptera: 

Aphididae) (Christiansen-Weniger 1994; Prinsloo 2000). However, there are no reports 

of A. varipes parasitizing Phorodon species. 

Our study revealed that RRAs and CAs are host insects of A. varipes in North 

America. Aphelinus varipes has been intensely studied as a BCA for Russian wheat 

aphids, Diuraphis noxia (Mordvilko, 1913) (Hemiptera: Aphididae) (Lajeunesse & 

Johnson 1991, 1992; Tanigoshi et al. 1995; Bosque-Pérez et al. 2002) and for sugarcane 

aphids, Melanaphis sacchari (Zehntner, 1987) (Hemiptera: Aphididae) (Huang et al. 

2024). Aphelinus varipes should be investigated further as a potential BCA for RRAs and 

CAs, particularly given that its congener Aphelinus abdominalis is already a commercial 

BCA (e.g., Koppert; Biobest; Bioline, etc.) and is known to parasitize CAs (Lemay et al. 

2022; Lemay & Scott-Dupree 2022).  

 

https://en.wikipedia.org/wiki/Johann_Heinrich_Sulzer
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4.3. Figures and Tables 

 
Figure 4.1. Photos of (a) the hymenopteran parasitoid Aphelinus varipes and (b) a 
mummified (parasitized) cannabis aphid, Phorodon cannabis.    
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Figure 4.2. Graphical illustrations of the experimental design for testing parasitism of (a) 
apterous mixed-aged rice root aphids (RRAs), and (b) cannabis aphids (CAs) by the 
hymenopteran parasitoid Aphelinus varipes. For each experimental replicate, 1, 2, 5 or 10 
RRAs were introduced into a glass tube fitted with trimmed rye seedlings, 10 CAs were 
introduced into a glass jar fitted with a potted rye plant, and a single female parasitoid 
was added to each group of aphids. Parasitized aphids (mummies) were counted first at 
day 7 and mummification was verified at day 21.  
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Table 4.1 Mean percent (%) parasitism of rice root aphids (RRAs) and cannabis aphids 
(CAs) exposed to a single female parasitoid Aphelinus varipes 

 

  

Species # Aphids  
in group 

Replicates Mean % parasitism  
(± SE) 
 

RRA 1 10 0.00 (± 0) 

 
2 10 5.00 (± 5.0) 

 
5 10 14.0 (± 8.46) 

 
10 10 21 (± 6.40) 

CA 10 10 3 (± 3) 
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Chapter 5. Concluding discussion 

5.1. Summary 

My thesis contributes to our understanding of the behavior, vectorial competence, and 

biological control of two aphid species that are pests of cannabis, Cannabis sativa: the 

rice root aphid (RRA), Rhopalosiphum rufiabdominale, and the cannabis aphid (CA), 

Phorodon cannabis. I have investigated (i) host plant location and selection by RRAs; (ii) 

potential acquisition of the hop latent viroid (HLVd) – a plant pathogen of cannabis – by 

RRAs and CAs; (iii) potential inter-plant transmission of HLVd by CAs; and (iv) the 

ability of the parasitoid Aphelinus varipes to parasitize both RRAs and CAs. The results 

of my experiments may inform the development of tactics for integrated management of 

these aphids and of HLVd-inflicted disease in commercial cannabis and vegetable 

production. 

When I started my studies on RRAs, they were considered a major threat to 

commercial cannabis, particularly in greenhouse settings. Feeding on the roots of plants, 

RRAs cause damage as they acquire plant nutrients, which can potentially cause 

nutritional deficiencies of the plants, leading to stunted growth, reduced vigor, and 

ultimately lower yields of cannabis inflorescences (or buds). Damage to the roots may 

predispose plants to infection by root pathogens, such as Fusarium and Pythium spp. This 

aspect has not been investigated and deserves further work. There are also reports of 

aphid feeding damage causing increased susceptibility to invasion by other pathogens 

(Walling 2008; Drakulic et al. 2016; Drizou et al. 2018).  Furthermore, winged adult 

RRAs may also colonize the flower buds, thereby contaminating the commercial product 

and rendering it unmarketable. All these adverse effects inflicted by RRAs necessitated 

the development of new tactics for RRA control. However, during my studies aimed at 

finding potential RRA control tactics, cannabis producers discovered that elevating 

greenhouse temperatures to 45°C for several hours reduced RRA populations while 

causing minimal damage to the resilient cannabis plants (Dr. Zamir Punja, personal 

communication; https://weedmaps.com/learn/the-plant/root-aphids; 

https://growdiaries.com/journal/root-aphid-management-in-cannabis-cultivation-a-
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comprehensive-guide-to-preventing-and-eliminating-them). This change in abiotic 

growing conditions suffices to significantly alleviate the impact of RRAs on cannabis, 

exemplifying that there are unexpected and unusual solutions to control pest insects in 

plant production. A second physical measure used by cannabis producers was to wrap the 

roots with muslin cloth, thereby preventing RRAs from invading the roots.  

In Chapter 2, I demonstrate that RRAs strongly and consistently prefer 

monocotyledonous rye plants, Secale cereale, to any of the eight dicotyledonous plant 

species tested, including cannabis. The plant characteristics that make monocots and 

dicots superior and inferior hosts plants, respectively, for RRAs are yet to be investigated. 

It is conceivable that anholocyclic RRAs have adapted to the defense mechanisms of 

monocots in evolutionary times and that their apparently recent and coincidental 

exposure to dicot crops, such as cannabis, did not yet induce equivalent adaptions to this 

new group of plants. The preference of RRAs for rye supports the concept that rye is a 

potential trap crop for RRAs in cannabis and vegetable production facilities. However, 

additional experiments on a larger scale are needed to rigorously test this concept. A first 

experiment could entail fitting multiple compartments in a research greenhouse with 

potted rye plants and potted cannabis plants, releasing groups of RRAs into each 

compartment, and sampling all plants for the presence of RRAs after several weeks have 

elapsed. A second experiment could test whether potted rye plants are able to lure RRAs 

off cannabis plants. For this experiment, greenhouse compartments would be fitted with 

potted cannabis plants carrying known infestation levels of RRAs. Then, aphid-free 

potted rye plants would be introduced into these compartments, and their colonization 

with RRAs would be monitored over time, as would be the expected decline of RRA 

infestation levels on cannabis plants. Preferential colonization of rye by RRAs in the first 

experiment, and a host plant shift from cannabis to rye by RRAs in the second 

experiment, both would support the concept that rye is a potential trap crop for RRAs in 

commercial cannabis and vegetable production facilities.  

The mechanisms underlying host plant location and selection by RRAs are not yet 

fully understood. My Y-tube olfactometer data showed that plant odor alone is 

insufficient for host plant recognition. These findings do not align with those reported in 
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other studies which demonstrated that plant odorants mediate host plant selection of 

Rhopalosiphum spp. For instance, bird cherry-oat aphids, Rhopalosiphum padi, are 

strongly attracted to a blend of (Z)-3-hexenyl acetate and (E)-2-hexenyl acetate, and are 

repelled by α-farnesene (Quiroz & Niemeyer 1998; Schröder et al. 2015). Whereas RRAs 

do not seem to be able to locate host plants based on plant odor, they may respond to 

visual plant cues. To determine whether RRAs discern between preferred and less 

preferred host plants based solely on plant visual characteristics, I would run a two-

choice experiment in a wind tunnel. In this experiment, I would release RRAs upwind, 

rather than downwind, of a potted cannabis plant and a potted rye plant placed side-by-

side, thus allowing the aphids to assess the plants’ visual but not olfactory characteristics. 

Invariable selection of the rye plant by bioassay aphids would indicate plant recognition 

based solely on visual cues. If, however, RRAs in this experiment were not able to 

discriminate between the two plants, I would run a follow-up experiment with the same 

choice of monocot and dicot plants but with RRAs released downwind from these plants, 

thus allowing the aphids to assess both visual and olfactory plant characteristics. If in this 

follow-up experiment RRAs were to consistently select the rye plants, I would proceed to 

identify the rye volatiles that contribute to the aphids’ attraction. To this end, I would 

collect the headspace volatiles of rye plants, analyze them by gas chromatographic–

electroantennographic detection (GC-EAD), and then identify those volatiles that elicit 

responses from aphid antennae by gas chromatography–mass spectrometry (GC-MS). I 

would further proceed to determine whether it is the shape and/or the color of rye plants 

that contribute to the attraction of RRAs. All this information would inform the design of 

traps, and the composition of lures, to monitor and/or mass-trap RRAs – in lieu of trap 

crops – in commercial cannabis and vegetable production. 

Hop latent viroid (HLVd) is prevalent in hops but over the past 4 years has also 

entered cannabis, causing significant reductions in yield, cannabinoid concentrations, and 

profits both in the US and in Canada. The involvement of insects in inter-crop 

transmissions are not fully understood. In Chapter 3, I investigated potential inter-plant 

(cannabis) transmission of HLVd by RRAs and CAs. I show that both RRAs and CAs 

can acquire HLVd from HLVd-infected cannabis plants. As CAs acquired more viroid 
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than RRAs, I used CAs to further study inter-plant transmission of the viroid, but I could 

not find supporting evidence for viroid transmission. My findings do not align with those 

obtained in the laboratory of Dr. Punya Nachappa (Associate Professor; Colorado State 

University) who demonstrated inter-plant transmission of HLVd by both CAs and thrips 

(https://www.youtube.com/watch?v=0cd8Sgsk6f8) in hemp. The reasons for these 

contrasting results are not clear but may be related to aspects of the experimental design. 

For example, Dr. Nachappa extensively starved CAs prior to testing them for viroid 

transmission. This approach may have increased the CAs’ propensity to ingest large 

volumes of plant sap containing the viroid. It is also conceivable that CAs in my study 

transmitted HLVd but only at levels too low for RT-qPCR detection, or that I did not 

include enough aphids in each sample. Similarly, CAs tend to feed on the underside of 

cannabis leaves but I sampled cannabis roots where HLVd is typically more prevalent. 

Furthermore, viroids may become transmissible by aphids only, or mainly, after trans-

encapsidation by an ‘assistor virus.’ This ‘assistor virus’ may have been present in the 

hemp plants used by Dr. Punya Nachappa but may have been absent from my 

experimental plants.  

At this stage, the mode of viroid transmission is also not clear. Aphids may 

mechanically and inadvertently pick up viroid from plant surfaces and/or they may ingest 

viroid together with plant sap. The viroid transmission mode could be investigated by 

surface sterilizing aphids after exposure to, and feeding on, viroid-infected plants and 

prior to RT-qPCR testing for the presence of viroids. The presence of viroid in surface-

sterilized aphids would indicate ingestion of viroid by feeding aphids.  

In Chapter 4, I demonstrate that Aphelinus varipes parasitoids parasitize both RRAs 

and CAs. Although rates of parasitism – particularly those of CAs – were low, my data 

clearly show that the offspring of female A. varipes can complete their development 

within host specimens of   both aphid species, expanding the list of known host species. 

The observed low rates of parasitism may be due to particular characteristics of the 

experimental design, such as small bioassay arenas, which may have restricted the 

parasitoids’ host-seeking behaviour. As an alternate explanation, the adult stage of aphids 

we subjected to parasitism may have been suboptimal, and specific nymphal instars 
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would have been more suitable hosts for A. varipes. As Aphelinus varipes has already 

been investigated as a biocontrol agent for Russian wheat aphids, Diuraphis noxia 

(Lajeunesse & Johnson 1991, 1992; Tanigoshi et al. 1995; Bosque-Pérez et al. 2002), it 

should be further investigated as a potential biocontrol agent for RRAs and CAs.  

The findings of my study with potential to be incorporated into integrated aphid 

management in greenhouses can be summarized as follows: (1) rye is a preferred host 

plant of RRAs and should be investigated further as a potential trap crop for RRAs in 

commercial cannabis and vegetable production, where elevated greenhouse temperatures 

may not be feasible or sufficient to suppress RRA populations; (2) A. varipes parasitizes 

both RRAs and CAs and should be investigated further as a potential biocontrol agent of 

these aphids.   
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