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Abstract 

Work reported in this thesis, from three independent projects, highlights: first, a novel 

DNA secondary structure fold from a neurodegenerative disease-linked repeat 

sequence; second, a new approach for assembling and reversing a long and 1-

dimensional DNA nanostructure.  The third and most substantial project reports the 

development of and biological results from a highly selective and sensitive approach for 

in vitro and in vivo tagging of DNA and RNA G-quadruplexes.  In the first project, a 

wholly novel higher-order fold of DNA, named as “iCD-DNA”, was discovered and 

characterized.  iCD-DNA was found to be formed uniquely by a hexanucleotide repeat 

expansion sequence, d(C2G4)n, located at the 5’ UTR of the C9orf72 gene, causally 

linked to multiple neurological disorders such as Amyotrophic Lateral Sclerosis (ALS) 

and Frontotemporal Dementia (FTD).  It was found that incubating d(C2G4)n under mildly 

acidic conditions and in the presence of non-quadruplex supporting cations (e.g. Li+, 

Mg2+) gave rise to a distinctive higher order structure whose most striking feature was an 

inverted circular dichroism (CD) spectrum, distinguishable from the inverted CD spectra 

of either a left-handed duplex (“Z-DNA”) or a left-handed G-Quadruplex (“Z-GQ”).  On 

the basis of CD spectroscopy, gel mobility and chemical footprinting, structural models 

were proposed for iCD-DNA.  In the second project, a new strategy for creating a long 

(~200-300 nm) and reversible 1-Dimensional DNA nanostructure/ nanowire (1DDN), 

named “(TQs)n”, was designed and carried out.  “(TQs)n” incorporates a hybrid of DNA 

triple and quadruplex helices.  In this design, a novel approach for joining together DNA 

helices (called guanine-rich “glue junctions”) was proposed and demonstrated.  In the 

third project, a highly specific and sensitive methodology for uniquely biotin-tagging 

DNA/RNA G-quadruplexes (by way of their intrinsic peroxidase activity while complexed 

with heme) was deeply characterised, first, in vitro, and then applied to tag and pull 

down G-quadruplex forming RNAs and DNAs from living Drosophila larval salivary 

glands.  Preliminary-sequencing data, so obtained, provided initial insights for the 

potential occurrence of G-quadruplexes in living cells but needs detailed future 

investigation. 

Keywords: G-Quadruplexes; iCD-DNA; “(TQs)n” 1-Dimensional DNA 

Nanostructure/Nanowire (1DDN); Heme-DNAzyme; Amyotrophic Lateral 

Sclerosis (ALS); DNA Nanotechnology 
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Preface 
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forms an unusual DNA higher order structure in the pH range of 5-6, PLoS ONE, (2018), 

13(6): e0198418 (Chapter 2); (b) Lat et al, A long and reversibly self-assembling 1D 

DNA nanostructure built from Triplex and Quadruplex hybrid tiles, Angew Chemie Int 

Ed., (2021), 60, 16, 8722-8727 (Chapter 3); and (c) Lat et al, High specificity and tight 

spatial restriction of self-biotinylation by DNA and RNA G-Quadruplexes complexed in 

vitro and in vivo with Heme, Nucleic Acids Research, (2020), 48, 10, 5254-5267 
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SFU) and all the tissue samples were obtained from them.  The RNA seq library 

preparation and preliminary sequencing data reported in section 4.3.10 of Chapter 4 
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Chapter 1.  
 
Introduction 

1.1.  Overview 

The research reported in this thesis can be broadly divided into two categories: 

First, exploration of novel secondary structures of DNA-- either pertaining to biological 

significance or for nanotechnological applications.  And, second, development and 

utilization of a highly specific and sensitive methodology for tagging and capture, both in 

vitro and in vivo, of G-Quadruplex-folded DNAs and RNAs.  The novel structures 

explored in the first part of this thesis (Chapter 2 and 3) have been formed by DNA 

sequences obtained synthetically.  For the second part of the thesis (Chapter 4), 

standard quadruplex-forming sequences and oligonucleotides were used for method 

development and characterization, followed by the successful adoption of the method for 

use in vivo.  Chapter 2 of this thesis describes the discovery and characterization of a 

completely new secondary fold of DNA, named as ‘iCD-DNA’, which is formed by the 

hexanucleotide repeat expansion sequence of d(C2G4)n, from the gene C9orf72 and 

linked with neurodegenerative disorders such as Amyotrophic Lateral Sclerosis (ALS) 

and Frontotemporal Dementia (FTD).  Chapter 3 describes a new strategy for using 

rationally designed triplex-quadruplex hybrid DNA “tiles” “TQs”, which can self-assemble 

to form a long and reversible 1-Dimensional DNA Nanostructure/Nanowire (“TQs”)n.  I 

anticipate that such a nanostructure will find a variety of biochemical and 

nanotechnological applications.  Chapter 4 focus to describe a reaction involving heme 

and G-quadruplex interaction for tagging both synthetically prepared and naturally 

occurring G-quadruplex sequences in genome. 

The present chapter (Chapter 1) provides a comprehensive and relevant 

background information related to diverse structural and functional aspects of DNA.  

Specifically, it highlights non-canonical secondary folds of DNA and RNA, their biological 

significance, and their application in the field of nanotechnology.  There is also a 

discussion of a specific catalytic (intrinsic peroxidase) property of DNA and RNA G-

Quadruplexes (GQs) upon their complexation with ferric heme; a property that will form 
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the basis of a novel experimental approach to covalently tag and capture G-quadruplex-

folded DNAs and RNAs, both in vitro and in vivo (described in detail in chapter 4). 

 

1.2. DNA, RNA and Proteins 

DNA, RNA and Proteins are the three most important biopolymers that regulate 

cellular machineries.  As per the Central Dogma proposed by Francis Crick in 1958, 

DNA stores the genetic information.  The Information encoded in DNA is then 

transcribed into RNA, which is finally translated into proteins.  The monomeric unit of 

DNA/RNA polymer, a “nucleotide”, is composed of a (i) negatively charged phosphate 

backbone, (ii) a 5-ring, 5-carbon sugar (furanose) and (iii) one out of several possible 

nitrogenous nucleobases (Figure 1-1.a).  In the case of RNA, the pentose sugar is 

ribose whereas in the case of DNA, it is 2’-deoxyribose.  There are essentially four 

naturally occurring nitrogenous bases both for DNA and RNA: cytosine (C), guanine (G) 

and adenine (A) (Figure 1-1.b) being common to both DNA & RNA, while the fourth 

base differs between DNA and RNA.  While DNA has thymine (T), RNA has uracil (U) 

(Figure 1-1.b).  These 4 nucleobases are either substituted purines or pyrimidines.  

Adenine and guanine each contain fused 5- and 6-membered purine heterocycles, while 

cytosine and thymine/uracil are substituted 6-membered pyrimidine heterocycles.  While 

these are the only four bases strictly coding genetic information, DNA/RNA with 

chemically modified bases are found for in specialised niches.  A few widely known 

“modified” bases are 8-oxoguanine, isoguanine, 5-methyl cytosine, xanthine, 

hypoxanthine, etc. (Figure 1-1.c).  Chemical DNA/RNA synthesis or the 

replication/transcription of DNA/RNA, respectively, from a DNA template, results in a 

linear string of nucleotides that links consecutive sugars via phosphodiester linkages, 

while the nucleobases are linked by nitrogen to a sugar carbon via N-Glycosidic bonds 

(Figure 1-1.d).  

Proteins, on the other hand, are very different from DNA/RNA in their chemical 

composition.  The fundamental unit of a protein/peptide is the amino acid, whose 

structure consists of a central (alpha) carbon linked to a basic amino group (-NH2), an 

acidic carboxylic acid group (-COOH) and an organic R group, which is referred to as 

side chain.  The remaining one bond of the alpha carbon is satisfied by a hydrogen (H) 
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atom (Figure 1-2.a).  Unlike DNA/RNA, which has only four different naturally occurring 

nitrogenous bases, proteins have 20 different side chains (Figure 1-2.b).  Adjacent 

amino acids are linked through amide/peptide bonds, formed when the carboxylic acid of 

one amino acid condenses the amino group of another, releasing a water molecule 

(Figure 1-3).  
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Figure 1-1. Structure of DNA/RNA.  (a) Individual components of nucleic acids.  (b) Naturally occurring nucleobases in DNA & RNA.  (c)  Other chemically 
modified nucleobase.  (d) Full-length DNA polymer. 
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Figure 1-2. Amino Acid composition.  (a) Generic structure of an amino acid.  (b) the 20 naturally 
occurring side chains of amino acids found in proteins. 

 

 

 

Figure 1-3.  Peptide linkage to link subsequent amino acids resulting in peptide/protein formation. 

 

The availability of diverse side chain makes protein an ideal candidate for the 

enzymatic activities required within living cells.  This is a compelling reason why nature 

has evolved proteins for catalytic/enzymatic activities.  DNA/RNA, on the other hand 

have less functional group diversity, containing only of 5 nucleobases between DNA and 

RNA.  With increasing understanding of DNA and RNA, many non-canonical roles of 

nucleic acids within cells and beyond have been discovered.  Non-genomic DNA/RNA 

sequences have been selected, through a well-established protocol called “SELEX” or 

a

b

Non-Polar Polar Charged

Acidic Basic
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“in vitro selection” (see section 1.9), to act either as an “aptamers” or as “DNAzymes and 

ribozymes”1.  An aptamer is a short fragment of DNA/RNA that, in its folded form, binds 

to a given specific molecular target with high selectivity and specificity.  A DNAzyme or 

ribozyme, on the other hand, not only binds to a target but is also able to catalyze 

chemical reactions, in a manner paralleling the activity of protein enzymes. 

Owing to its low cost of synthesis, a high level of chemical stability, and ease of 

self-assembly into complex structures, DNA has also been widely exploited in vitro for 

the creation of electric switches2, logic gates3, nanowires4, reversible hydrogels5, DNA 

origami6 and other self-assembled structures suitable for nanotechnological applications. 

 

1.3. Canonical secondary structures of Nucleic Acids 

Secondary structures of DNA/RNA have an immense importance for the 

realization of their functional attributes.  Inside the cell, DNA mainly exists as a double 

helix whereas RNA is transcribed as single stranded.  However, RNA can also form 

double helices, internally/intramolecularly, or with a complementary RNA or DNA strand.  

There are specific rules based on which two strands of DNA/RNA come together to give 

rise to duplex “double helix” formation.  Given that DNA/RNA strands consist of 

negatively charged phosphate backbones (with one full negative charge at neutral pH 

per nucleotide unit), individual DNA/RNA strands in aqueous solution without salt 

electrostatically repel each other.  The self-assembly required for the formation of a 

double helix (or any other secondary fold) requires salts to counter (effectively partially 

neutralize) the negative charge of the phosphate backbone (Figure 1-4.a).  Other crucial 

forces that enable the interaction between two strands of DNA are Van der Waals force 

(stacking- interactions between consecutive bases), hydrophobic interaction (between 

the hydrophobic nitrogenous nucleobases and surrounding sheath of water) and, 

importantly, hydrogen bonding between purines and pyrimidine bases located in two 

different (inter-) or same (intra-) strands.  When two DNA strands come together to form 

a duplex, they orient themselves in antiparallel fashion, i.e., the sugar-phosphate linkage 

proceeds in mutually opposite direction on two complementary strands forming the 

duplex.  In the Watson-Crick scheme of base-pairing, found in cellular duplex DNA and 

to a large extent in folded RNAs, ‘A’ pairs with ‘T’/’U’ and ‘C’ pairs with ‘G’ via hydrogen 
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bonding from their Watson-crick faces, as shown in Figure 1-4.b.  The anti-parallel 

arrangement of the two continuous phosphate strands give rise to two unequal grooves 

in the duplex helix: the major groove and the minor groove Figure 1-4.c.  The major and 

minor groove runs throughout the length of DNA, with the major groove being 

approximately 50 % wider than the minor groove.  The specific features and functional 

groups exposed in the minor and major grooves of DNA play an essential role in 

determining specific interactions with proteins, small molecules, or even other DNA/RNA 

sequences. 

RNA helices (of the ‘A’ family) are, on the whole, more structurally conserved 

relative to DNA helices (of the ‘B’ family under physiological conditions); the latter are 

structurally more polymorphic.  The location of the bases with respect to the sugar 

(linked by the N-glycosidic bond) enables two alternative base orientations: syn or anti 

(Figure 1-4.d).  The syn conformation, in general, involves more steric hindrance 

between the base and its appended sugar than the anti-conformation.  This is a primary 

reason why nucleosides in both DNA and RNA duplexes exist overwhelmingly in the 

anti-conformation, with a few exceptions7.  
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Figure 1-4. Watson Crick base pairing and characteristic features of duplex DNA.  (a) Monovalent and 
divalent salts reduce the negative (-) phosphate backbone and propagates duplex formation.  (b) Canonical 
Watson-Crick base pairing rules, A pairing with T/U and G pairing with C.  (c) Standard B-type duplex 
showing major and minor groove.  (d) Two different base orientations ‘Syn’ and ‘Anti’ with respect to 
glycosidic bond.  (e) Two main conformation of sugar pucker found in nucleic acids.  
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With respect to the class of double-helix DNA and RNA adopt, helices have been 

divided into three broad categories as follow: 

1.) the A Family: A, A’ 

2.) the B family: B, B’, C, C’, C’’, D, E 

3.) the Z family. 

Of all these classes and subclasses, the three most important and physiologically 

occurring forms of helix are: the A type, the B type and the Z type (Figure 1-5).  While 

RNA strictly forms A type helix, DNA is more flexible and can adopt all of the helix types 

listed above (although mostly favoring the B type helix under physiological conditions).  

The key difference driving the formation of an A type versus a B type helix is the sugar 

pucker found in individual nucleotides within those helices.  To minimize non-bonded 

interaction between the substituents, the furanose ring (sugar) is twisted out of the 

plane.  So, puckering occurs mainly when carbons C2’ and C3’ of the sugar ring show 

major displacement from the median plane defined by C1’-O4-C4’.  In an A helix, the 

endo displacement of C-3’ is greater than the exo displacement of C-2’; hence, a sugar 

residue in an A helix is labeled as C-3’ endo whereas for a sugar in a B helix, the endo 

displacement of C-2’ exceeds that of the exo displacement of C-3’ and the sugar pucker 

is therefore referred to as C-2’ endo (Figure 1-4.e).  A summary of the structural 

similarities and differences between A type and B type helices is shown in Table 1-1. 

 

Figure 1-5.  Three naturally occurring forms of double helix. (Left) ‘A’ Helix (PDB ID: 4jrt); (Middle) B 
Helix (PDB ID: 1lai); (Right) Z Helix (PDB ID: 4e4o).   Both A and B helix are right-handed whereas Z-Helix 
is left-handed.   

A Helix B Helix Z Helix

Right-Handed helix Left-Handed helix



10 

Table 1-1 Similarities and differences in A and B type Helix. A summary of A and B type helix, depicting 
their similarities and differences based on H-bond, strand orientation, sugar conformation and major and 
minor groove features. 

 

 

A third, prominent family of DNA duplexes is the Z helix.  Z-DNA is a left-handed 

double helix (Figure 1-6) as opposed to the other helix families, which are right-handed.  

The Z-DNA sugar phosphate backbone runs in a zig-zag pattern because of the 

alternating syn-anti glycosidic bond conformation of the adjacent base pairs as opposed 

to the smooth trajectories found in A and B helices where all the nucleobases have an 

anti-glycosidic bond conformation.  Z-DNA formation requires a very specific DNA 

sequence composition.  Studies have shown that continuous strands of repetitive d(CG)n 

sequence switches from the B to the Z helix under very high salt concentration e.g. 4M 

NaCl8,9,10.  Alternatively, divalent cations like Mg2+ (at low concentrations ~ 0.5 mM – 4 

mM) have been found to shift equilibrium from B to Z helix on either a covalently 

modified DNA (m5 dC-dG)11 or on a non-modified DNA subjected to topologically 

constrained conditions12.  The formation of Z-DNA in vivo has been demonstrated via 

various indirect methods; first in prokaryotes and then in eukaryotes9.  The most 

persuasive evidence of Z-DNA came from the study on human genomes themselves, 

mainly in the context of auto-immune disorders namely lupus erythematosus.  Patients 

with lupus erythematosus were found to produce antibodies which were highly specific 
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for Z helix DNA13.  Recently, Shin et al used a Z-DNA specfic antibody coupled with 

chip-seq approach to identify Z-DNA forming sites (ZFS) in human genome and found 

391 ZFS sites, majority of which occurred in the actively transcribed region14. 

Figure 1-6. Left-handed DNA duplex Z-DNA (PDB ID: 4FS5).  A 3D depiction of ZDNA, showing left-
handed propagation of helix. 

 

Although in all the standard double helix (A, B and Z), the pairing between the 

complementary strands of DNA/RNA happens via the mutual Watson-Crick edge 

interaction of the bases, however, the canonical Watson-Crick interaction is not the only 

possible edge-to-edge interaction that can occur between the DNA/RNA nucleobases 

(Figure 1-7).  Advancement in the field of crystallography and NMR has shown evidence 

for non-Watson-Crick based hydrogen bond interactions, mainly Hoogsteen-hydrogen 

bonding, that yields several non-canonical secondary structures of DNA/RNA as 

discussed in the next section. 
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Figure 1-7. Different edges containing sites of H-bond acceptor and donor.  Different edges (capable of 
forming H-bond in various combinations) of purine (left) and pyrimidine (right) have been shown.  These can 
interact in different base pairing geometries to give rise to non-canonical secondary structures.  Some of the 
most prominent ones have been discussed in Figure 1-8 of section 1.4. 

 

1.4. Other secondary structures of DNA/RNA 

DNA is often considered synonymous with the double-helix, a conformation 

governed by base pairing via specific hydrogen bonding between adenine (A) and 

thymine (T), and between guanine (G) and cytosine (C).  The succession of these base 

pairs, giving rise to the overall double helical structure, was proposed by Watson and 

Crick in 195315.  However, other helical folds of DNA and RNA have also been 

recognized, in which DNA/RNA takes advantage of non-canonical (i.e., non-Watson-

Crick) base pairing schemes.  Three most important non-canonical secondary structures 

formed by DNA and RNA are triplex, i-motif and G-Quadruplex (GQ). 

1.4.1. Triplexes 

Early observations that the nucleic acids can form triple helices (triplexes) were 

reported by Felsenfeld almost 4 years after the discovery of double helix16.  A strand of 

polyriboadenylic acid “poly(rA)” was found to form a three-stranded structure with two 

separate strands of polyribouridylic acid “poly(rU)” in the presence of Mg2+.  However, it 

took approximately 30 years since the initial observation of triplex formation for a fuller 

realization of its potential applications.  It is now well established that DNA/RNA can 

form two classes of triplexes, namely: YR*Y and YR*R17, with the third strand (bound in 

the major groove of the host duplex) being either all-pyrimidine (in YR*Y) or all-purine/ 

mixed pyrimidine-purine (in YR*R).  The formation of triplexes requires the host duplex 
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to have its Watson and Crick strands to be wholly poly-purine and poly-pyrimidine, 

respectively.  Such a duplex can then accommodate a third strand, known as ‘Triplex 

Forming Unit (TFO)’, in its major groove via non-Watson Crick hydrogen bonding known 

as ‘Hoogsteen hydrogen bonding’ in the case of YR*Y triplexes (Figure 1-8.a) (in the 

case of YR*R triplexes, the base-pairing involves Reverse Hoogsteen hydrogen 

bonding).  The TFO strand can either be wholly poly-purine (for the YR*R triplex; 

involving canonical base triples that are CG*G and TA*A) or wholly poly-pyrimidine (for 

the YR*Y triplex; where the canonical base triples are CG*C+ and TA*T).  YR*R class of 

triplex are more flexible and versatile.  Although, initially it was felt that TFO of the YR*R 

class has to be completely poly-purine18,19, later work showed it can be a mixture of both 

poly-purine and poly-pyrimidine.  It was observed that TA*T triad may also be 

incorporated into YR*R triplex20.  The formation of both, YR*R and YR*Y triplexes, 

requires the presence of divalent/multivalent cations (e.g., Mg2+, Ca2+, Mn2+, Co2+, Zn2+, 

Cd2+ as well as polyamines like spermine (+4) and spermidine (+3)) in order to reduce 

the electrostatic repulsion of the phosphate backbone17.  YR*Y triplexes (containing 

CG*C+ base triples), in addition to the divalent/multivalent cations, also require a low pH 

for its stabilization17.   

Depending upon the strand molecularity, triplexes are divided into two groups.  

These group include intermolecular triplex and intramolecular triplex (also known as H-

DNA/*H-DNA).  In intermolecular triplex, the TFO comes as a separate stand and is not 

a part of the duplex forming DNA strands whereas in case of intramolecular triplex, TFO 

is provided by one of the strands of the same duplex DNA molecule at a mirror repeat 

sequence.  If the TFO of the intramolecular triplex is pyrimidine-rich, it is called H-DNA 

and if it is purine-rich, it is called *H-DNA.  Given the strict requirement of specific 

sequence composition of a duplex DNA in triplex formation, Gaddis et al have designed 

computational algorithm to map TFO binding sites in mammalian genome and found ~2 

million such sites both in human and mouse genomes, mostly enriched in 

promoter/transcribed gene region21.  A high abundance of naturally occurring sequence 

capable of adopting H-DNA structure in human genome22 (~1 in 50,000 bp) led to the 

investigation of such sites in an in vivo condition.  A combination of “Hybridization 

probing”23 (using fluorescent probes complementary to the single strand region exposed 

in an H-DNA) and “triplex-specific antibody”23,24 approach provided indirect evidences for 

the occurrence of H-DNA, in-vivo.  Since these experiments were not performed under a 
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completely physiological condition, it is hard to say whether H-DNA exist in a natural 

cellular milieu.  Nonetheless, triplexes have found very attractive potential applications.  

Triplexes have been shown to be effective in modulating gene expression25, directing 

site-specific DNA damage26, targeting genes for molecular-targeted therapeutics27 as 

well as for several nanotechnological applications28.  One key pattern common in both 

the classes of triplexes (YR*Y and YR*R) is that the triplex forming third strand’s (TFO’s) 

base composition is same as one of the Watson/Crick strand of the host duplex; with the 

two strands of the same base composition oriented anti-parallel to each other.  For e.g., 

in YR*Y, both the ‘Y’ strands have the same nucleobase composition but are oriented 

antiparallel with respect to each other.  Similarly, in the YR*R, both the R strands have 

the same base composition and reverse strand polarity of the DNA sugar-phosphate 

backbone.  This strict rule for the formation of triplexes rules out the possibility for an R-

loop to either form or switch to a canonical triplex.  R-loop is also a three-stranded 

structure of nucleic acid which is formed when an RNA strand invades a double-

stranded DNA.  It produces a DNA:RNA hybrid duplex and an associated non-template 

single strand DNA.  The non-template single-stranded DNA in the R-loop happens to 

have the same strand polarity (together with the same base composition) as of the 

invading RNA strand.  Thus, unlike canonical triplexes, DNA:RNA hybrid duplex, in an R-

loop, doesn’t form any hydrogen bonding with the associated single stranded non-

template DNA.  In contrast, the associated single stranded DNA in an R loop, when rich 

in guanine, folds into an intramolecular four-stranded secondary structure of nucleic 

acids called G-Quadruplexes (section 1.4.3).  The formation of quadruplex further 

stabilizes the R-loop and has been shown to regulate the cellular machinery of 

transcription29. 

Other than the above two groups of canonical triplexes (YR*Y and YR*R), there 

is a third class of non-canonical triplex called a ‘braided triplex’.  Braided triplex 

formation occurs as a result of strand swapping between the Watson-crick and 

Hoogsteen hydrogen bond forming partner strands in a triplex as the triplex propagates.  

The concept of braided triplex has not been explored extensively.  Initial observations 

about the formation of a braided triplex was reported in -phage DNA, as investigated by 

Atomic Force Microscopy by Linjing et al. in 199830.  The rules for the formation of 

braided triplex have not been fully defined; however, one factor anticipated to play a key 
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role in braided triplex formation is a high symmetricity and repetitive nature of specific 

DNA/RNA sequences. 

1.4.2. Cytosine tetraplexes (the i-motif) 

The cytosine tetraplexes or i-motif is a four-stranded secondary structure formed 

by DNA sequences rich in cytosines, at slightly acidic pH.  The first description of an i-

motif came from an NMR structure solved by Gehring K. et. al in 199331.  Cytosines at 

low pH undergo protonation and are then competent to form Hoogsteen hydrogen 

bonding with an unprotonated cytosine partner.  Two pairs of strands, each consisting of 

C+-C bonding, interdigitate with each other in anti-parallel fashion, giving rise to the final 

tetrameric structure (Figure 1-8.b).  The intercalation of two duplexes to form i-motif 

gives rise to two minor and two major grooves.  In terms of possible in vivo significance, 

the requirement for a pH < 7 was initially seen as a limitation for the i-motif to exist in a 

cellular environment.  However, very recently in 2018, an antibody mediated approach 

was used to show the occurrence of i-motif in vivo by Zeraati et al32.  

The formation of i-motif at neutral pH, in particular, requires special 

environmental conditions33.  These include low temperature coupled with either negative 

super helicity34, molecular crowding 35, silico nanochannels36, presence of silver37 or 

presence of copper (I) cations38.  Also, chemical modifications like 2’-deoxy-2’fluoro-

arabinocytidine have been found to induce the formation of DNA i-motif at neutral 

pH39,40. 
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Figure 1-8. Non-canonical secondary structures of DNA/RNA.  (a) Triplex, Left: Base pairing pattern of 
YR*Y {CG*C+, TA*T} and YR*R {G*GC, A*AT}; Right: two different 3D views of triplex (PDB ID: 1BWG).  (b) 
i-motif, Left-Top: Base pairing pattern of C+- C; Left-Bottom and Right: two different 3D views of i-motif 
(PDB ID: 1YBl).  (c) Left-Top: Base pairing pattern of G-Quartet; Left-Bottom: Schematic of 3-layer 
quartet; Right: two different 3D views of 3-layered G-Quartet (PDB ID: 1K8P). 

YR*Y

YR*R
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1.4.3. G-Quadruplexes (GQs) 

G-quadruplexes (GQs) are also a four-stranded structure of DNA and RNA, 

formed by G-rich oligonucleotides.  The G-quadruplex nucleates via formation of a 

quartet by 4 guanines involving Hoogsteen hydrogen bonding.  2-4 layers of quartet then 

stack on top of each other by the virtue of π-stacking and in the presence of specific 

cations such as K+ and Na+, to form G-quadruplexes (Figure 1-8.c).  G-quadruplexes 

are highly stable at physiological ion and pH conditions.  The discovery of G-quartets 

dates to 196241.  Guanylic acid was found to form a viscous gel in the presence of Na+.  

Using X-ray diffraction, a base-quartet model was proposed for these viscous gels.  In 

1988, Sen and Gilbert reported the formation of DNA G-quadruplexes forming in vitro 

from synthetic oligonucleotides derived from the G-rich DNA strand of mammalian 

immunoglobulin switch region responsible for class-switching recombination in B cells42.  

The next section of this chapter will discuss in detail the different conformations, 

topologies, biological and other significance of G-quadruplexes.  

 

Figure 1-9. Multiple conformations (Polymorphism) of G-Quadruplexes. Parallel, Anti-parallel and 
Hybrid GQs. Strand Orientation: Unimolecular, Tetramolecular and Bi-molecular from left to right 
respectively.  Arrows in the diagram represent the G-Quadruplexes strand polarity from 5’ to 3’.  Three 
different kinds of loops have been shown in left panel; p: propeller, l: lateral and d: diagonal. 

d

l

p
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1.5. G-quadruplexes: structural and functional relevance in 
vitro and in vivo 

Pertaining to its high stability at physiological conditions, GQs have remained an 

area of extensive research since their discovery.  Both DNA and RNA rich in guanines 

have been shown to form GQs in vitro43,44.  In addition to every stabilizing factor required 

by DNA duplexes including base stacking, hydrogen bonding and electrostatic 

interaction, GQs have a specialised requirement for selective cations for its formation 

and stability.  The formation of each layer of G-tetrad leads to a planar arrangement of 

O6 atoms (from guanine O6 carbonyl group) with a twist of 30o and a rise of 3.3 Ao 

between each adjacent tetrad step within a quadruplex.  This leads to the accumulation 

of a negative dipole cavity at the core of quartet and needs stabilization by coordination 

of metal cations.  Thus, the size and charge of the cations has a large impact on the 

formation and stability of GQs.  The general trend for the alkali ions from most stabilising 

to least is as follows: K+ > Na+ > Rb+ > NH4+ > Cs+ > Li+.  For divalent cations, low 

concentration initially stabilises quadruplex but starts destabilising at higher 

concentration.  Venczel and Sen have reported the following trend of GQ stabilization by 

divalent cation45 from most stabilizing to least as follows: Sr2+ > Ba2+ > Ca2+ > Mg2+.  

GQs, as a class, are highly polymorphic and can adopt a multitude of 

conformations and strand topologies, as shown in Figure 1-9.  With regard to the 

directionality of the adjacent strands, GQs are classified as either parallel (all GQ 

forming strands point the same direction), anti-parallel (two strands run in the opposite 

direction than the other two) or hybrid (three strands are parallel to each other while the 

fourth one runs in opposite direction).  In vitro studies have shown that RNA GQs are 

almost all parallel46 whereas DNA GQs can exist in all the three conformations47,48.  

Further, the formation of GQs can involve either a single strand of DNA/RNA 

(‘intramolecular’ GQs) or involve 2-4 separate DNA/RNA strands (‘intermolecular’ GQs).  

This combination of different relative strand orientation leads to the formation of different 

loop arrangements.  Loops in the GQs are classified in three groups which are diagonal 

(‘d’), lateral (‘l’) and propeller (‘p’), depending upon the way they connect the stems of 

the GQs as shown in Figure 1-9.  Stems of the G-Quadruplex consist of a system of 

stacked guanosines which may obtain either an anti or a syn glycosidic bond 

conformation.  GQs can again be divided into three categories depending upon the 

glycosidic bond orientations of the guanosines along the quadruplex stem.  Group I, 
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consisting of the parallel-stranded quadruplex, are the ones in which all the guanosines 

adopts the same type of glycosidic bond orientation (e.g. all anti)49.  Group II, consisting 

of hybrid quadruplexes, have adjacent stacking guanosines in combinations of both 

glycosidic bond orientations pairs i.e. of the same type (anti-anti, syn-syn) and of 

different type (syn-anti and anti-syn steps)49. Group III, consisting of the anti-parallel 

quadruplex, have their consecutive guanosine stacking with alternating glycosidic bond 

orientation49 as shown in Figure 1-10. 

 

Figure 1-10.  G-Quadruplex classification based on adjacent-stacking guanosine glycosidic bond 
orientation.  Anti (Cyan) and Syn (Magenta) guanosine making quadruplex in different combination.  The 
grey circle represents the 5’ end of the quadruplex.  Adapted, with permission, from ref. 49.  

 

Whether GQs are formed in vivo or not remains an area of active research in the 

scientific community.  Since the initial discovery of GQs formed in vitro by sequences 

linked with telomeric DNA, several studies have been carried out to probe for the 

presence of GQs in cells (both live and fixed cells).  Following are the major classes of 

experimental approaches (Figure 1-11):  
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Figure 1-11. Major existing techniques of probing in-cellular GQs.  Classification of the major existing 
techniques, in 6 broad categories, to explore the formation of GQs within living/fixed cells. 

 

1.5.1. Ligands and antibodies for GQ recognition and binding 

Several ligands as well as antibodies have been developed that uniquely 

recognise GQs as opposed to DNA/RNA duplexes (dsRNA and dsDNA) or single 

strands (ssDNA and ssRNA).  Some widely used synthetic ligands are BioTASQ50, 

Pyridostatin51, Braco-19 HCL52, NMM53 and PhenDC354.  One of the most important, and 

intracellularly occurring, ligand for binding GQs is heme53,55.  Heme is a naturally 

occurring cofactor present ubiquitously inside the cells.  Other than small molecule 

ligands, such as the ones above, a widely used antibody, BG4, for GQ binding was 

developed by Biffi et al.  BG4 binds to intramolecular and intermolecular DNA GQs with 

nanomolar affinity56,57.  Other antibodies that have been reported to bind GQs are Sty3 

(specific for parallel GQs58) and Sty 49 (antiparallel GQs58).  In addition, certain synthetic 

ligands (e.g. BioTASQ50) as well as antibodies such as BG456,57, have been used for 

GQ’s pull-downs from cellular chromatin and the DNA so obtained are sequenced by 

next-generation sequencing (ChIP-Seq).  Also, fluorophore-attached antibodies and 

ligands have been used to visualize GQ both in fixed and live cells57,59,60. 

1.5.2. Computational algorithms 

Looking in vitro at the patterns of sequences capable of forming GQ folds, 

several algorithms have been developed (e.g. G≥3N1–7G≥3N1–7G≥3N1–7G≥3) to predict 

potential quadruplex forming sequences in genomes61,62.  G4 hunter is one such 

program that measures the G-richness and G-skewedness of a given query sequence 

and comes up with a quadruplex propensity score63.  An another program called QGRS 

A few 
approaches 
to probe for 
G4s in vivo

GQ recognizing ligands/antibodies Polymerase Stop Assay

Computational Prediction

Helicase ActivityIn-Vivo 19F NMR

In-Vivo Chemical Probing
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mapper makes quadruplex prediction using the algorithm GxNy1GxNy2GxNy3Gx, where x 

(number of tetrad)  2 and y1,y2,y3 (loop lengths) can be flexible and are user 

specified64.  However, none of these existing algorithms are wholly satisfactory for 

making robust predictions of GQ formation, particularly where quadruplex formation 

involves unconventionally long loops and bulged out structures.  Very recently, improved 

algorithms involving the use of machine learning have been incorporated to predict the 

GQ’s formation, taking into account the role of unusually long loops and other subtle 

deviations seen in quadruplex formation65.  A total of 400,000 potential GQs have been 

estimated to exist in human genome using computational algorithms.  Further 

improvement in these algorithms are expected to be very helpful in advancing the 

mapping of GQs, both at the level of the genome as well as transcriptome, in association 

with experimental data. 

1.5.3. Polymerase Stop Assay 

In 2015, Chambers et al, came up with an alternate way of finding GQs within 

genomes66.  The procedure involved extraction of total genomic DNA followed by primer 

extension under two different experimental conditions (Figure 1-12).  First, a non-GQ-

stabilizing condition (such as in the presence of Li+) and second, a GQ stabilizing 

condition (e.g., in presence of K+ or GQ stabilizing ligand Pyridostatin). The sites where 

a polymerase halted during primer extension under quadruplex-stabilizing conditions 

were mapped back to the genome to find the sites for potential GQs.  While not 

necessarily giving a true representation of the in-cellular situation, this method 

nevertheless helps to identify genomic hotspots that have a high potential to fold into 

GQs. 
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Figure 1-12.  Polymerase stop assay.  Extracted genomic DNA are sequenced under two conditions.  
Read 1: under Li+ sequencing condition (which doesn’t favor G-quadruplex) and Read 2: under G-
Quadruplex stabilizing condition (K+ and PDS).  Sites of mismatch and difference in the sequencing quality 
between read 1 and read 2 is analyzed to find GQ forming loci.  Adopted, with permission, from ref (67). 

 

1.5.4. Helicase Activity 

Indirect evidence for the formation of transient GQs come from “loss & gain-of-

function” studies carried out with intracellular GQ-specific helicases.  Some major GQ 

specific helicases are FANCJ68 and the Bloom helicase69. Cell lines from patients with 

depleted FANCJ have been shown to accumulate large genomic DNA deletions that 

map to sites of potential GQs within the genome70,71.  Similarly, depletion of Pif1 DNA 
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helicase in Yeast is shown to correlate with genetic instability of the alleles of G-rich 

human microsatellite CEB1 (shown to form stable G-quadruplexes in vitro) when 

inserted in the yeast S. cerevisiae genome72. 

1.5.5. in vivo 19F NMR 

Aside from mapping genomic G-Quadruplexes, a different approach has been 

used to test the capability of an intracellular milieu for the successful folding of a pre-

denatured and synthetic, potentially GQ-forming sequence into GQ intracellularly.  To 

validate this methodology, in-cell NMR was done after synthetic GQ-forming RNA 

sequences chemically derivatized with 19F at 5’ terminus , was transfected into X.laevis 

Oocyte73.  The use of 19F ensured a very low background signal and thus helped in 

minimizing noise in the experiments.  in-cell NMR experiments were consistent with the 

proper folding of the injected synthetic sequences into GQs, confirming that intracellular 

milieus are competent for supporting and stabilizing G-quadruplex folds of RNA. 

1.5.6. In vivo chemical probing 

Chemical footprinting is often used as a classic approach, in vitro, for the 

characterization of various DNA secondary structures74 (See Section 1.10.3).  One of the 

most common modifications that is used to study GQs is alkylation by dimethyl sulphate 

(DMS).  DMS modifies the N7 position of guanine when it is not involved in hydrogen 

bonding, such as in forming G-quartets and YR*Y base triples.  Guanines that undergo 

DMS modification at the N7 position become prone to cleavage upon heating in the 

presence of aqueous piperidine (an organic base).  DMS also methylates N1 position of 

adenine and N3 position of cytosine.  DMS Modifications in the case of adenine and 

cytosine are usually detectable not by piperidine mediated cleavage but by primer 

extension blockage one nucleotide prior to modification site.  To probe for GQs in vivo, 

however, potassium permanganate (KMnO4), another common footprinting reagent, has 

been used preferentially.  KMnO4 easily penetrates the cells and oxidises 

unpaired/looped out thymines which often accompany GQ formation75.  The DNA 

backbone at such oxidised bases can then be cleaved by specific nucleases such as 

nuclease S1, and used to map potential GQ formation in vivo. 
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Using a combination of the different approaches discussed above, a consensus 

of ~700,000 potential GQs have been estimated to be capable of forming in the human 

genome.  A recent, separate, study done by the Shankar Balasubramanian group has 

reported a quantitative and comparative assessment of potential GQ sites in various 

model organisms67.  The distribution of predicted GQs is very diverse on different 

chromosomes.  Initial discoveries identified telomeric regions to be hotspots for GQ 

formation but later, upon detailed investigation, remarkably different observations were 

made.  Incubating GQ-specific antibody (BG4) with individual chromosomes during 

metaphase revealed that ~75 % of the identified potential GQ-folding foci co-localized in 

non-telomeric regions57.  A large proportion of these GQ sites, in the non-telomeric 

regions, lie in the promoter regions of either proto-oncogenes or genes related to 

neurological disorders.  Some of the proto-oncogenes known to carry putative sites of 

GQ formation in their promoters are c-MYC76, BCL-277, KRAS78, NRAS79, KIT80, VEGF81, 

Her282, PIM183 etc.  Similarly, genes related to neurological disorders with genes linked 

of GQ formation include CSTB 84 (progressive myoclonus epilepsy type1), FMR185 

(Fragile X Syndrome), NOP5686 (spinocerebellar ataxia), PRNP87 (familial Creutzfeldt-

Jakob Disease), and C9orf7288 (Amyotrophic Lateral Sclerosis/Frontotemporal 

dementia) etc.  

 

1.6. Roles of GQs in Neurological Disorders: the 
(CCGGGG)n repeat expansion in ALS 

GQs have been found to be key regulators in the etiology and symptoms of 

neurological disorders.  Three major mechanisms regarding how GQs lead to pathology 

in these disorders are considered to be: a) at the level of genome; b) at the level of 

transcriptome; and c) at the level of the proteome.  One of the classic cases that 

appears to involve in all the three levels of the above is the hexanucleotide repeat 

expansion sequence [d(CCGGGG)n] linked to familial Amyotrophic Lateral Sclerosis 

(ALS) and frontotemporal dementia (FTD). 

Hexanucleotide repeat expansion of the repeat sequence, d(CCGGGG)n, is 

found in the 5’ UTR of the C9orf72 gene89,90.  In normal population, this sequence is 

repeated 20-30 times or less; however, in the pathology of the disease, this repeat 
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expansion magnifies to hundreds- to thousands-fold91,92.  At the level of DNA, d(C2G4) n 

single strand and its complementary strands have been shown, in vitro, to form unusual 

secondary structures, such as R-loops, i-motif, hairpins, and most prominently, GQs.  

These alternate structures, if present in repeat-expansion afflicted neurons, can 

potentially cause down-regulation in gene expression leading to reduced levels of the 

coded protein93–95.  Indeed, the repeat expansion has been shown to decrease c9orf72 

expression89.  At the level of RNA, r(C2G4) n repeats form tangled GQ foci, both in the 

nucleus and cytoplasm.  These foci likely serve to sequester many RNA binding proteins 

including splicing factors96–99 as well as cellular heme100.  Such a sequestration leads to 

defective pre-mRNA splicing.  Finally, at the level of proteins, the RNA transcripts that 

are produced, undergo non-AUG initiated translation (RAN) to generate dipeptide 

repeats and are hypothesised to cause toxicity101,102.  Following on from these above 

identified roles of alternate secondary structures of d(CCGGGG)n in causing pathology, 

Chapter 2 of this thesis lays out the discovery of a unique secondary fold by this very 

DNA sequence under mildly acidic conditions, named as “iCD-DNA”.  

 

1.7. DNA application in Nano-Technology 

Owing to its easy replication, low cost of synthesis, precise and reversible self-

assembly properties, robust chemical stability, and feasible charge conductivity through 

it, DNA has been considered as an excellent material for diverse use in the field of 

nanotechnology2–6.  Different combinations of the secondary structures of DNA: in 

particular, GQs, i-motifs and DNA triplexes, have played pioneering roles in DNA’s utility 

for nanotechnological constructions and applications.  

The Sen lab has done notable work in designing electric nano-switches using 

DNA.  In this paradigm, electrical switching of a DNA construct involves a conformational 

change between two possible structures of the same DNA sequence construct.  One of 

the two conformers has a higher electrical conductivity than the other.  In 2014, Huang et 

al., designed a ‘P-duplex’, which incorporated a stretch of mismatched guanines in 

opposite strands of a duplex103.  The P-duplex, in the absence of K+, is a poorly 

conductive conformer (E-form), which in the presence of K+ folds to form an 

intramolecular G-quadruplex with significantly higher conductivity (C-form).  Non-
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canonical structures of DNA have also been used to make logic gates104,105.  A logic gate 

is an electronic circuit which forms a fundamental unit of any digital system.  It consists 

of one or greater than one input portals and only one output. The relations between the 

input and output possibilities is represented in a “truth table”. 

DNA nanowires or long 1-Dimensional DNA nanostructures (1DDN) have been 

an another burgeoning area of exploration in the field of DNA nanotechnology.  GQs and 

i-motif have proven particularly useful in the designing of long DNA nanowires because 

of their increased stiffness, conductivity, thermal stability and resistance to nucleases 

compared to canonical duplexes.  The wires, so generated, in the case of GQs is called 

‘G-Wire’ and in the case of i-motif , is referred to as ‘C-Wire’106,107.  DNA Duplexes, on 

the other hand, have been a very poor candidate for wire formation because of their low 

persistence length (~50 nm)108. 

Chapter 3 of this thesis discusses a novel approach for designing a long and 

reversible 1-Dimensional DNA nanowire/nanostructure using a hybrid of Triplex-

Quadruplex DNA tile.   

 

1.8. Heme-G-quadruplex interaction 

Heme is a naturally occurring, ubiquitous cofactor present in every cell.  Heme is 

a metalloporphyrin consisting of protoporphyrin IX complexed with iron (Figure 1-13).  

The chemical structure of heme (iron protoporphyrin IX) consists of four pyrrole rings 

with four methyl groups, two vinyl groups and two propionate groups attached.  This 

makes heme chemically multifaceted.  It has both hydrophobic groups (porphyrin ring, 

methyl and vinyl groups) and hydrophilic groups (iron and propionate).  Such a chemical 

composition makes heme fit for both hydrophilic and hydrophobic environments.  For 

example, heme can make stacking interactions through fitting suitably in hydrophobic 

pockets of certain enzymes in addition to interactions through salt bridges.  The most 

stable and known oxidation state of iron in heme are Fe+2 (ferrous) and Fe+3(ferric).  

Although ‘heme’ is used interchangeably as a generic term to identify both ferrous and 

ferric forms of iron protoporphyrin IX; in its correct form, heme refers to ferrous 
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protoporphyrin IX.  Hemin is used for ferric protoporphyrin IX.  The net charge of hemin 

is +1 and normally exits with counterion like Cl-. 

 

Figure 1-13.  Chemical structure of iron protoporphyrin IX.  Heme consists of four pyrrole group with 
four methyl groups, two vinyl groups and two propionate groups.  

 

Heme level is tightly regulated inside cells.  In human, around 80% of the heme 

is made and present in red blood cells; ~15 % is synthesized and is present in liver and 

the rest is distributed to other tissues109.  Heme is used as a cofactor by a class of 

proteins called hemoproteins which perform a diversity of functions.  These include: 

haemoglobin and myoglobin that transport and store blood oxygen, respectively; 

cytochromes and oxidoreductases that support cellular energy generation and 

biosynthesis; peroxidases that perform oxidative catalyses; cytochrome P450 

monooxygenases that are involved in drug metabolism and synthesis of endogenous 

substances such as steroids and lipids; and heme oxygenases that control heme 

degradation processes as well as synthesis of important neuromodulators.  Other than 

acting as a cofactor for many proteins, heme has been found to serve as a signalling 

molecule inside cells110.  It has also been found to control basic molecular and cellular 

processes such as gene transcription, protein localization and assemblies109.   

The catalytic property of hemoprotein - peroxidases and monooxygenases - are 

highly related to a particular secondary fold of guanine-rich ssDNA/RNA called ‘G-

Quadruplex’ that binds heme and possess similar activities.  Peroxidases are the 
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enzymes that catalyze one electron oxidation of various organic and inorganic substrate 

using peroxide (usually H2O2).  The most studied peroxidase are horseradish peroxidase 

(HRP), cytochrome c peroxidase (CcP), ascorbate peroxidase (APX), lignin peroxidase, 

myeloperoxidase (MPO) and lactoperoxidase (LPO).  Monooxygenases, on the other 

hand, are the enzymes that catalyse the insertion of a single oxygen atom from O2 into 

an organic substrate (two electron oxidation), e.g., cytochrome P450 monooxygenases. 

Other than naturally occurring peroxidases, an interesting class of non-natural 

peptide sequences are also capable of performing peroxidase like functions.  These 

peptides are referred to as catalytic antibodies or abzymes.  Lerner, Schultz and co-

workers have generated numerous abzymes that catalyze a wide variety of substrate 

utilizing the transition state mimics111,112.  Discovery of such non-natural abzymes 

became an inspiration for the search of DNA/RNA that could be capable of binding and 

activating heme.  

In late 1990s, Sen and coworkers found, for the first time, that GQs are excellent 

binders of heme (Kd in range of 10-500 nM)53,113–119.  Comparison of the UV-visible 

absorption spectra of a heme-protein enzyme (e.g. metmyoglobin, the Fe(III)-oxidised 

form of myoglobin) and the heme-GQ complex resembled each other greatly119.  

Notably, the heme-GQ complex and the heme-protein enzyme120 showed a similar and 

extensive hyperchromism in the Soret region (~400 nm)119.  Such Soret band 

hyperchromism is an indicator of enhanced hydrophobicity in the environment of the 

bound heme relative to water. 

It is well-known now that heme binds to GQs by end-stacking on the terminal 

quartets.  And that heme, preferentially binds strongly to parallel quadruplex than the 

anti-parallel ones121.  The mechanism of heme activation both by protein enzyme and by 

GQs has been found to be very similar.  In the oxidized form of myoglobin, the Fe (III) 

has a 6-co-ordination where the proximal position coordinates to a nitrogen atom from a 

histidine residue and the distal site is occupied by water.  In GQ-heme complex, the 6th 

distal position is coordinated with water which can be exchanged with peroxide under 

suitable conditions122, and the proximal ligand is hypothesized to be guanine or water55. 

Phenolic substrate like Tyramine, Tyrosine and substituted Tyramide are very 

good substrate for Heme-GQ complex (also referred to as Heme-DNAzyme)123.  Heme-
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DNAzyme system can oxidize a broad range of substrate with around 70-fold enhanced 

rate as against heme alone123.  Also, for several phenolic substrate Heme-DNAzyme 

system has been reported to exhibits a faster rate of oxidation than the Horseradish 

Peroxidase123. 

While GQs are an excellent binder of heme, no other naturally occurring fold of 

DNA/RNA has been found to bind and activate heme.  In a recent study conducted by 

Shumayrikh et al., it was found that planar iso-guanine (iG) pentaplexes (but not the 

non-planar iG quadruplexes) bind and exhibit peroxidase activity comparably to heme-

GQs124.  iG-pentaplexes and G-Quadruplexes have a planar structure whereas iG-

quadruplexes are non-planar.  Given this observation, a planarity and distally 

coordinated nucleobase seems sufficient for heme activation.  

Chapter 4 of this thesis will discuss in detail the relevance of this heme-GQ 

interaction, and will describe the development of a new and low-perturbative approach at 

capturing both DNA and RNA GQs, both in vitro and within living cells. 

 

1.9. SELEX  

Selex (Systematic Evolution of Ligands by EXponential enrichment), also known 

as “in vitro selection”, is a combinatorial chemistry technique that allows simultaneous 

screening of a large and diverse pool (library) of single stranded DNA/RNA molecules 

against a given target with an aim to isolate either an aptamer (unique DNA/RNA 

sequence that binds to a given target with high affinity) or DNAzyme/Ribozyme 

(DNA/RNA sequence that catalyzes a chemical reaction upon binding to the target, 

respectively).  Selex technology was first developed in 1990 by Ellington and Szostak125 

and Tuerk and Gold126, separately.  A general workflow of SELEX involves a random 

library of single stranded DNA sequence (1014-1015) which is incubated with a target 

molecule (Figure 1-14).  A very small fraction of DNA sequence that successfully binds 

to the target in the first round of Selex is separated from the unbound fraction and is 

amplified using PCR.  This whole cycle is repeated for multiple rounds (usually 8-15) till 

a sufficient enrichment in the functional sequence is obtained.  There are few additional 

steps involved in the process of in vitro selection to find RNA aptamers.  The RNA of 
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interest in each round is converted into complementary DNA by reverse transcription, 

followed by PCR amplification and in-vitro transcription to re-generate the RNA library for 

next round of selection.  Since the initial conceptualization of this technique, there has 

been a lot of modifications and it has resulted in the generation of thousands of 

aptamers targeting amino acids, organic molecules, proteins, small metal ions, virus, 

bacteria and whole cells1.  

 

Figure 1-14. Schematic representation of Selex.  DNA/RNA aptamer Selex protocol.  The starting library 
consists of DNA/RNA sequence with 50 variable nucleotides (N50) enclosed by two constant flanking 
regions used for PCR amplification.  

 

1.10. Biophysical and Biochemical tools to study DNA/RNA 
secondary structures 

This section gives a detail on the tools and techniques that are used to study the 

secondary structures of DNA and RNA.  It will form the basis to understand all the works 

that have been explained in the subsequent chapters.  

1.10.1. CD-Spectroscopy 

CD, or Circular Dichroism, Spectroscopy is an absorption spectroscopy that 

provides structural information of chiral molecules and assemblies.  CD Spectra is the 

measure of the differential absorption of the right-handed Vs left-handed circularly 
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polarized light as a function of wavelength by an asymmetric molecule.  Light is an 

electromagnetic wave where electric and magnetic field component oscillate 

perpendicularly in the direction of propagation of light.  Light can either be un-polarized 

or polarized.  Also, light can be polarized either linearly or circularly.  Most of the light 

emitting sources emits un-polarized light.  In un-polarized light the two components 

(electric and magnetic) oscillate randomly in many different directions.  In linearly 

polarized light, the electromagnetic waves oscillated along a single plane while in 

circularly polarized light, two electromagnetic waves oscillated in planes with 90o phase 

difference (Figure 1-15).  Light can be circularly polarized in two directions: Left-handed 

circular polarization, when the vector rotates counter-clockwise looking down the axis of 

propagation and Right-handed circular polarization, when the vector rotates clockwise 

looking down the axis of propagation.  

 

Figure 1-15. Linear and Circular Polarization of Light.  (Left): Linear polarized light: Electromagnetic 
waves oscillating along a single plane parallel to the plane of polarization.  (right) Circular polarized light: 
Electromagnetic waves oscillating in planes with 90o phase difference. 

 

Nucleic Acids, Proteins and many other biomolecules are chiral, i.e., they do not 

have a plane of symmetry.  These chiral molecules are optically active as they can rotate 

the plane of polarization when they come in the path of plane/linear polarized light.  

Another interesting phenomenon observed with a chiral molecule is that it shows a 

differential absorption to right-handed vs left-handed circularly polarized light.  As a 

result of which chiral molecule produces a unique CD spectrum.   

The basic principle behind CD spectroscopy is summarized in Figure 1-16.  A 

linear polarized light is converted to an alternating right and left-handed circularly 

polarized light which is then passed through an optically active (chiral) molecule.  The 
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differential absorption of the two polarizations by an optically active molecule is then 

detected by a Photo Multiplier Tube (PMT) and is reported either in the units of 

absorbance or historically in unit of Molar Ellipticity () in deg.cm2.dmol-1. 

In theory, quantum mechanics approach can be used to calculate the CD spectra 

of nucleic acids, however, given the complexity of DNA/RNA, CD spectra of nucleic 

acids have mostly been interpreted empirically.  CD spectra of the quadruplex arises 

primarily due the stacking arrangements of guanine base steps within a G-Quartet stack 

and the accompanying glycosidic bond orientation of guanosine.  As a general rule-of-

thumb, ‘parallel GQ’ with a positive CD peak at 260 nm and a negative one at 240 nm; 

and ‘antiparallel-GQ’ with a positive CD peak at 290 nm and a negative one at 260 nm 

are widely accepted for GQ characterization.  Kypr J. et al. has summarized the 

signatory CD spectra of different secondary structures of DNA namely A, B and Z form 

of duplex, triplex, cytosine i-motif and G-Quadruplexes127.  Table 1-2 below summarizes 

the key CD spectra features for different secondary structures of DNA.  Similarly, 

signatory CD spectra of different secondary structures of proteins have been 

documented by Norma J. Greenfield128.  Briefly, alpha helix has a negative CD peak at 

222 nm and 208 nm and a positive one at 190 nm; beta-sheet has a negative band at 

218 nm and a positive at 196 nm; and the random coil shows a negative band at 195 nm 

and a positive band at 212 nm.  
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Figure 1-16.  Basic principle behind CD Spectroscopy.  A linear polarized light is passed through 
photoelastic modulator which generates alternating left and right-handed circular polarized light.  The 
alternating left and right-handed circular polarized light are differentially absorbed by an optically active 
(chiral) molecule which is detected by a Photo Multiplier Tube (PMT).  
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Table 1-2. CD Signature for different secondary folds of nucleic acid.  An empirical observation of the 
signatory CD features for different secondary structures of Nucleic acids.  #: Anti-parallel and parallel 
directions are with respect to the purine strand participating in the Watson-Crick duplex strand of the triplex 
structure.  Note that triplexes don’t have characteristic CD spectrum like duplexes or quadruplexes, different 
triplex sequence produces different CD spectra127.    

Nucleic Acids 
secondary 
Structure 

Handedness Types Ellipticity 
Maxima 
(in nm) 

Ellipticity
Minima 
(in nm) 

Other 
features 

Ref 

 

Duplex  

Right-Handed A-type  ~260 ~210  127 

B-type  260-280 ~245  

 

Left-Handed 

Z-type  ~260 ~290 Extreme 
negative 
band at 
~210 nm 

 

Triplexes 

Right-Handed YR*R (Anti-
Parallel) # 

~260 ~230  129 

YR*Y 
(Parallel)# 

259 & 284 ~248  130 

 

G-Quadruplexes 

Right-Handed Parallel  ~264 ~245  127 

Anti-parallel  ~295 ~260  

Mixed/Hybrid  ~295 ~245 Additional 
shoulder 
at ~260 

Left-Handed Parallel (ZG4) ~245 ~280  131 

i-motif (cytosine 
tetraplexes) 

Right-Handed Anti-parallel 290 ~260  127 

 

1.10.2. NMR 

Although CD spectroscopy offers a rapid, easy and reliable method for the study 

of different secondary structures of DNA/RNA, it fails to give residue specific i.e., high-

resolution information (e.g., Hydrogen bonding pattern) as well as overall 3D structural 

information.  Nuclear magnetic resonance (NMR), in such a scenario, is a very helpful 

alternative approach, with the benefit of solving DNA/RNA 3D structure at atomic or 

near-atomic resolution in solutions.  NMR is capable of providing a large variety of 

information on the structure and dynamics of DNA and RNA. 
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Nuclear magnetic resonance measures the chemical shift i.e., the resonant 

frequency of a spin/NMR active nuclei (e.g., 1H, 13C, 15N, 31P) with respect to a standard 

reference in a magnetic field.  Multidimensional NMR spectra gives a lot of information 

about the structure, dynamics and functions of DNA/RNA.  Using 1D proton NMR, one 

can identify the nature of hydrogen bonding between the bases (e.g. Watson Crick H-

bond show an imino proton signatory chemical shift between 12-15 ppm whereas 

Hoogsteen H-bond show a signatory chemical shifts between 10-12 ppm132,133).  2D 

NMR on the other hand gives two general classes of distance information: A.) COSY 

(COrrelated SpectroscopY): It gives the distance information between neighbouring 

atoms using the bond data.  Correlation involves a spin-spin coupling in neighbouring 

bonded atoms.  B.) NOESY (Nuclear Overhauser Effect SpectroscopY): It gives the 

distance information between two atoms through space data i.e., two atoms which are 

close in space even if they are not bonded.  3D NMR experiments are constructed from 

the combination of two 2D NMR.  3D NMR provides some added advantage from 2D 

NMR in the sense that it introduces a third dimension and helps in overcoming the peak 

overlap problem of 2D NMR.  However, it comes with a cost of increase in acquire time 

for capturing the spectra. 

1.10.3. Gel Electrophoresis and chemical footprinting 

CD and NMR provide a great degree of insight onto the structural aspect of the 

3D structure of DNA/RNA.  However, one of the major limitations for these technique is 

the necessity to have a pure/homogenous mixture.  A heterogeneous mixture of 

DNA/RNA makes it very hard to explain the CD or the NMR data.  One of the simplest 

and cost-effective way of determining the different higher order structures of DNA/RNA 

even in a heterogeneous mixture is gel electrophoresis.  

Gel electrophoresis is used to separate DNA/RNA molecules as per their size. 

Gel electrophoresis are run mainly under two conditions: 1.) Native and 2.) Denaturing. 

Native gel electrophoresis is used when DNA/RNA are to be separated keeping their 

folded conformation intact whereas denaturing gel is used to separate DNA/RNA after 

they have been denatured as a single strand.  

Gel electrophoresis is often coupled with different chemical footprinting 

experiments to inquire more about the hydrogen bonding patterns involved in a 
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secondary structure of DNA/RNA.  The general procedure of chemical footprinting 

involves covalent modification of the DNA/RNA at specified sites with unique chemicals.  

These chemically modified sites then become amenable to cleavage when treated with 

mild bases like piperidine.  Denaturing gel is then used to see the modified sites. Some 

of the most widely used chemical modifications are DMS (for ‘N7’ position of G and ‘N3’ 

position of A74), Hydrazine (for C and T mismatch74), Hydroxylamine (for C mismatch134), 

Osmium Tetroxide (for T and C mismatch134) and Bromide (for C-Bulge135). 

1.10.4. Atomic Force Microscopy (AFM) 

Atomic force microscopy was invented in 1985 by Binnig, Quate and Gerber as a high 

resolution version of scanning probe microscopy136.  It enabled imaging compatibility 

with almost any type of surface, including glass, various polymers, ceramics, and, most 

importantly, with biological samples.  AFM works on “surface sensing” mechanism.  The 

basic principle of AFM involves a sharp tip (radius ~ 5 -10 nm) with a cantilever micro-

fabricated with Si or Si3N4, which can be used to raster-scan over a surface pre-

deposited with a target material of interest (in terms of what is presented in this thesis, it 

is DNA).  The cantilever/tip assembly that interacts with the target material is also called 

a probe.  In a tapping mode, the tip taps the surface in a systematic scanning process.  

The trajectory of the tip i.e., its up and down as well as side to side motion is monitored 

using a laser beam deflection system as shown in Figure 1-17.  A laser beam 

continuously hits the probe during the scan and the reflected beam (from the probe) is 

tracked by a position sensitive photo-detector (PSPD).  The reflected laser beam falling 

on the photo-detector captures the vertical and lateral motion of the probe.  The motion 

of the probe, in turn, is influenced by surface topography which varies in the presence or 

absence of the sample being deposited over the surface.  In tapping mode, the tip 

doesn’t touch the surface physically rather the cantilever tip oscillates just above the 

surface while it scans.  A very precise high speed feedback loop is used to prevent the 

cantilever tip from crashing into the surface.  As the tip approaches the surface, tip-

surface interaction causes the oscillation amplitude of the cantilever to decrease.  The 

feedback loop corrects for the deviations in these amplitude and generates the image of 

the surface topography. 
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1.10.5. Transmission Electron Microscopy (TEM) 

The earliest demonstration of TEM was given by Max Knoll and Ernst Ruska in 

1931, and a commercialized version of an instrument came in 1939137.  Since then, TEM 

has become a powerful tool for visualizing miniaturization in the order of 0.2 nm.  TEM 

works on the principle of a light microscope; however, it uses electrons rather than the 

light.  Electrons have a wavelength of electron = 10-10 m which is relatively very smaller 

compared to visible light’s wavelength spectrum (visible-light = 380-700 nm).  This enables 

TEM to achieve a very high magnification.  The working principle of TEM involves a high 

energy beam of electron, focused into thin, small, and coherent beam using a condenser 

lens, that is shone through the specimen deposited on formvar/carbon coated copper 

mesh TEM grids.  Detailed informative features of the sample are then reconstructed 

using the interaction between the electron and the atoms of the sample.  Modern TEM 

instruments are further capable of an X-ray technique called EDX (Energy Dispersive 

Analysis, also known as EDS or EDAX), which allows identification of the elemental 

composition of target materials.  The basic principle of EDX involves an electron beam 

hitting the inner shell of an atom.  It knocks off an electron from this shell leaving a 

positively charged electron hole.  This electron displacement attracts an electron from 

the outer shell to come and fulfill its vacancy.  The displacement of an electron from an 

outer (high energy) to the inner (low energy) shell is released as X-ray.  The energy of 

this X-ray is unique to specific elements.  TEM instruments are equipped with silicon drift 

detector (SSD), an X-ray detector, to detect this energy and identify the individual 

elements in the specimen. 
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Figure 1-17. Basic principle of AFM.  Schematic showing the ‘surface sensing’ mechanism of AFM.  A 
sharp tip (radius ~5-10 nm) raster-scans a surface pre-deposited with a sample of interest e.g., DNA.  The 
trajectory of the tip is monitored by a laser beam deflection system.  In a tapping mode the cantilever tip just 
oscillates above the surface without touching it.  As the proximity between the tip and the surface decreases, 
tip-surface interaction causes the oscillation amplitude to decrease.  A very high precise feedback loop, 
which prevents the tip from crashing into the surface, corrects for these amplitudes and generates the image 
of surface topology. 
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Chapter 2.  
 
(C2G4)n repeat expansion sequences from the 
C9orf72 gene form an unusual DNA higher order 
structure in the pH range of 5-6 

2.1. Introduction 

Human genome roughly consists of around 30% loci with repetitive sequence 

scattered in the microsatellite regions138.  These regions have a variable number of 

repeat segments in a given population which provides them the benefit of evolutionary 

plasticity.  However, when these repeat regions expand beyond their normal repeat 

length, it leads to pathology.  There are a range of neurodegenerative disease 

associated with repeat expansion disorders (Table 2-1).  One common observation 

across these repeat segments is that they are highly “GC” rich.  Given the importance of 

‘G’ and ‘C’ nucleobases in the formation of non-canonical secondary structures of DNA 

and RNA, it is highly conceivable that the presence of ‘G’ and ‘C’ in these repeats, 

beyond a particular threshold, may trigger pathology through the formation of non-

canonical secondary structures.  

In particular, a hexanucleotide sequence of d(C2G4)n, present at the 5’ UTR of 

C9orf72 gene, when goes in the range of thousands of repeats (n~1000-1500), causes 

multiple disorders like Amyotrophic Lateral Sclerosis (ALS) and Frontotemporal 

Dementia (FTD).  In normal individuals, this hexanucleotide expansion lies in the range 

of 30-40 and normally remains double helical.  However, upon expansion, it is expected 

to switch from duplex to other non-canonical secondary structures.  In fact, using 

synthetic oligos of d(G4C2)n, it has been shown in vitro that this sequence forms a 

mixture of parallel and antiparallel GQs at physiological pH in the presence of K+139.  

In studying potential secondary structures formed by repeats of d(C2G4)n single 

stranded DNA sequences, I found the formation of an unexpected higher-order structure 

(referred to as “iCD-DNA”), in response to incubation at moderate to high DNA 

concentrations at mildly acidic condition.  Described below is a study that uses circular 
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dichroism (CD), native gel mobility and footprinting analysis to investigate this unusual 

higher order structure.  

Table 2-1.  List of Repeat Expansion Causing Neurological Disorder.  Table showing different repeat 
expansion related disorders with their repeat length in normal and pathological individuals.   

Repeat 

Seq 

Diseases  Normal  Diseased Ref 

C2G4 • Amyotrophic Lateral Sclerosis (ALS) 

• Frontotemporal Dementia (FTD) 

~2-23 1000-

1600 

89 

(C4G)2CG • EPM1 (Myoclonic Epilepsy) 2-3 Upto 75 140 

G2C2TG • Spinocerebellar Ataxia Type 36 3-14 650-2500 141 

AT2CT • Spinocerebellar Ataxia Type 10 10-29 800-4500 142 

CCTG • Myotonic Dystrophy Type 2 30 ~5000 143 

GCC • FRAXE mental retardation 6-25 >200 144 

GCG • Oculopharyngeal muscular dystrophy 6 8-13 145 

GAA • Friedreich Ataxia 6-10 66-1800 146 

CTG • Myotonic Dystrophy type 1 

• Huntington disease-like 2 

• Spinocerebellar ataxia type 8 

• Fuchs Corneal Dystrophy 

5-30 ~700- 

>1000 

147 

CAG • Huntington disease 

• Spinal and bulbar muscular Dystrophy 

• Dentatorubral-pallidoluysian atrophy and 
seven SCAs 

<26 >65 138,148 
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2.2. Material and Methods 

2.2.1. DNA preparation and incubation 

All DNA oligonucleotides were purchased from the Core DNA Services Inc. (Calgary, 

Canada).  Oligonucleotides were dissolved in TE buffer (10 mM Tris, 0.1 mM EDTA, pH 

7.4), purified once by ethanol precipitation from TE containing 400 mM LiCl.  DNA pellets 

so obtained were redissolved in TE buffer.  Oligonucleotides used for native gel mobility 

analysis and for DMS footprinting experiments were 5' labelled with32P using γ-32P ATP 

and a standard kinasing protocol, and then PAGE-purified following a pre-treatment with 

10% (v/v) freshly prepared piperidine (v/v) at 90° C for 30 minutes prior to lyophilization. 

For incubations, the DNA was heat denatured at 100° C in a water bath for 4 

minutes, followed by immediate cooling in ice.  Incubations were generally carried out 

with 700 μM DNA in the appropriate buffer solution, at 37° C.  The DNA solution was 

then diluted with the same or another buffer to give 20 μM DNA, suitable for CD 

spectroscopy and other experiments.  However, in many instances, incubations were 

carried out directly with 20 μM DNA, with end results indistinguishable from the higher 

concentration DNA incubations. 

2.2.2. Native gel electrophoresis and DMS Footprinting 

Native gel electrophoresis of d(C2G4)7 was carried out in 7.5% bis/polyacrylamide 

(29:1) gels and run in TAE-Li Buffer (20 mM Tris, 1mM EDTA, 45 mM acetic acid and 20 

mM lithium citrate, pH 5.2).  Gels were run at 22° C for 4 hrs at 9 W with efficient cooling.  

Incubated DNA solutions were mixed with native gel loading buffer (50 mM Tris acetate, 

pH 5.2, 30% glycerol and loading dyes) prior to loading on gels. 

Following incubation of 32P-5’-labeled d(C2G4)7 at a concentration of 700 μM in 

150 mM Lithium Citrate, pH 5.2, at 37°C for 14 hrs, partial DNA modification with 

dimethyl sulfate (DMS) was carried out by addition of 0.2% DMS (freshly prepared in 10 

mM Tris, pH 5.2).  The mixture was allowed to incubate for 30 min at 22° C, and the 

reaction stopped using ß-mercaptoethanol.  Treated solutions were then run on native 

gels.  The observed slow (s) and fast (f) moving bands were excised from the gel and 

their DNA eluted into TE buffer.  DNA was recovered by ethanol precipitation, washed 



42 

with cold 70% ethanol, dried, dissolved in freshly prepared 10% v/v piperidine, and 

heated at 90° C for 30 min.  Following lyophilization, the DNA was dissolved in 

denaturing gel loading buffer (95% formamide, 1 mM EDTA, and loading dyes) and run 

in 20% denaturing/ sequencing gels. 

2.2.3. Gel Data Analysis 

Imaging and densitometry of native and sequencing gels running 32P-labeled 

DNA were carried out on a Typhoon 9410 Phosphorimager (Amersham Biosciences).  

Quantitation was carried out using the ImageQuant 5.2 software (Amersham). 

2.2.4. Circular Dichroism (CD) Spectroscopy 

Following incubation and dilution of the DNA, as above, CD spectra was 

recorded in a Jasco-810 Spectropolarimeter (Jasco, Easton, MD) using a quartz cell of 

0.5 mm optical path length.  The scanning speed was fixed at 500 nm/min, with a 

response time of 1 s, and scans were carried out over a wavelength range of 220–320 

nm.  The spectra in the figures represent averages of 5 sequential scans, all measured 

at 22° C with baseline correction. 

 

2.3. Results  

2.3.1. Inverted CD spectrum of d(C2G4)7 in the absence of G-
quadruplex stabilizing cations 

While preparing a negative control for a CD spectroscopic study of G-quadruplex 

formation by d(C2G4)7, I observed that this oligomer, dissolved at 700 μM concentration 

in TE-LiCl buffer (10 mM Tris, pH 7.4, 0.1 mM EDTA, 150 mM LiCl) and incubated at 37° 

C for up to 5 days, showed an unusual circular dichroism spectrum.  Figure 2-1.a, 

shows spectra for 14-hour and 5-day incubations, with the latter being a smooth, 

inverted CD spectrum (with a maximum at ~255 nm and a minimum, with net negative 

ellipticity, at ~280 nm).  Such a CD spectrum represents an “inversion” of CD spectra 

typically observed for A-DNA, B-DNA, as well as for classic DNA triplexes and G-

quadruplexes127.  The relative lack of shoulders in the appearance of the inverted 
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spectrum suggested either a unitary DNA species or a series of structurally related 

species rather than a complexly heterogeneous mixture.  The long incubation at 

relatively high DNA concentration (at least at this pH) that gave rise to this CD signal, 

also suggested that these were slow-forming, thermodynamically rather than kinetically 

favoured DNA product or products (from this point referred to as “iCD-DNA”). 

Given that d(C2G4)7 contains only two of the four nucleobases, G and C, and the 

known important role of protonated cytosines in the formation of non-canonical 

secondary DNA structures like triplex and i-motif, I investigated whether pH values of < 

7.0 impacted on the inverted CD spectrum.  Figure 2-1.b shows that low pH values do 

indeed accentuate the ellipticity inversion, with amplitudes intensifying even in the 5.2–

5.0 pH range and at shorter incubation times than at neutral pH.  Figure 2-1.c plots 

molar ellipticity at 280 nm as a function of pH in the 5.0–7.4 range, obtained from the 

data in Figure 2-1.b.  The dependence was fitted with a sigmoidal function, with an 

inflection observed at pH 5.46.  Roughly, such an inflection pH is consistent with 

cytosine protonation within the iCD-DNA structure or structures.  To check that 

equilibrium was reached both at high (700 μM) and moderate (20 μM) DNA 

concentration incubations (analogous to the data shown in Figure 2-1.b), progressively 

longer incubations under these conditions were carried out.  These latter experiments 

(Figure 2-1.d & e) also yielded similar computed inflection pH values. 

I investigated whether the initial incubation at 700 μM DNA, such as described 

above, was strictly necessary for the formation of iCD-DNA.  Figure 2-1.f shows that 

d(C2G4)7 incubated at 700 μM in 150 mM lithium citrate, pH 5.2, already shows close to 

the maximal CD amplitude (observed at 16 hours of incubation) by 30 mins; while, a 20 

μM DNA incubation does indeed show the characteristic shape (if not the full CD 

amplitude) after 16 hours of incubation.  These data emphasize that iCD-DNA is a 

thermodynamically favored structure that is optimally but not exclusively generated by 

incubations at relatively high DNA concentrations.  However, are long incubations needed 

at pH 5.2?  Figure 2-2. a shows that while 20 μM d(C2G4)7 incubated for 2 hrs at 37° C in 

buffers of various ionic strengths at pH 7.4, generates species with long-lived low CD 

ellipticities (corresponding presumably to the unfolded or partially base-paired DNA), 

incubations in increasing strengths of the Li buffer, all at pH 5.2, yields CD spectra 

characteristic of iCD-DNA in as little as 2 hrs, as can be seen by comparing with the 14 hr 

incubation (Figure 2-2. b & c). 
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Figure 2-1. Formation of iCD-DNA: Related Kinetics and pH dependence. (a) CD spectra of 20 μM 
d(C2G4)7 in TE Buffer plus 150 mM LiCl, pH 7.4.  700 μM DNA in this Buffer, at 37oC was incubated for 14 
hrs and 5 days.  CD spectra were taken immediately following dilution to 20 μM DNA in the same buffer, and 
measured at 22oC.  (b) CD spectra of 20 μM d(C2G4)7 in 150 mM lithium citrate buffer at different pH (5, 5.2, 
5.4, 5.6, 6) as well as in TE Buffer plus 150 mM LiCl (at pH 7.0 and 7.4).  Incubation was done at 700 μM 
concentration in the respective buffers for 14 hrs at 37oC and CD spectra was taken shortly after dilution to 

20 μM DNA in appropriate buffer.  (c) 280 from Figure 2-1.b plotted as a function of pH.  (d) left: CD spectra 
of 700 μM d(C2G4)7 incubated in 150 mM lithium citrate, at different pH values, for 5 days at 37 ̊ C, then 

diluted to 20 μM DNA in the buffer of the respective pH.  Following dilution, the CD spectra were measured 
immediately.  Right: θ280 values from figure at left, plotted as a function of pH.  (e) Left: CD spectra of 700 

μM d(C2G4)7 incubated in 150 mM lithium citrate, at different pH values, for 5 days at 37 ̊ C, then diluted to 

20 μM DNA in the buffer of the same pH, followed by incubation at 37 ̊ C for a further 14 hours prior to CD 
measurement.  Right: θ280 values from figure at left, plotted as a function of pH.  (f) CD spectra of 

d(C2G4)7 incubated at 700 μM (left) and 20 μM (right) in 150 mM lithium citrate, pH 5.2.  Left: 700 μM 

d(C2G4)7 incubated in 150 mM lithium citrate, pH 5.2, at 37 ̊ C, for the time indicated, followed by dilution to 

20 μM of d(C2G4)7 in 150 mM lithium citrate and immediate CD measurement.  Right: 20 μM d(C2G4)7 
incubated in 150 mM lithium citrate, pH 5.2, at 37 ̊ C for the times indicated.  Incubations carried out under 
the two conditions, above, for 3 days, gave superimposable CD spectra. 

d

e

f
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DNA secondary structures known to show inverted CD spectra include the left 

handed Z-DNA duplex formed by d(CG)n in 4.0 M Na+149 as well as one reported 

instance of a left-handed G-quadruplex (“Z-G4”) formed in the presence of ~100 mM K+ 

at pH 7.0 by the DNA oligomer d[T(GGT)4TG(TGG)3TGTT]131.  I measured the CD 

spectrum of d(CG)25 in 4.0 M Na+ (pH 7.0), as well as that of the Z-G4 G-quadruplex in 

100 mM K+ (pH 7.0), and compared them with the spectrum of d(C2G4)7 in 150 mM 

lithium citrate, pH 5.2. 

Figure 2-2.d shows these spectra, as well as the spectrum of the K+-generated 

G-quadruplex products formed by d(C2G4)7.  It is clear that the “iCD-DNA” spectrum is 

utterly distinct from that of Z-DNA.  With regard to the Z-G4, while its negative molar 

ellipticity region (270–290 nm) is roughly similar to that of iCD-DNA, the two spectra 

diverge significantly in the 230–270 region.  It is therefore clear that iCD-DNA is not the 

left-handed Z-DNA duplex, though it may potentially have structural affinities with the 

one described left-handed G-quadruplex. 
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Figure 2-2.  iCD-DNA formation as a function of pH and Li+ as well as its comparison with Z-DNA and 
Z-G4.  (a) CD spectra of 20 μM d(C2G4)7, incubated for 2 hrs at 37 ̊ C in buffers of various ionic strengths, 

all at pH 7.4.  (b) and (c) CD spectra of 20 μM d(C2G4)7, incubated at 37 ̊ C in different concentrations of Li 

buffer, pH 5.2, for 2 hrs (b); and for 14 hrs (c).  (d) Circular dichroism spectra of (C2G4)7 in 150 mM 

potassium citrate, pH 5.2; (C2G4)7 in 150 mM lithium citrate pH 5.2; a left-handed G-quadruplex (GQ) [ZG4: 

(T (GGT)4TG(TGG)3TGTT)] in TE (10mM Tris, 0.1mM EDTA, pH 7.0) plus 150 mM KCl; and a duplex Z-

DNA [(CG)25] in TE plus 4.0 M NaCl. 
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2.3.2. Do other GC repeats show inverted CD spectra? 

Is the (C2G4)n sequence unique among GC-rich repeating sequences in forming 

iCD-DNA?  I measured the CD spectra of a number of different GC-rich repeat 

sequences after the oligomers were incubated in either 150 mM 4EM+, pH 5.2 (“4EM 

buffer”); or in 150 mM lithium citrate, pH 5.2 (“lithium buffer”).  Figure 2-3.a & b show the 

CD spectra of a variety of such repeating G/C-rich DNA oligomers.  Both figures show 

that in 4EM buffer (left) none of the DNA oligomers shows a spectrum with the inversion 

features of iCD-DNA; in lithium buffer (right) the d(CG3)11 and d(CG4)9 oligomers show 

minor negative molar ellipticities in the 280–300 nm region, though not resembling the 

iCD-DNA spectrum to any great extent. 

Figure 2-3.c compares spectra for d(C2G4)7 with those of its complementary 

sequence, d(C4G2)7.  The d(C4G2)7 sequence, which forms either i-motifs150 or unusual 

quadruplexes proposed to contain C-G-C-G quartets151 in the absence of potassium, 

does not generate the iCD-DNA spectrum in either incubation solution.  Figure 2-3.d 

shows the spectra of two oligomers, d(C3G4)6 and d(C3G6)5.  Like d(CG3)11 and d(CG4)9, 

d(C3G4)7 shows a modest negative molar ellipticity in the 270–300 nm region, but again, 

its spectrum does not feature the intense negative ellipticity in this region characteristic 

of d(C2G4)7. 

I examined the ability of guanine-rich repeat sequences lacking cytosine to form 

iCD-DNA.  Figure 2-4 show that neither d(T2G4)7 nor d(A2G4)7 show the iCD-DNA 

spectrum over a pH range of 4.0-7.4 
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Figure 2-3. Effect of varying G:C ratios away from C2G4 on the formation of iCD-DNA. (a-c) Circular 

dichroism spectra of DNA repeats containing varying C:G ratios, independently incubated and diluted either 
in 150 mM 4-ethylmorpholine, pH 5.2 (left) or 150 mM lithium citrate, pH 5.2 (right); in all cases, given the 
different molecular weights of different oligonucleotides, the DNA mass was kept equal in each solution.  (d) 
data, as above, but incubated and diluted only in 150 mM Lithium Citrate, pH 5.2.  

a

b

c

d
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Figure 2-4. CD Spectra of d(T2G4)7 and d(A2G4)7 at different pH.  None of sequence d(T2G4)7 or d(A2G4)7 

show the negative CD spectra shown by d(C2G4)7. 

 

2.3.3. The role of counter-cations in iCD-DNA formation 

Figure 2-5 shows the influence, variously, of 150 mM K+; 150 mM Li+; 10 mM 

Mg2+; 10 mM Ca2+; 150 mM 4-ethylmorpholinium+ (4EM+: pKa = 7.67); and of 50 μM 

spermine4+ plus 150 mM 4EM+.  To generate the iCD-DNA conformer the following 

standard protocol was followed: DNA was incubated at 700 μM concentration 

independently in the above buffers, all at pH 5.2, at 37°C for 14 hrs, following which the 

solutions were diluted to 20 μM DNA in the same buffers.  CD spectra were taken both 

immediately following dilution as well as after 14 hours of further incubation at 37°C 

following dilution.  Figure 2-5 .a, left and right, show the CD data taken immediately 

following dilution and 14 hours after dilution, respectively. It can be seen that there is not 

a large difference in the two sets of spectra.  Therefore, once formed, iCD-DNA doesn’t 

change substantively over time.  With regard to the individual incubations, both Li+ and 

Mg2+ strongly support iCD-DNA formation; Ca2+ does so less efficiently; while the organic 

cation, 4-ethylmorpholinium, with or without added spermine, does not support it.  The 

K+ spectrum refers to G-quadruplex structures formed by d(C2G4)7. 

I wished to test for the stability/persistence of iCD-DNA in the presence of K+, a 

cation known specifically to stabilize G-quadruplexes.  700 μM d(C2G4)7 was incubated 

in 150 mM lithium citrate for 14 hrs at 37°C, followed by dilution to 20 μM of d(C2G4)7 in 

different buffers.  Figure 2-5.b shows CD spectra taken in 150 mM lithium citrate, pH 5.2 

(“Li+”), immediately following dilution; “Li+/Mg2+”: spectra taken immediately following 
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dilution into 4 mM lithium citrate plus 10 mM magnesium acetate, pH 5.2. “Li+/Mg2+/K+(1)” 

shows spectra taken 15 mins after dilution into a Li-Mg-K buffer (4 mM lithium citrate, 10 

mM magnesium acetate and 25 mM potassium citrate, pH 5.2); and “Li+/Mg2+/K+(2)” 

shows spectra taken 14 hrs after dilution into the Li-Mg-K buffer.  It can be seen that 

even short incubations at 37° C after addition of K+ lead to a disruption of the iCD-DNA 

spectra, and after 14 hrs in the presence of K+, the CD spectra essentially resemble 

those of G-quadruplex structures formed in K+ alone.  To determine how much K+ could 

be tolerated in this system, I carried out experiments exactly as above, except with 

potassium citrate, pH 5.2, added to 10 mM; 1 mM; and 0.1 mM (Figure 2-5.b).  In 1 mM 

K+, the inverted iCD-DNA spectrum persisted, although with lower amplitude, even after 

14 hours of incubation at 37°; in 0.1 mM K+, the iCD-DNA spectrum was stable even 

after 14 hours of incubation. 

To investigate whether a minimum number of repeats of (C2G4) are necessary for 

iCD-DNA formation, I examined oligomers of the d(C2G4)n series, where n = 2–7.  Figure 

2-6 shows spectra corrected to ensure a constant DNA mass (rather than molar 

concentration of oligomer), and it can be seen that under these experimental conditions 

d(C2G4)2 does not form iCD-DNA; the larger oligomers do so progressively, until no 

further spectral difference can be seen between d(C2G4)6 and d(C2G4)7.  
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Figure 2-5.  Effect of different counter-cations on iCD-DNA formation and stability.  (a) Circular dichroism 
spectra of 20 μM d(C2G4)7 in various buffered salt solutions at pH 5.2.  The spectra on the left were taken 

immediately following dilution; the spectra on the right were taken 14 hrs following dilution and further 
incubation in the various buffers at 37 ̊ C.  (b) CD spectra of 20 μM d(C2G4)7 diluted into different buffers at 

pH 5.2. All CD measurements were taken at 22 ̊C.  
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Figure 2-6.  C2G4 repeat-length dependence on the formation of iCD-DNA.  CD spectra of d(C2G4)n 
(where n = 2–7), in 150 mM lithium citrate, pH 5.2, at DNA concentrations adjusted to ensure unvarying DNA 
mass from solution to solution.  Each DNA was incubated at 700 μM concentration in 150 mM lithium citrate, 
pH 5.2, at 37 ̊C for 14 hrs, following which it was diluted to ensure constant DNA mass into the same buffer 
as follows—“7”: 2.85 μM d(C2G4)7; “6”: 3.33 μM d(C2G4)6; “5”: 4.0 μM d(C2G4)5; “4”: 5.0 μM d(C2G4)4; “3”: 6.66 

μM d(C2G4)3; and “2”: 10.0 μM d(C2G4)2.  

 

2.3.4. The melting behavior of iCD-DNA 

Figure 2-7.a shows the CD spectra of pre-formed iCD-DNA as a function of 

solution temperature, measured in buffered 150 mM lithium citrate, pH 5.2 (“lithium 

buffer”).  The monotonic decomposition of the inverted CD spectrum (i.e. the lack of 

appearance of any other classic spectrum corresponding to either A- or B-family DNA 

duplexes, or canonical triplexes or right-handed G-quadruplexes) indicates that iCD-

DNA has a homogenous structure that melts directly to unstructured, single-stranded 

DNA.  Figure 2-7.b plots melting curves obtained by plotting θ280 values of d(C2G4)7 in its 

iCD-DNA form, with data shown both for iCD-DNA in buffered 10 mM magnesium 

acetate, pH 5.2 (“magnesium buffer”); and in lithium buffer.  Smooth two-state melting 

behaviour is observed in both cases, with Tm values calculated at 63°C in magnesium 

buffer and 60°C in lithium buffer.  
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Figure 2-7. CD Melting profile of iCD-DNA.  (a) Full CD melting profile of iCD-DNA incubated in Lithium 
Citrate, pH 5.2.  (b) Melting Curves (Molar Ellipticity at 280 nm as a function of temperature) for iCD-DNA 
generated from incubation in either 10 mM Magnesium Acetate pH 5.2 (Top) or 150 mM Lithium Citrate pH 
5.2 (bottom).  Heating rate was 5o C/min. 

 

2.3.5. Gel mobility and chemical protection data on iCD-DNA 

Whether iCD-DNA consists of a single or multiple molecular species was 

examined by native gel electrophoresis. d(C2G4)7 was first incubated, at different DNA 

concentrations (30 and 700 μM), for 1 or 14 hours at 37°C in lithium buffer.  The 

resulting incubations were run in a 7.5% polyacrylamide non-denaturing gel run in TAE-

Li buffer, pH 5.2. 

Figure 2-8.a shows the data.  Curiously, both sets of incubations gave rise to two 

distinct electrophoretic bands (“s”: slower, and “f”: faster).  The same result was found 

with a 700 μM incubation of d(C2G4)4, though the “s” band was overwhelmingly abundant 

for this oligomer.  How robust were these “f” and “s” complexes—did their relative 

distribution in the native gel reflect their relative abundance in solution?  To test this, “f” 

and “s” complexes from the lithium incubations of d(C2G4)7 were excised and eluted from 

the native gel into lithium buffer, concentrated to ~5 μM without resorting to ethanol 

precipitation, and re-run into the native gel (TAE-Li buffer, pH 5.2). 

Figure 2-8.d shows that ≥ 90% of each purified complex re-ran with its 

characteristic gel mobility.  This suggests that the two complexes are generally stable 

and not in a rapid dynamic equilibrium under our incubation and dilution conditions.  

a b
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Figure 2-8. Native Gel and DMS footprinting of iCD-DNA.  (a) Native gel analysis of (C2G4)7 at two 
different concentrations. s and f refer to slow- and fast-moving bands.  (b-c) DMS analysis of s and f DNA 
bands from (C2G4)7 and (C2G4)4.  (d) Re-run of s and f species after elution from gel shown in (a) show a 
lack of interconversion of species.  Lanes 1 and 2 refers to f and s species from 30 μM DNA incubation 
respectively and Lanes 3 and 4 refers to f and s species from 700 μM DNA incubation respectively. 
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Dimethyl sulfate (DMS) was used to try and define the base-pairing within the “s” 

and “f” complexes from the lithium buffer incubations.  DMS selectively methylates 

guanines at their N7 position, which can be involved in Hoogsteen/Reverse Hoogsteen 

but not in Watson-Crick base pairing.  Figure 2-8.b shows a 20% denaturing gel with the 

protection data for “f” and “s” complexes formed by d(C2G4)7, and Figure 2-8.c shows 

the data for the predominant “s” band formed by d(C2G4)4.  A striking observation is that 

in all cases, the same distinctive methylation pattern can be seen, in which only the 5’-

most guanine in a given GGGG stretch reacts strongly with DMS, while the other three 

are only modestly reactive or unreactive.  Since DMS-methylation was carried out in the 

30 μM or 700 μM DNA solution prior to loading on the native gel, it is therefore 

reasonable to deduce, since interconversion of the “f” and “s” complexes does not 

appear to be facile (Figure 2-8.d), that the “f” and “s” products represent fundamentally 

the same iCD-DNA structure, varying only in their strand stoichiometries. 

Figure 2-9 shows a mixing experiment designed to investigate the strand 

stoichiometries of the “f” and “s” products seen in Figure 2-8.a.  A slightly larger 

oligonucleotide than (C2G4)7 was synthesized by adding a T6 stretch to the 3’ end, to give 

a (C2G4)7T6 oligonucleotide. (C2G4)7 and (C2G4)7T6, were now allowed to form iCD-DNA 

either individually (lanes 1, 3, 4, and 6), or as a mixture [equimolar (C2G4)7 and 

(C2G4)7T6] (lanes 2 and 5).  Figure 2-9.shows that from the mixtures, two distinct “f” 

bands formed while three distinct “s” bands formed (lanes 2 and 5).  This is consistent 

with the “s” complex being a strand dimer and the “f” complex being a strand monomer 

(thus, the three “s” products seen from the mixture corresponding to [(C2G4)7]2; 

(C2G4)7•(C2G4)7T6; and [(C2G4)7T6]2).  
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Figure 2-9. Investigation of the strand stoichiometries of the ‘f’ and ‘s’ products.  Lane 1-3 show 

incubation with [DNA] = 700 M and lanes 4-6 show incubations with [DNA] = 30 M. Lanes 1 and 4 show 
incubations of d(C2G4)7; lanes 3 and 6 show incubations of d(C2G4)7T6; and, lanes 2 and 5 show incubations 
of equimolar mixes of d(C2G4)7 and d(C2G4)7T6.  The numbers shown to the left of the double-stranded 
ladder show the values of individual bands as base pairs. 

 

To test whether the distinctive methylation pattern seen for (C2G4)7 incubated in 

pH 5.2 lithium buffer (only the 5’-most G out of a GGGG stretch reacting strongly with 

DMS) is uniquely associated with iCD-DNA, I carried out DMS-methylation experiments 

on (C2G4)7 incubations in pH 5.2 magnesium buffer (which also supports iCD-DNA 

formation, as defined by CD spectroscopy) and in pH 5.2 4EM and pH 5.2 potassium 

buffers (neither of which supports iCD-DNA formation).  Figure 2-10.c shows that the 

methylation data in pH 5.2 magnesium buffer closely resembles the pattern found in pH 

5.2 lithium buffer.  Figure 2-10.a & b, however, shows that in pH 5.2 4EM buffer, neither 

the “f” nor the “s” complexes show methylation patterns characteristic of iCD-DNA 

(Figure 2-8.b & c and Figure 2-10.b).  Notably, both the 5’-most and 3’-most guanines 

of a given GGGG tract are reactive to DMS.  In pH 5.2 potassium buffer, expected to 

form G-quadruplexes, the methylation patterns are generally faint but resemble the pH 
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5.2 4EM buffer patterns more closely than those obtained from the two iCD-DNA 

supporting buffers.  Most interestingly, pH 7.0 lithium buffer (Figure 2-10.d) gives 

methylation patterns for “f” and “s” that are distinct from each other, and both are very 

distinct from the iCD-DNA methylation signature.  The “f” pattern resembles the G-

ladder; whereas, the “s” pattern closely the pH 5.2 4EM pattern (Figure 2-10.b).  It is 

clear therefore that both Li+/Mg2+ and low pH are required for the distinctive methylation 

pattern (as well as CD signature) of iCD-DNA. 

I investigated the methylation pattern of two other G/C-rich repeat sequences, 

d(CG4)9 and d(CG3)11, which have roughly the same molecular weight as d(C2G4)7.  

Neither of these two new repeats shows the inverted CD signature characteristic of iCD-

DNA (see Figure 2-3.a).  Figure 2-11.a shows that in native gels run at pH 5.2, 700 μM 

oligonucleotide concentrations of d(CG4)9 and d(C2G4)7 both run as two bands each, fast 

(f) and slow (s).  Methylation data of these various products are also shown in Figure 

2-11.b.  It can be seen that the d(CG4)9-s and d(CG4)9-f complexes show methylation 

patterns distinct from each other as well as from d(C2G4)7-s and d(C2G4)7-f [the two 

d(C2G4)7 complexes, of course, show similar patterns, with the 5’-most guanine in any 

GGGG stretch strongly methylated and the remaining three poorly/not methylated]. 

Strikingly, the (CG4)9-s complex shows the second guanine of each of its GGGG strongly 

methylated. 

Figure 2-11.c-d shows the analogous native gel and methylation patterns for the 

“f” band formed from (CG3)11.  Again, this methylation pattern is utterly different from 

those of the (C2G4)7-s and (C2G4)7-f complexes. 

That distinctive GGGG iCD-DNA methylation pattern of iCD-DNA formed by 

d(C2G4)7, however, does not immediately suggest a specific higher-order structure; most 

likely, there are a number of possible higher order folds of DNA can give rise to this 

methylation pattern.  A methylation pattern alone is often insufficient to predict a detailed 

structure, given uncertainties about what kind of base-pairing may or may not occur 

particularly in various G-G base pairings.  Nevertheless, this DMS protection pattern is 

useful to take into account for the building of one or more structural models for iCD-DNA, 

which are discussed, in the next section.  
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Figure 2-10. DMS footprinting of (C2G4)7 under different salt and pH conditions.  (a) Native gel run in 
TAE buffer pH 5.2 to show the product of incubation in Li buffer, K buffer and 4EM buffer.  (b) Denaturing gel 
showing the DMS footprinting of s and f, product under these buffer conditions.  (c) DMS footprinting of s 
and f product of (C2G4)7 incubated in Magnesium Acetate, pH 5.2.  The bands on the left and right side of 
the gel represent loadings at different times on the gel, to enable visualization of all seven repeats of (C2G4) 
in the d(C2G4)7 oligonucleotide forming the iCD-DNA.  (d) DMS pattern of s and f band from the incubations 
product of d(C2G4)7 in Li buffer pH 7.0.  

a b c d

a b c d
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Figure 2-11. DMS footprinting of different DNA constructs as compared to d(C2G4)7.  (a,c) Native gel 
run in TAE buffer at pH 5.2 showing product of incubations of d(C2G4)7, d(CG4)9 and d(CG3)11.  (b) DMS 
footprinting for the s and f product of (C2G4)7 and (CG4)9.  Lanes 1, 7: G-ladder no DMS; Lanes 2, 8: G-
ladder yes DMS; Lanes 3,9: f band no DMS; Lanes 4, 10: f band yes DMS; Lanes 5, 11: s band no DMS; 
Lanes 6, 12: s band yes DMS.  (d) DMS footprinting of the f band of (CG3)11. 

a b c d

a b c d
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2.3.6. Structural models for iCD-DNA 

To list what the above experiments reveal about iCD-DNA, I have the following: 

(a) an acidic pH is required for iCD-DNA formation; suggesting that the protonation of 

one or both cytosines in each C2G4 repeat is likely an important contributor; (b) the DMS 

methylation data show distinctive and consistent pattern, with the 5’-most G of each 

GGGG stretch reactive to DMS, and the others substantially protected; this holds true for 

both the “f” and “s” bands of iCD-DNA seen in acidic native gel (suggesting that “f” and 

“s” are effectively the same complex albeit with different strand molecularity; (c) Li+ and 

Mg2+ cations are required for iCD-DNA formation; Ca2+ is only marginally effective, and a 

bulky organic monovalent cation, 4EM+, is ineffective.  Spermine4+ is also ineffective.  (d) 

The inverted CD signature of iCD-DNA suggests it is a structure not yet recorded in the 

literature127 ; the partial similarity of this CD spectrum to that of one reported instance of 

a left-handed G-quadruplex131 indicate that iCD-DNA may be an unusual variant of the 

classic G-quadruplex (which normally requires Na+, K+, or Sr2+ cations to form); indeed, I 

found that iCD-DNA converts relatively efficiently to classic G-quadruplexes when K+ is 

added to iCD-DNA in lithium buffer.  (e) The two-state melting curve suggests the 

formation of a homogenous structure, which directly melts to unstructured single 

stranded DNA.  Certain classes of DNA helical structures, such as triple helices, 

generally show more complex melting behavior, with the Hoogsteen/Reverse-Hoogsteen 

bonded third strand melting away from the duplex at the lower temperature than the 

duplex itself, though there have been reports of the two-melting transition (i.e. between 

three states) located close to each other152–158.  Thus, the observation of a single melting 

event between two states for iCD-DNA is not in itself sufficient to rule out the possibility 

of a conventional triplex, although the strand composition of d(C2G4)7 is not formally 

suitable for forming a canonical YRR or YRY triplex. 

It is possible to eliminate certain classes of higher-order DNA structure for iCD-

DNA.  First, the uniquely inverted CD spectrum of iCD-DNA rules out the possibility of B- 

or A- family double helices127 ; right-handed Hoogsteen duplexes159 , as well as 

conventional, right-handed G-quadruplexes139 and classic i-motif structures150. 

So, what could iCD-DNA’s structure be?  Protonated cytosines are known to 

participate in Hoogsteen/Reverse Hoogsteen bonding159,160 as well as in forming i-

motifs161.  Most simply, iCD-DNA could be left-handed Hoogsteen-bonded duplexes, “f” 
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being an intramolecular folded form, and “s” an intermolecular form involving two distinct 

strands.  However, two further classes of structure that I propose here (below) do involve 

protonated cytosines in a more complex structures.  While d(C2G4)n repeats contain 

bases that normally Watson-Crick base-pairs with each other, the requirement for acid 

pH to form iCD-DNA suggest that i-motifs may still be forming, even given the 2:1 

excess of guanines over cytosine in the d(C2G4)n repeats.  I propose that iCD-DNA may 

consist of short i-motifs stretches separating loose (i.e. not stabilized by K+) G-

quadruplexes, which could well be left-handed and so contribute to the inverted CD 

spectrum of iCD-DNA (Figure 2-12).  Two alternative structures can be contemplated, 

which differ in the specifics of base-pairing.  Figure 2-12.a shows a structure that 

contains only the i-motifs and loose G-quadruplexes, the interdigitated structure of i-

motifs helping to hold together the Li+ (or Mg2+ but not 4EM+)-stabilized, relatively loose 

G-quadruplex, whose outermost guanines (typically, only the 5’ G of a given run) could 

be susceptible to DMS-methylation.  Figure 2-12.b shows a possible variant of the 

above structure, this one incorporating GCGC base quartets in addition G-quartets.  

Classic GCGC quartets have been observed in high-resolution structures of certain G-

quadruplexes162.  The “f” and “s” bands seen in the native gel of iCD-DNA refer to 

monomeric and dimeric complexes, respectively (vide infra).  
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Figure 2-12. Proposed Structural Models for iCD-DNA.  (a) Model consisting of purely i-motif and G-
Quartets.  (b) A related model but containing GCGC quartet in addition with i-motif and G-Quartet.  (c) 
Braided Triplex model shown for two different repeats of d(C2G4) with different strand molecularity.  

 

  

c

c
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Alternatively, given the highly symmetric nature of the repetitive sequence 

(C2G4)n, the potential exists for the formation of a non-canonical, braided or entangled 

structures, founded on Watson crick base-pairing between guanines and cytosines.  

Braiding occurs via ‘partner swapping’ of strands (or stretches of a given strand) 

participating in Watson-Crick base-pairing. 

Figure 2-12.c shows two versions of such a ‘braided’ complex.  The alternation 

of strands participating in Watson-crick base-pairing could be facilitated by 

conformationally fluid “buffer zones” made up of two consecutive G-triples.  Such 

braided structures have been proposed by Bai and Colleagues to form from λ phage 

DNA; these authors carried out a computational simulation that featured alternating left-

handed and right-handed helical elements30,163.  Superficially, such braided structures 

would resemble DNA triplexes; although canonical triplexes (YRY and YRR, stabilized 

by Mg2+, polyamines, and/or low pH) typically do not show inverted CD spectra, modest 

inversion (or close to zero ellipticity) has been observed at ~280 nm from certain “anti-

parallel” triplexes where the third strand has a mixed purine and pyrimidine content156.  

Of course, the d(C2G4)n sequence is not suitable for forming canonical YRY and YRR 

triple helices (in which very little deviation is tolerated to the strict requirement for one all-

purine and one all-pyrimidine strand forming a Watson-Crick duplex to which a third 

strand (all purine / all pyrimidine /purine-pyrimidine mixture) binds17. 

One prediction about such braided structures is that topological entanglement of 

the strands should override the strict canonical rules that hold for conventional triplexes 

(such as the requirement for the third strand to be anti-parallel to the duplex’s purine 

strand in YRR triplexes and parallel to that strand in YRY triplexes).  Each entrapped 

GGCC “third strand” stretch in a braided complex would therefore base-pair either 

conventionally (i.e., via Hoogsteen or reverse Hoogsteen base pairing) or 

unconventionally with the Watson-Crick base-paired tract adjacent to it.  Another 

prediction is that in order to remain conventionally right-handed, the ‘third strand’ would 

need necessarily to alternate between lying in the major and minor grooves of the 

duplex.  Precedent for minor-groove-bound third strands exist in RNA triplexes164.  

Alternatively, if the third-strand disposition within each triplex tract of iCD-DNA were 

required to be uniformly in the duplex’s major groove, the triplex tracts would need to 

alternate from being left-handed and right-handed helices.  Such dramatic changes in 

helical direction from tract to tract could, again, be enabled by conformationally fluid G-
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triple “buffer zones”.  In such braided structures, since non-canonical base triples would 

be expected to form, they could confound the ability to interpret the DMS methylation 

that I report here. 

 

2.4. Discussion and Conclusion 

I have reported here an unusual DNA structure—iCD-DNA—characterized by an 

inverted circular dichroism (CD) spectrum in the 220–310 nm wavelength range.  iCD-

DNA formation shows a pH dependence and optimizes in the pH range of 5.0–5.2.  The 

inflection pH at equilibrium, for high DNA concentration (700 μM) incubations, is ~5.85, 

consistent with the pKa for cytosine protonation (given that the inflection pH, even at 

equilibrium, may not precisely equate a pKa value165,166).  With my data, I am not able yet 

to propose a definitive structural model for iCD-DNA.  Under my experimental conditions, 

native gel analysis has shown that two distinct species, albeit most likely of similar or 

identical structure, are obtained.  This militates against immediate high-resolution 

structure determination using NMR spectroscopy or X-Ray crystallography.  I have 

therefore proposed three general categories of structure that would likely be consistent 

with all the experimental data that I have obtained.  These three proposed categories of 

structures (Figure 2-12) do have some typical distinctive features within them which can 

be probed, in future, using chemical footprinting experiments to distinguish them.  i-motif 

/ G-Quadruplex hybrid model, in particular, is expected to have more looped-out 

cytosines as compared to the braided-triplex model or the left-handed Hoogsteen 

duplex.  Such looped-out cytosines can be distinguished from properly stacked and 

base-paired cytosines using chemical modifications of DNA bases such as by elemental 

bromine135 and chloroacetaldehyde17.  Elemental bromine leads to the bromination of 

unpaired cytosines whereas chloroacetaldehyde forms ethanoderivatives on the base-

pairing position of cytosines, adenines and less prominently to guanines.  All of these 

modified DNA bases can be detected at nucleotide resolution by piperidine cleavage 

followed by sequencing gel electrophoresis.  Chloroacetaldehyde has been used 

successfully in past to confirm the presence of H-DNA both in vivo and in-vitro17,167.  

Further, antibody-mediated approach, using i-motif specific antibody iMab32 and triplex-

specific antibodies JEL 318 and JEL 466168, can also be used to distinguish between i-

motif / G-Quadruplex hybrid model and the braided triplex model.  The repeating (C2G4)n 
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DNA sequence from the human C9orf72 gene is causally linked to the development of a 

number of neurodegenerative diseases (vide infra).  This particular, very guanine-rich, 

repeat is known to favour the formation of G-quadruplexes in the presence of the 

potassium ion, the dominant monovalent cation in the intracellular environment.  By 

contrast, the iCD-DNA structure reported here is destabilized by the presence of 

potassium ions.  However, iCD-DNA formation is promoted by the Mg2+ ion, which is 

present in millimolar concentrations in the cell; so, the physiological relevance of iCD-

DNA under specialized intracellular conditions cannot be ruled out.  It is known that 

significant fluctuations of potassium ion can occur in the cell169,170.  Although the exact 

quantification in the K+ fluctuation is tough to measure given the transient and rapid 

dynamics of the K+ concentration change, imbalance in the K+ homeostasis has been 

shown to cause multiple diseases and abnormalities including hypertension, 

hyperkalemia, hypokalemia and chronic kidney disease171.  Further, abnormalities in the 

functioning of potassium channel have been reported in the mouse model of Lou 

Gehrig’s (ALS) disease171,172.  In considering a broader picture of repeat expansion DNA 

sequences173,174, many of which do not form G-quadruplexes but do form foldback 

hairpin structures, it is conceivable that with sufficiently long repeats, Watson-Crick 

base-paired tracts may switch strands, as in iCD-DNA, to give rise to braided structures; 

or, indeed, form non-conventional left-handed i-motif / G-quadruplex hybrids.  Models 

proposed here for the iCD-DNA can have a potential involvement in the etiology of 

ALS/FTD.  Formation of a topologically entangled iCD-DNA, in principle, can disturb the 

normal cellular machineries by either acting as a road-block to transcriptions, 

translations and replications or by forming DNA/RNA aggregates within the cell.  Such 

aggregates can then sequester multiple proteins and thus, can further exaggerate the 

nature of pathology.  Proposals somewhat akin to this have been made recently175.   
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Chapter 3.  
 
A long and reversibly self-assembling 1-D DNA 
nanostructure/nanowire built from Triplex and 
Quadruplex hybrid tiles 

3.1. Introduction 

DNA has long been considered as a promising material for the bottom-up 

construction of nanoscale objects and device176,177,186,178–185, and this includes its utility 

for the construction of 1-dimensional “nanowires” (although electrical conductivity is not 

an obligate property of such structures)187–190.  Much interest has focused on methods 

for assembling 1-D DNA nanostructures (“1DDN”), taking advantage of the well-known 

base-pairing and high-precision self-assembling properties of DNA191–194.  Such 1DDN, 

whatever their inner architecture, are of potential interest for a variety of applications, 

including but not exclusive to their putative charge flow properties195–198.  At a basic level, 

1DDN can be understood as purely DNA-composed entities of substantial length (> 100 

nm), formed by the programmed folding, base-pairing, and self-assembly of multiple 

DNA strands and/or oligonucleotides. DNA quadruple helices, such as G-quadruplexes 

and i-motifs, have proved to be particularly successful in the design of long and regular 

1DDN (termed “G-wires” in the case of G-Quadruplexes”)199.  Another large class of 

DNA helices, triplexes (triple-helices)17,28,200, however, have not been comparably 

explored for their promise to form such nanostructures.  Making a purely triplex 1DDN 

(~100 nm) poses certain challenges.  Using ‘third strands’ with long stretches of purely 

pyrimidine or purely purine bases to bridge non-continuous duplex units would likely 

generate issues of both proper phasing within and overall stability of the nanostructure 

so generated.  Canonical DNA triple helices fall into two broad classes, YR*Y and YR*R 

(where the asterisk indicates the Hoogsteen/reverse Hoogsteen interaction); in these, a 

Watson-Crick duplex, in which one component is wholly purine (“R”) and the other wholly 

pyrimidine (“Y”), is bound in the major groove by a wholly purine or wholly pyrimidine 

single strand to generate the triplex17,28,200.  In the YR*Y triplex, the third (Y) strand binds 

via Hoogsteen hydrogen-bonding to the R strand of the duplex, with those two strands 

oriented parallel to each other.  The canonical base-triples formed in the YR*Y triplex are 
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TA*T and CG*C+; owing to the need to protonate cytosine in CG*C+ triples, pH is an 

important factor in determining the stability of YR*Y triplexes containing CG*C+17,28,200. 

Here I report the conception of as well as experimental data on a triplex-based 

1DDN that is both assembled and precisely phased by the placement of short stretches 

of guanine base-quartets (G-quartets).  

 

3.2. Materials and Methods 

3.2.1. Chemicals and DNA oligonucleotides 

All DNA oligonucleotides were purchased from the Core DNA Service Inc. 

(Calgary, Canada).  The oligonucleotides were size-purified using 8% (containing 7 M 

urea) denaturing polyacrylamide gels.  The DNA bands from such denaturing gel were 

excised, and the DNA eluted into TE buffer (10 mM Tris, 0.1 mM EDTA, pH 7.4), and 

then recovered via ethanol precipitation.  The 70 % ethanol washed DNA pellet was then 

suspended in TE buffer to make up the desired stock concentration.  

Oligonucleotides used for native gel analysis and DMS footprinting analysis were 

5’ radiolabeled with 32P using 𝞬-32P ATP and following a standard kinasing protocol.  

DNAs to be so labeled were pre-treated with freshly diluted 10 % v/v piperidine at 90oC 

for 30 min to remove any DNA strands with synthesis-related lesions.  The kinased DNA 

was re-purified by size using a denaturing polyacrylamide gel. 

3.2.2. Self-Assembly of the DNA TQ and TQs tiles 

For the self-assembly of DNA TQ and TQs (as well as the intermediate DNA 

structures D, Ds, T1, T1s, T2, or T2s), the respective DNA constituent strands (each at 1 

µM concentration) were denatured at 100 oC for 4 min and diluted either in “low pH 

buffer” (50 mM Li+ Acetate; 50 mM K+ Acetate; 10 mM Mg2+ Acetate, pH 5.5) or in 

“neutral pH buffer” (10 mM Tris, 50 mM LiCl, 50 mM KCl and 10 mM MgCl2, pH 7.4).  

The DNA mixtures were heat denatured at 100° C for 4 min and then slowly cooled from 

100° C to 20° C in a thermocycler at a constant cooling rate of 7.5oC/min.  The DNA 

solution was then allowed to reset at 22oC for 12 hrs. 
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3.2.3. Native Gel Electrophoresis, Gel Data Analysis, and DMS 
protection assay 

The formation of different DNA species was investigated using either a “low pH” 

7.5% (29:1) native polyacrylamide gel (containing and run in 50 mM Tris acetate buffer 

containing 5 mM K+ Acetate, pH 5.2) or in a “neutral pH” 7.5 % (29:1) native 

polyacrylamide gel (containing and run in 50 mM Tris borate buffer with 5 mM KCl, pH 

7.4).  The gels were run at 9 W at 22° C with efficient cooling.  The running buffer was 

made to circulate continuously from the bottom to the top reservoir and back, to maintain 

stable pH and ion concentration.  The folded DNAs were mixed either with native low pH 

loading buffer (50 mM Tris Acetate, pH 5.2, 30 % glycerol and loading dyes) or with 

native neutral pH loading buffer (50 mM Tris HCl, pH 7.4, 30 % glycerol and loading 

dyes) prior to loading in the two kinds of gels.  Imaging of the gels was carried out using 

a Typhoon 9410 Phosphorimager (Amersham Biosciences). 

For the DMS treatment, pre-assembled DNA structures were treated with 0.2% 

DMS (freshly prepared in 10 mM Tris, pH 5.2).  The solutions were allowed to incubate 

for 30 min at 22° C, following which the methylation reaction was quenched by the 

addition of ß-mercaptoethanol.  Such DMS-treated DNA solutions was mixed with low 

pH native gel loading buffer and loaded into a 7.5 % low pH native gel.  Bands 

corresponding to the TQ, T1 and D were then excised from the gel, their DNA eluted and 

recovered, and concentrated via ethanol precipitation.  The recovered DNA was then 

treated with 10% v/v freshly prepared aqueous piperidine at 90oC for 30 min followed by 

lyophilisation.  The lyophilised DNA was dissolved in denaturing gel loading buffer (95 % 

formamide, 1 mM EDTA, and loading dyes) prior to loading on 20% 

denaturing/sequencing gels. 

For a reference G-ladder preparation, 32P-5’-labeled 5’-Y24G3R’24 single-strand 

was heat denatured at 100° C for 3 min, following which DMS and piperidine treatments 

were applied, as described above. 

3.2.4. Atomic Force microscopy (AFM) 

Atomic force microscopy was used to directly image the triplex-quadruplex hybrid 

DNA nanostructures.  Images were taken with a Dimension Icon AFM (Bruker; Billerica, 

MA) using a ScanAsyst-Air silicon nitride tip (2 nm radius) with a resonance frequency of 
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70 kHz in tapping mode.  Images were constructed from 512 line scans stitched 

together, with the scan rate during imaging being between 0.8 and 1 Hz.  Samples of 

DNA solution were pipetted onto a freshly peeled mica surface (prewashed with 

incubation buffer), allowed to dry, and then washed with double-deionized water to 

remove any traces of the buffer and to isolate the DNA prior to imaging. 

3.2.5. Transmission Emission Microscopy (TEM) sample preparation, 
Imaging and EDX Analysis 

TEM imaging was done to verify the formation of long DNA nano-structures.  4-5 

l samples were deposited on Formvar/Carbon Coated - Copper 300 mesh TEM grids 

(TED PELLA INC.) and incubated for 3 min.  The excess solutions were removed from 

grid by absorbing on a filter paper.  The grids were washed once with incubation buffer 

followed by washing with milli-Q water to remove any non-adhered DNA and excess 

salts.  Without drying the samples out, the deposited DNA structure was stained with 4 

% Neodymium Acetate201 directly on the grid by pipetting 3-4 ul of staining solution on it 

and a further incubation of 2-3 min.  After incubation, the excess solution was again 

removed using a filter paper.  Finally, grids were washed twice with milli-Q water to 

remove all the excess chemicals.  After drying the grids, TEM images were taken using 

an FEI Tecnai Osiris TEM microscope, equipped with Super-X EDX detection system 

based on Silicon Drift Detector (SDD) technology, and operated at 200 kV.  

 

3.3. Results 

3.3.1. Formation of Monomeric Triplex-Quadruplex Hybrid Tile “TQ” 

Figure 3-1.a shows a schematic for the assembly of a triplex-quadruplex hybrid 

“tile”, TQ, a key structural unit of this conception.  The starter duplex here is “D”, a 51-bp 

duplex comprising two 24 bp stretches of Watson-Crick duplex sandwiching a central 

stretch of three G•G mismatches: the two component single strands have sequences of 

5’-Y24G3R’24 and 5’-Y’24G3R24, respectively, shown in Table 3-1. 

When two distinct, 27-nt, pyrimidine-rich, non-mutually complementary single- 

strands, 5’-G3Y24 and 5’-G3Y’24 (Table 3-1) are added to the duplex D at pH 5.5, that 
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leads to the formation of two alternative triplexes, T1 and T2, respectively.  Addition of 

both single strands, sequentially or together, at pH 5.5 and in the presence of the K+ 

cation (the last necessary for the specific stabilization of the three central G-quartets) 

gives rise to the Triplex/G-Quadruplex tile, TQ, which is stable under these solution 

conditions.   

Table 3-1. List of DNA sequences used to make different constructs.  DNA sequences for constructing 
non-sticky TQ tile and sticky TQs tile. 

TQ Tile DNA 

Name  Sequence (5-3) 

Y24G3R’24 TCC TCT CTC TCT CTC TCT CTC TCT GGG AAG AAG AAG AAG 

AAG AAG AAG AAG 

Y’24G3R24 CTT CTT CTT CTT CTT CTT CTT CTT GGG AGA GAG AGA GAG AGA 

GAG AGA GGA 

G3Y24 GGG TTC TTC TTC TTC TTC TTC TTC TTC 

G3Y’24 GGG TCT CTC TCT CTC TCT CTC TCT CCT 

TQs Wire DNA 

Name Sequence (5-3) 

G2Y24G3R’24G2 GG TCC TCT CTC TCT CTC TCT CTC TCT GGG AAG AAG AAG AAG 

AAG AAG AAG AAG GG 

G2Y’24G3R24G2 GG CTT CTT CTT CTT CTT CTT CTT CTT GGG AGA GAG AGA GAG 

AGA GAG AGA GGA GG 

G3Y24G4 GGG TTC TTC TTC TTC TTC TTC TTC TTC GGGG 

G3Y’24G4 GGG TCT CTC TCT CTC TCT CTC TCT CCT GGGG 
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Figure 3-1. Characterization of Triplex-Quadruplex Hybrid Tile TQ.  (a) Schematic of TQ design; D: 
duplex, T1/T2: triplexes; TQ: triplex-quadruplex hybrid.  (b) Low pH and neutral pH native gels to analyze 
different products.  (left) Native gel run in 50 mM TAE buffer plus 5 mM potassium acetate pH 5.2; (right) 
Native gel run in 50 mM TBE buffer plus 5 mM potassium chloride, pH 7.4.  Samples D, T1, T2 and TQ were 
incubated either in low pH buffer (consisting of 50 mM Li+ acetate, 50 mM K+ acetate and 10 mM Mg2+ 
acetate, pH 5.5, and run in lower pH gel) or in neutral pH buffer (consisting of 10 mM Tris, 50 mM LiCl, 50 
mM KCl and 10 mM MgCl2 pH 7.4, and run in a neutral pH gel).  

 

 

a b

a b
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Figure 3-1.b shows native gels, run at pH 5.2 (left) and pH 7.4 (right), 

respectively of the various DNA constructs shown in Figure 3-1.a (the 5’-Y24G3R’24 

strand of the D duplex is 32P-5’- end-labelled).  It can be seen that in the pH 5.2 gel, the 

different complexes have characteristic native gel mobilities: the duplex D has the fastest 

mobility, the three-stranded and structurally equivalent complexes T1 and T2 share a 

mobility slightly slower than that of D, and that the four-stranded tile complex, TQ, has 

the slowest mobility of the four complexes.  At pH 7.4, however, all four loadings show 

the same gel mobility, indicating that neither the purely triplex complexes, T1 and T2, nor 

the G-quartet containing tile, TQ, persists.  At this pH, the CG*C+ base triple-containing 

triplexes are not stable, despite the presence of 5 mM K+ in the gel to stabilize the 

central 3-quartet G-Quadruplex within TQ. 

To investigate in greater detail whether the expected base-pairing patterns within 

the D, T1 and TQ complexes were indeed occurring, I carried out footprinting 

experiments with dimethyl sulphate (DMS), a reagent that methylates the N7 position of 

guanines within ssDNA and DNA helices in which the N7 is not involved in hydrogen 

bonding, such as in a Watson-Crick duplex but not in the R strand of YR*Y triplexes or in 

G-quadruplexes: in the last two structures, this N7 position participates in Hoogsteen 

hydrogen-bonding and does not react with DMS.  The various DNA complexes were 

treated with 0.2% DMS, and then loaded in a pH 5.5 native gel, shown in Figure 3-2, 

left.  DNA from the asterisked bands, representing the D, T1, and TQ complexes, were 

excised and purified, and treated with 10 % v/v hot aqueous piperidine (to break the 

DNA phosphodiester backbone at such modification sites) prior to loading on a 

sequencing gel, Figure 3-2, right.  As expected, all guanines within the 32P-5’-labeled 

5’-Y24G3R’24 single-strand within the D duplex are reactive with DMS.  In T1, the G3 

stretch is reactive; however, the guanines participating in the triplex are not DMS-

reactive, as expected; in TQ, all guanines within this strand are DMS-protected, 

consistent with their participation in triplex as well as G-quadruplex (for the G3 stretch) 

formation. By contrast to the above, in the 32P-5’-labeled 5’-Y24G3R’24 single-strand alone 

(“+ DMS control”), all guanines are strongly reactive.  
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Figure 3-2. DMS footprinting of TQ tile.  (Left) Native gel run at pH 5.5. showing (with red asterisks) DMS-
methylated D, T1, T2 and TQ complexes.  (Right) Denaturing gel showing guanine bands from each of the 
asterisked and DMS-treated complexes purified out of the native gel (left), followed by treatment with freshly 
prepared 10 % v/v hot aqueous piperidine and lyophilization to dryness prior to running on the denaturing 
gel.  The “-DMS control” and “+DMS control” were obtained from the 32P-5’-labeled 5’-Y24G3R’24 single 
strand. 

 

The formation of TQ tile was independently investigated using an alternate, 

fluorogenic dye-based approach.  Chelerythrine (CHE) has been shown to bind 

specifically and undergo a large fluorescence enhancement from stacking upon the 

terminating ends of triplexes202.  I incubated CHE with the TQ tile in a 2:1 ratio.  Figure 

3-3 shows that CHE alone, or in the presence of Duplex D, exhibits only a low 

(“background”) fluorescence.  However, in the presence of triplex T1 or the tile TQ, its 

fluorescence is sharply enhanced.  Construct T1 has a flush triplex terminus at one of its 

ends and a flush duplex terminus on the other; whereas, the tile TQ has flush 

terminating triplexes on both its ends.  Incubation of TQ and T1 with CHE reveals that 

CHE’s fluorescence in the presence of TQ is ~ 2-fold higher than its fluorescence in the 

presence of T1 (once the background-level fluorescence contribution from the duplex 

end of T1 has been subtracted).  The above number is in agreement with the structure 

as proposed.  Furthermore, the fluorescence decreases notably if the pH is raised from 

5.5 to 8.0, confirming both the requirement of low pH for the stability of the TQ tile, and 

the facile, pH-dependent reversibility of TQ tile formation.  
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Figure 3-3. Dye based approach of investigating TQ formation. (Top) Schematic showing how CHE 
fluoresce after stacking to the triplex. (Bottom) Fluorescent measurement (Excitation/Emission: 333/555 
nm) for different structures at two different pH.  D: duplex, T1: Triplex, TQ: Triplex-Quadruplex hybrid tile.  
Last column: Effect of changing pH from pH 5.2 to 8.0.  “pH5.2_H2O”: addition of equivalent amount of H2O 
as NaOH to TQ tile to see effect of dilution.  “pH5.2_NaOH_pH8.0”: addition of NaOH to raise pH of TQ tile. 
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3.3.2. Sticky Version of TQ tile “TQs” to Form long 1-D DNA 
Nanostructure (1DDN-“(TQs)n”)   

Variants of the duplex D can be constructed by the inclusion of sticky “GG” 

additions at both 3’ and 5’ ends of each component single strand.  This generates the Ds 

(“s” for “sticky”) duplex (Figure 3-4.a).  This can be converted by the addition of either 

single strand, 5’-G3Y24G4 or 5’-G3Y’24G4, to form triplex complexes T1s or T2s, at pH 5.5.  

Addition of both single-strands would be expected to generate a triplex-quadruplex tile, 

TQs, that has uniquely guanine-only sticky ends on both ends.  Such sticky tiles should 

in principle assemble together (Figure 3-4.b, “1” ) in the presence of K+ to form a triplex-

quadruplex hybrid nanostructure/nanowire, (TQs)n (Figure 3-4.b, “2” and “3”).  Such a 

final 1DDN would be expected to contain two distinct sets of short G-quadruplexes 

breaking up long stretches of YR*Y triplex.  The first of these, (G3)4, would serve to 

correctly phase the triplex components of the final 1DDN; the second, (G4)4, would serve 

as a “glue junction”, guanine-rich sticky ends capable of binding together to form a 

complete and well-stacked composite G-quadruplex involving two distinct TQs tiles.  

 

Figure 3-4. Design of sticky TQs tiles. (a) Shown are a Ds duplex to which addition of a single-strand, 5’-
G3Y24G 4 at pH 5.5 creates a single-sided sticky-ended triplex tile, T2s; and the addition of a second single-
strand, 5’-G3Y’24G4, generates a double-sided sticky-ended triplex tile (TQs).  (b) TQs tiles (“1”) in the 
presence of K+ should assemble to (TQs)n 1DDN (“2”; full nucleotide sequence shown in “3”). 
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Figure 3-5 shows the complexes Ds, T1s, T2s, and TQs run in native gels run at 

pH 5.2 (a) and at pH 7.4 (b), respectively, with both gel running buffers containing 5 mM 

K+.  It can be seen that neither the triplexes, T1s and T2s, nor the triplex-quadruplex tile, 

TQs, persist at pH 7.4; whereas at 5.2, they run as distinct complexes with defined gel 

mobilities.  Interestingly, at pH 5.2, TQs does not enter the gel at all and is restricted to 

the gel well, consistent with the TQs tile self-assembling into a high molecular weight 

species, likely the triplex-quadruplex hybrid 1DDN, (TQs)n.  The requirement for all four 

DNA component strands (5’-G2Y24G3R’24G2; 5’-G2Y’24G3R24G2; 5’-G3Y24G4 and 5’-

G3Y’24G4) for this to happen is indeed consistent with the formation of such a high 

molecular weight species/1DDN, (TQs)n  

 

Figure 3-5. Native gels, at pH 5.2 and 7.4, showing the sticky constructs Ds, T1s, T2s and TQs.  (Left) 
Native gel run in 50 mM TAE buffer plus 5 mM potassium acetate, pH 5.2; (Right) Native gel run in 50 mM 
TBE buffer plus 5 mM potassium chloride, pH 7.4.  Ds, T1s, T2s, TQs (incubated independently either in low 
pH or neutral pH buffer).  The postulated (TQs)n 1DDN is shown circled in red.  

 

The requirement for K+ in the formation of (TQs)n, was investigated by separately 

co-incubating its four constituent DNA single strands in a purely Li+ containing buffer (pH 

5.5); in Li+ and Mg2+ (pH 5.5), and in a third buffer containing Li+, Mg2+, and K+ (pH 5.5).  

Figure 3-6.a, shows that the incubations in the presence of either Li+ alone or Li+ and 

Mg2+ at pH 5.5 are not sufficient to hold (TQs)n together. The (TQs)n species is observed 

at the gel well only when K+ is present during its formation. To investigate, further, the 

role of the mildly acidic pH in (TQs)n’s formation and stability, the four constituent strands 
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were incubated with all three cations, Li+, Mg2+ and K+, at pH 5.5, but were then run in a 

pH 7.4 native gel (Figure 3-6.b).  Here, the high molecular weight species is no longer 

evident.  Also, Figure 3-6.c shows that a significant proportion (~30 %) of the 1DDN 

dissociates if 18-Crown-6, a crown ether compound known to tightly and specifically 

sequester K+, is added in excess of K+. The combined result from Figure 3-6 confirms 

that for both formation and stability of (TQs)n, an acidic pH (to stabilize the DNA triplex 

stretches containing CG*C+ base triples) as well as K+ (to stabilize the short G-

quadruplexes formed between successive TQs tiles to form (TQs)n are required.  

 

Figure 3-6. Analysis of (TQs)n stability in response to encountering a change in pH and K+ depletion.  
(a) Incubation of TQs in the presence of either a purely Li+ containing buffer “Li” (pH 5.5); in Li+ and Mg2+ 
containing buffer “Li/Mg” (pH 5.5), or in Li+, Mg2+ and K+ containing buffer “Li/Mg/K” (pH 5.5).  The High 
molecular weight species, (TQs)n seen in the well of the Li/Mg/K lane, is not found in lanes showing 
incubation lacking K+.  (b) TQs was incubated at low pH buffer but was run in a neutral pH gel.  The high 
molecular weight species, seen in (a), and corresponding to the hypothesized (TQs)n, is no longer visible.  
(c) TQs incubation was carried at pH 5.2 in “Li/Mg/K” buffer.  Upon incubation one half of TQs was mixed 
with K+ sequester 18-crown-6 and other half with just equivalent volume of H2O.  The high molecular weight 
species corresponding to the hypothesized (TQs)n breaks down substantively in the lane where TQs have 
been mixed with 18-crown-6. 

 

3.3.3. Visualization of 1DDN “(TQs)n” using Atomic Force Microscopy 
(AFM) and Transmission Electron Microscopy (TEM) 

I used Atomic Force Microscopy (AFM) to investigate the physical appearance of 

(TQs)n.  Following its formation, as above, the product was deposited onto mica surfaces 

pre-washed with the incubation buffer.  Figure 3-7 shows three independent AFM 

images of bona fide (TQs)n assembly, of 150-300 nm length.  Figure 3-8 shows an 

average cross-section (depth) of (TQs)n nanostructure from multiple AFM images. The 

a b c
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cross section of (TQs)n Wire (diameter ~2.2 nm) is comparable to the AFM cross section 

of G-wires as has been reported previously107,203,204.  By contrast, incubation in the Li+/ 

Mg2+/K+ buffer, at pH 5.5, of the duplex, Ds; T1s/T2s, or the monomeric tile TQ, did not 

show any level of long nanostructure formation (Figure 3-9).  Ds, T1s/T2s as well as 

monomeric TQ tile are individually very small dimensionally (< 20 nm) and thus they 

appear as small dots on AFM image (the scanning window scale is 1 m).  DNA 

duplexes have been reported to have very non-defined/irregular AFM features with 

uncharacterised dimensions107,203,204.  Because of its high relative flexibility, duplexes 

can get pinned or flattened upon mica surface.  In our case, Ds appear as floating island 

in the AFM image (suggesting limited aggregated and flattening) on mica surface 

whereas T1s/T2s as well as monomeric TQ appear as discrete dots.  
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Figure 3-7. AFM Images of TQs Hybrid DNA 1DDN.  Incubated 1DDN were deposited onto mica and then imaged in tapping mode.  Scale bar (color gradient) to 
the right of every AFM image denotes the height information of TQs 1DDN.  
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Figure 3-8. Cross-Section from multiple AFM images of (TQs)n 1DDN. Actual sites of cross-section has been shown by a dashed line on the AFM image itself.  
An average cross-section plot has been shown at bottom right. 
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Figure 3-9. AFM images of duplex Ds; triplex T1s and the monomeric tile TQ. None of these monomeric units show any sign of elongated Wire/1DDN 
formation.  

 



84 

I used TEM (Transmission Electron Microscopy) as an independent alternative 

method to investigate the appearance of TQs nanostructure.  Figure 3-10 shows that 

TQs tile, following incubation in Li+/ Mg2+/K+ buffer, at pH 5.5, forms a long DNA 

nanostructure (200-300 nm).  The forks/branches seen in the STEM images reflect the 

overlap of two separate 1DDN/nanowire as a result of improper/incomplete segregation 

during adsorption of the deposited samples (nanowires) onto the TEM grids. 

 

Figure 3-10. STEM-HAADF images of (TQs)n 1DDN.  (Top: left & right): Images of 1DDN at two different 
scales.  (Medium and Bottom): EDX analysis of 1DDN.  Bottom-left: Signal (in red) of neodymium (which 
was used to stain the DNA for imaging).  Bottom-right: Signal (in green) of Phosphorous (coming uniquely 
from DNA and not from any buffer).  Medium-right: Overlapping signal from red and green channel. 
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Figure 3-11. STEM-HAADF Images of 1DDN in response to increasing pH and K+ depletion.  
Dissociation of (TQs)n, incubated in “Li/Mg/K” buffer at pH 5.5, (a) 2 hrs and (b) 4hrs after raising the pH to 
8.0 by addition of NaOH.  (c-d) No 1DDN was seen when (TQs)n, were incubated in “Li/Mg” buffer (pH 5.5), 
i.e., in absence of K+. 

 

Energy Dispersive X-Ray Analysis (EDX) was done to further confirm the 

presence of DNA in the TEM images as shown in Figure 3-10.  Once again, the (TQs)n 

nanostructure were seen to disassemble from either an increase in the pH or the 

absence of K+ from the incubation as shown in Figure 3-11. 

 

3.4. Discussion and Conclusion 

What applications might such TQ Hybrid nanostructure find?  First, this is an 

easily reversed nanostructure, whose stability relies on two distinct enablers—the K+ ion 

and pH < 5.5.  These two requirements constitute an “AND” logic for the formation of the 

nanostructure, inasmuch as removal of either reagent/condition disassembles the 

a b

c d
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nanostructure.  Conventional “G-Wires”, formed from canonical G-quartets, or other 

reported 1DDN, have, by contrast, very limited possibilities in terms of reversibility205,206.  

Potentially, then, such TQ Hybrid nanostructures could be used to link together proteins, 

protein complexes, DNA nanostructures or indeed non-biological nano-objects, whose 

linkage could conveniently be formed or broken by either the addition/sequestration of K+ 

or by shunting the ambient pH between 5.5 and 7.5.  Although in this work I report the 

self-assembly of a 1DDN of indefinite length, based on the reagent-limited self-assembly 

of the sticky TQs tile (which contains G-rich sticky ends on both sides), nanostructures of 

discrete lengths could be assembled by the inclusion of low molar ratios of 1DDN-

terminating tiles with only one-side sticky.  The nanostructure reported here is built from 

YR*Y triplexes; however, it should also be possible to construct analogous 1DDN which 

harness, instead, “YR*R” triplexes, which would require only K+ and Mg2+ ions and 

neutral pH but not pH < 5.5 for formation, stability and reversibility.  A particular virtue of 

TQ Hybrid nanostructure as a class is their ease of synthesis; Other 1DDN, that are 

composed of multiple DNA strands, particularly different G-wires made up exclusively or 

largely out of guanine or other quartets, require high (mM range) concentrations of DNA 

to enable their efficient intermolecular self-assembly199.  The TQ Hybrid 1DDN reported 

here, however, requires only ~1 µM total DNA to form.  Further, abasic sites can be 

rationally positioned in these TQ Hybrid nanostructures, where specific fluorophores 

could bind and fluoresce, providing a novel approach to developing sensitive and 

reversible (pH- and K+-dependent) sensors207.  Among other anticipated uses for these 

nanostructures could be electric charge conduction (based on their relatively high 

guanine content), the construction of logic gates, DNA origami, and pH-responsive 

reversible hydrogels.  

One of the most important innovations of this study is that, it introduces the 

concept of a new class of purely guanine-based “sticky ends”, which can be exploited to 

join together DNA entities not via Watson-Crick base pairing.  To show this application, I 

took a small duplex with the sense and anti-sense strand consisting of mutually 

complementary poly-purine and poly-pyrimidine bases, respectively, as well as a set of 

‘’GG’’ overhangs on each strand (on the 3’ end of the purine strand, and 5’ end of the 

pyrimidine strand- Figure 3-12.a). The triplex forming strand used here is poly-

pyrimidine with a “GGGG” stretch at its 3’ end.   
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Figure 3-12 shows that in the presence of K+ and low pH, this triplex can homo-

dimerize to give rise to a triplex dimer -as shown both by low pH Native gel 

electrophoresis data and the CHE (fluorogenic dye) based data.  The underlying 

importance of formation of canonical YR*Y triplexes to enable these nanostructures is 

shown in Figure 3-13; if the rules for forming such triplexes are broken by way of G to  C 

and compensating C to G mutations in the D duplex, the T1, T2 and TQ complexes are 

no longer able to form. 

In conclusion, I report here a novel class of 1-D DNA nanostructure (1DDN), 

composed primarily of DNA triplexes but assembled and correctly phased by very short 

stretches of G-quadruplex.  Future work will focus on fine-tuning the reversibility of these 

nanostructures; investigating the properties and utility of tiles and 1DDN that incorporate 

YR*R triplexes rather than the YR*Y triplexes used here; and of devising means, based 

on utilizing unique triplex sequences, for the assembly of 1DDN of precise length. 

 

  



88 

 

 

 

 

 

a

c

db



89 

 

 

Figure 3-12. Dimerization of a short duplex sequence using purely G-Quartet-based sticky ends.  (a) 
Schematic showing the principle of dimerization using quartet based sticky ends.  (b) Low pH native gel 
showing K+ dependent self-dimerization of a small duplex (See “species 4” formed only in the presence of K+ 
(Lane: Triplex (K+)) and not in the presence of Li+ (Lane: Triplex (Li+)).  (c-d) Schematic and data to show 
the dimerization using an alternate dye-based approach.  
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Figure 3-13. Demonstration of the requirement for canonical YR*Y triplex formation for the assembly of the triplexes T1 and T2 and the tile TQ. Introduction 
of G to C and compensating C to G mutations into the Watson-Crick duplex (shown in black, left) prevents the formation of triplexes using the original triplex-forming 
single-stranded DNA strands (shown in blue, left). 
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Chapter 4.  
 
A novel approach of capturing DNA/RNA G-
Quadruplexes (in vitro and in vivo) using intrinsic 
Heme-DNAzyme peroxidase activity 

4.1. Introduction 

Single-stranded DNAs (ssDNAs) and RNAs are capable of forming a number of 

non-canonical secondary structures, including G-quadruplexes (GQs)42,208,209, i -motif210, 

R-loops211, triplexes164 and other triplex-like hybrids212.  There structures have been 

discussed in detail in Section 1.4 of Chapter 1.  In particular, Guanine-rich nucleic acids 

have a strong propensity to fold, under physiological temperature and solution 

conditions, into GQs, structurally polymorphic quadruple helices that can form either in 

intramolecular or intermolecular fashion, with a diversity of topologies and strand 

orientations in the presence of specific cations like K+ and Na+. 

To date, a large number of distinct experimental approaches, explained in 

Section 1.5, have been used to search for GQs within living cells46,47,213,214.  Extensive 

use has been made of strongly GQ-binding small molecules (‘GQ-ligands’) to stabilize 

and/or pull-down intracellular DNA and RNA GQs214–217,50.  One caveat with regard to the 

use of extrinsic GQ-ligands to probe living cells is the possibility that such ligands may 

perturb the equilibrium of non-GQ but GQ-capable DNA or RNAs toward forming GQs.  

Yet GQ-ligands do not have to be either extrinsic or synthetic compounds.  Ubiquitous 

cellular cofactor, hemin [ferric heme or Fe(III)-protoporphyrin IX], present in all cells, was 

found to be a GQ-ligand, complexing tightly with both RNA and DNA GQs (Kd values in 

the 10–500 nM range53,113–119.  As explained in section 1.8, Hemin binds by end-stacking 

on the terminal G-quartets of GQs; it has been shown that parallel-stranded GQs bind 

hemin more strongly than antiparallel-stranded ones121.  In vitro, such GQ–hemin 

complexes, in the presence of hydrogen peroxide (or gaseous oxygen in the presence of 

a reductant, such as ascorbate), show robust, DNA/RNA-enhanced oxidative catalysis of 

both 1-electron (peroxidase) and 2-electron (peroxygenase/oxygenase) oxidation 

reactions53,113–119,121.  Since the discovery of the complexation of hemin by GQs in 1998, 



92 

this interaction has been intensively investigated, and no other fold of DNA or RNA (with 

the exception of the non-physiological isoguanine pentaplexes124 has been reported 

either to complex hemin or to activate it toward oxidative activity121,199.  In a most 

interesting development, experimental evidence has recently been reported to validate 

earlier conjectures116,115 that cellular RNA/DNA GQs naturally sequester intracellular 

hemin218. 

Recently, Owen et. al. has reported that in vitro, treating GQ–hemin complexes 

with hydrogen peroxide and the commercially available reagent biotin tyramide (BT), 

leads to efficient covalent biotinylation of the GQs themselves219.  This can be 

conveniently monitored by complexing the biotinylated GQs with streptavidin (StAv) and 

observation of concomitant electrophoretic mobility retardation of these GQ•biotin-StAV 

complexes in polyacrylamide gels.  By contrast, initial experiments with DNA duplexes 

co-dissolved with GQ–hemin complexes showed no trace of duplex biotinylation and, 

correspondingly, no StAv-retarded gel mobility of the duplexes.  That the StAv-shifted 

DNAs were indeed biotinylated was confirmed using MALDI-TOF mass spectrometry 

analysis219. 

Herein, I report a thorough investigation of the extent, specificity and spatial limits 

of the GQ self-biotinylation reaction as it occurs in vitro. I then go on to provide 

convincing results using this methodology for biotinylation of nucleic acids within freshly 

dissected, live Drosophila tissue. 

 

4.2. Materials and Methods 

4.2.1. Chemicals and DNA oligonucleotides 

SAvPhire Monomeric StAv (‘monoavidin’) was purchased from Sigma-Aldrich. 

Trolox ((±)-6-Hydroxy-2,5,7,8-tetramethylchromane-2-carboxylic acid) was from Sigma-

Aldrich.  Luminol (Pierce ECL Western Blotting Substrate) and StAv-HRP were from 

ThermoFisher Scientific. 
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All DNA and RNA oligonucleotides were purchased from the Core DNA Services 

Inc. (Calgary, Canada).  The oligonucleotides were first treated for 30 min with 10% v/v 

aqueous piperidine at 90°C to cleave DNA strands containing synthesis-related chemical 

lesions, lyophilized, and size purified in 8–12% denaturing gels.  The DNA was then 

ethanol precipitated and dissolved in TE buffer (10 mM Tris, pH 7.4, 0.1 mM 

ethylenediaminetetraacetic acid) to make stock solutions of desired concentrations.  All 

DNA oligonucleotides used in this study were gel-purified by size.  As required, 

oligonucleotides were 5′-labeled with 32P using γ-32P adenosine triphosphate (ATP) and 

a standard kinasing protocol, then polyacrylamide gel electrophoresis-purified.  The DNA 

and RNA oligonucleotides used in this study are shown in Table 4-1  

Table 4-1.  DNA and RNA sequences used in this chapter. Various GQ and non-GQ forming DNA/RNA 
sequences used in this study. 

 

 

4.2.2. Standard GQ biotinylation reaction 

GQ DNA stock solution was diluted appropriately into Q Buffer (40 mM HEPES, 

pH 8.0, 20 mM potassium chloride, 1% dimethylformamide and 0.05% Triton X-100), 

and then heat-denatured at 100°C for 3 min, followed by cooling to 22°C by directly 

transferring the reaction tubes from boiling water bath to that temperature.  Hemin was 

added to the folded DNA, and the solution rested for 10 min to assist heme–GQ complex 

formation. BT and H2O2 were then added to initiate the biotinylation reaction for various 

time points.  The reactions were quenched with the addition of 10 U bovine liver catalase 

(Sigma-Aldrich). 
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4.2.3. Native gel electrophoresis and gel data analysis 

DNA biotinylation was verified using a StAv gel shift assay in 7.5% non-

denaturing/native polyacrylamide gels (acrylamide:bis = 29:1) run in 50 mM Tris borate 

(TBE) buffer.  Biotinylated DNA was mixed with StAv in aqueous solution prior to loading 

in native gels run at 22°C with efficient cooling.  Imaging and densitometry analysis of 

32P-labeled gel bands were done using a Typhoon 9410 Phosphorimager (Amersham 

Biosciences).  Quantitation was carried out using ImageQuant 5.2 software (Amersham). 

4.2.4. Determination of biotinylation stoichiometry using ‘monoavidin’ 

For determining biotinylation stoichiometries, 1 μM ‘CatG4’ DNA was denatured 

at 100°C and refolded in Q buffer for 30 min at 22°C.  Hemin was added to 5 μM, and 

the mixture allowed to incubate for a further 10 min.  A total of 500 μM BT and 1 mM 

H2O2 were now added to initiate the biotinylation reaction, which proceeded for 30 min.  

The reaction was quenched by the addition of 10 U of catalase.  The treated DNA was 

recovered by ethanol precipitation and mixed with aqueous solutions of either StAv or 

Monomeric Avidin ('Monoavidin' or MAv).  The biotinyl-DNA/protein complexes were 

then run in a native polyacrylamide gel run at 4°C. 

4.2.5. Biotinylation competition experiments 

For dilute solution competition experiments, ‘CatG4-ext’ (0.01 μM, either 5′-32P-

labeled or not, depending on the experiment) was heat-denatured for 3 min at 100°C.  

Following 5 min of incubation in Q buffer at 22°C, heme was added to 5 μM and rested 

10 min to assist complexation.  Duplex DNA (dsDNA, made from the annealing of 100 

μM each of ‘dsDNA Watson Strand’ and ‘dsDNA Crick Strand’, 5′-32P-labeled or not, 

depending on the experiment), or ssDNA (100 μM, 5′-32P-labeled or not) was now 

added.  The final reaction buffer (QD Buffer: 40 mM HEPES, 40 mM Tris, pH 8.0, 20 mM 

KCl, 26 mM MgCl2, 2.5 mM spermidine-Cl3, 1% dimethylformamide and 0.05% Triton X-

100) contained both potassium to stabilize the GQ and magnesium and spermidine to 

stabilize the duplex.  The total DNA/hemin mixture was equilibrated at 22°C for 30 min, 

following which, BT (to 500 μM) and H2O2 (to 1 mM) were added and the peroxidase 

reaction allowed to proceed for 30 min.  The reaction was quenched using 10 U of 

bovine liver catalase (Sigma).  The treated DNA mixture was recovered by ethanol 
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precipitation, and the 70% ethanol-washed DNA pellet was dissolved in an aqueous 

solution of 25 μg (45 μM) StAv prior to running in a 7.5% native polyacrylamide gel run in 

50 mM TBE buffer. 

For the labelling competition experiments carried out at ultra-high overall DNA 

concentrations, the procedure was the same as above, with the exception that sheared 

duplex salmon sperm DNA (Sigma) was added to 17.5 mg/ml to the dsDNA mixture with 

hemin/GQ prior to 30-min equilibration at 22°C and initiation of the 

peroxidase/biotinylation reaction. 

4.2.6. Determination of distribution of biotinylation within a GQ 

CatG4 (1 μM) and other singly riboside-modified oligonucleotides, ‘CatG4_Rx’ (x 

= 1, 2, 3) (1 μM), were denatured for 3 min at 100°C and refolded in Q Buffer for 30 min 

at RT.  A total of 5 μM heme was then added and the solution equilibrated for 10 min.  

Following this, 500 μM BT and 1 mM H2O2 were added to initiate the reaction, which 

proceeded for 30 min at 22°C prior to quenching by addition of catalase.  The DNA was 

then ethanol precipitated, dissolved in TE buffer, and the solution was divided into two 

halves.  To cleave a given ‘CatG4_Rx’ at its internal ribonucleotide one half of the DNA 

solution was treated with 0.25 M NaOH at 90°C for 5 min; following which, the solution 

was neutralized with equimolar HCl.  The NaOH-cleaved strands were resolved and 

purified from a 10% denaturing gel.  Biotinylated DNA species were identified via 

treatment with StAv and subsequent analysis in 7.5% native gels. 

4.2.7. Determination of the radius of active biotinylation 

A total of 1 μM ‘CatG4-T7’ and 1 μM ‘ssDNA’ (both 5′-32P-labeled with γ-32P ATP) 

were pre-denatured separately for 3 min at 100°C in TE buffer.  They were mixed 

together in QD Buffer and allowed to anneal by slow cooling (from 100°C to 20°C at a 

rate of 7.5°C/min) in a Thermocycler.  The solution was now made up to 5 μM heme and 

allowed to equilibrate for 10 min.  A total of 500 μM BT and 1 mM H2O2 were added and 

the biotinylation reaction allowed to proceed for 30 min.  The reaction was quenched 

with catalase and the two component DNA strands (‘CatG4-T7’ and ‘ssDNA’) were 

separated and purified in an initial 8% denaturing gel.  The recovered DNA, ethanol 

precipitated, was redissolved and treated with StAv prior to running in a 7.5% native gel. 
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For investigation of longer-range biotinylation along the length of GQ-duplex 

composites, three short oligonucleotides, ‘Comp-1’, ‘ssDNA’ and ‘Comp-3’—each 

complementary to a different stretch of the oligonucleotide ‘CatG4-ext2’—were annealed 

together at 1 μM concentration each to ‘CatG4-ext2’ (with only one of the shorter 

oligonucleotide 32P-labeled at a time).  The subsequent procedure was carried out as 

described for the complex formed between ‘CatG4-T7’ and ‘ssDNA’, above. 

4.2.8. Competition with GQ-binding ligands 

A total of 1 μM ‘CatG4-ext’ was denatured for 3 min at 100°C and refolded in Q 

buffer for 30 min at 22°C.  It was then made up to 5 μM hemin and rested for 10 min. 

Different concentrations (0–200 μM) of a given GQ-binding ligand was added, and the 

solution equilibrated further for 10 min.  Following this, the solution was made up to 500 

μM BT and 1 mM H2O2 to initiate the biotinylation reaction, which proceeded for 30 min 

at 22°C prior to quenching by the addition of catalase.  The DNA was then recovered by 

ethanol precipitation and co-dissolved with StAv prior to running on native gels for 

analysis. 

4.2.9. In vivo biotinylation reaction and biotin blotting 

Drosophila melanogaster salivary glands were dissected into PBS buffer 

(phosphate buffered saline, pH 7.4) and incubated with 50 μM hemin, 3 mM BT for 15 

min, following which it was given a pulse of 10 mM H2O2 for 2–3 min (H2O2 was added 

and the solution containing the tissue shaken gently on a shaker for 2–3 min).  Following 

this treatment, the glands were washed twice with PBS buffer containing radical 

quenchers and peroxidase inhibitors (5 mM Trolox, 10 mM sodium azide, 10 mM sodium 

ascorbate).  Genomic DNA as well as total RNA were extracted from treated salivary 

glands using a ‘DNeasy Blood & Tissue Kit’ (Qiagen) and an ‘RNeasy Mini Kit (Qiagen), 

respectively, as per the manufacturer's protocols.  To take extra precautions to ensure 

the purity of the DNA extractions, DNA as extracted using the kit was given further 

treatments of RNase and proteinase as follows: first, the DNA was incubated with 

RNase A at 37°C for 1 h, after which it was incubated with Proteinase K at 50°C for 12–

14 h.  Following the above treatment, the DNA solution was extracted twice with phenol: 

chloroform: isoamyl alcohol (25:24:1), and then once with chloroform alone.  The treated 

DNA was then recovered by way of two successive ethanol precipitations, followed by a 
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70% ethanol wash.  The purified DNA pellet was then dissolved in TE buffer for further 

downstream analysis. 

A total of 2–5 μL of purified total RNA or genomic DNA was then spotted onto a 

Hybond N+ membrane using a standard dot blot transfer apparatus and were 

crosslinked to the membrane using a UV Crosslinker (a UV Stratalinker 2400) using 254 

nm light source, at a flux of 120 000 μJ for 30 s.  The membrane was then treated with 

Blocking Buffer [1 × Tris Buffered Saline (TBS) containing 5% bovine serum albumin, 

0.5% sodium dodecyl sulphate (SDS), 0.1% Ficoll, 50 μg/ml salmon Sperm DNA and 0.5 

ug/ml poly d-IC DNA] for 90 min at 22°C.  The blocking buffer was discarded and the 

membrane swirled overnight at 4°C with fresh blocking buffer of the same composition 

but containing, additionally, 1:10 000 diluted StAv-HRP.  The next day, the StAv-HRP 

containing buffer was discarded and the membrane thoroughly washed, with swirling in 

Washing Buffer (1 × TBS containing 0.5% SDS) twice for 45 min each at 22°C; twice for 

20–25 min each at 45–50°C; and once more for 10 min at 22°C.  The thoroughly washed 

membrane was then developed with the ECL System (ThermoFisher Scientific) using 

the manufacturer's protocol.  Chemiluminescence from biotinylated RNA/genomic DNA 

was captured using a ChemiDoc™ Imaging System. 

4.2.10. LC-MS protocol 

A Bruker maXis Impact Quadrupole Time-of-Flight LC/MS System was used for 

the analysis. The system consists of an Agilent 1200 HPLC and a Bruker maXis Impact 

Ultra-High Resolution tandem TOF (UHR-Qq-TOF) mass spectrometer.  The Software 

used was Compass 1.5.  For the MS, the ionization mode was Negative Electrospray 

Ionization (-ESI).  Gas Temp: 180°C.  Gas Flow: 8 l/min.  Nebulizer: 2 bar.  Capillary 

Voltage: 3000 V.  Mass Range: 50–1500 Da.  Calibrant: Sodium Formate.  For the 

HPLC, a Spursil C18 column with 3 micron particle size, 30 mm length × 3.0 mm 

diameter (Dikma Technologies) was used.  The column temperature was: 30°C.  For the 

solvent gradients, Solvent A was water with 0.1% formic acid; and Solvent B was 

acetonitrile with 0.1% formic acid. 
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4.2.11. Biotinylated RNA enrichment 

Dynabeads M270 Streptavidin magnetic beads (Thermofisher Scientific, Catalog: 

65305) were washed twice with solution A (0.1 M NaOH, 0.05 M NaCl).  Beads were 

washed once more in 1X Solution B (Binding and Wash Buffer(2X): 10 mM Tris pH 7.4, 

1mM EDTA, 2 M NaCl, 0.15 mg/ml Heparin) and were finally suspended in solution B.  

Total RNA, extracted from Drosophila salivary glands, were mixed with prewashed M270 

beads and were allowed to bind on a rotor for 30 min at 22oC.  Post-binding, beads were 

washed thrice in solution B at room temperature and were then suspended in RNase 

free water.  Beads (bound with the biotinylated RNA) were used either directly for cDNA 

synthesis using superscript III (reverse transcriptase) or the biotinylated RNA bound to 

the beads were eluted as per the protocol reported by Alice Ting and co-workers220 for 

library preparation and sequencing. 

4.2.12. High-Throughput Sequencing 

Sequencing library was prepared using NEBNext Ultra II Directional RNA Library 

Prep Kit according to the standard protocol described in manufacturer’s instructions.  

The sample library was sequenced with 2x75 bp reads on MiSeq nano flow cell, which 

produces upto 1 million raw reads. 

4.2.13. Bioinformatics Analysis 

RNA was either a) fragmented or b) left unfragmented prior to 75 bp paired-end 

sequencing on a MiSeq nano flow cell, resulting in 629,857 and 633,319 raw reads, 

respectively.  Libraries were adaptor trimmed and quality filtered using Trimmomatic 

0.36221. Reads were further aligned to PhiX and ribosomal RNA sequences using bbmap 

38.87 (https://sourceforge.net/projects/bbmap/), resulting in the removal of 1.2 % and 

89.0 % of the total reads, respectively.  The final set of filtered reads contained 74,092 

and 65,028 reads in a) fragmented or b) left unfragmented libraries, respectively.  

Filtered reads were mapped to the Drosophila melanogaster genome (assembly 

Release 6 plus ISO1 MT; downloaded from RefSeq on 2020-10-28), using STAR 

2.7.6a222 with settings: -- genomeSAindexNbases 12 --sjdbOverhang 74.  Filtered reads 

were mapped to the D. melanogaster transcriptome (Release 6 as above) using bowtie 
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1.0.0223.  Further, filtered reads were assembled using rnaSPAdes 3.13.1224, and 

mapped to the assembly with bowtie 1.0.0.  Coverage BED files were generated for all 

alignments with bedtools 2.17.0225 using settings: - bg -split.  Feature alignments were 

counted using featureCounts 2.0.1226. 

 

4.3. Results 

4.3.1. Biotinylation of diverse DNA and RNA GQs 

As described in the Introduction, no DNA or RNA folded structure other than GQs 

have been shown either to bind hemin or to activate such bound hemin toward oxidative 

activity.  GQs, however, are a highly polymorphic class of structures, with a variety of 

strand orientations and topologies48.  I wished, first, to investigate, whether DNA GQs of 

different strand orientations (all-parallel, all-antiparallel and mixed orientation47,48 as well 

as RNA GQs (which invariably form all-parallel stranded GQs46) could all self-biotinylate 

by way of the peroxidase activity of hemin complexed to them (sequences given in 

Table 4-1)46,47,213.  5′-32P-labeled all-parallel DNA GQs (‘CatG4’, ‘MYC’, ‘KIT1’ and KIT2), 

all-antiparallel DNA GQs (‘SPB1’ and ‘TBA’), a mixed strand-orientation DNA GQ 

(‘hTELO’) as well as parallel RNA GQs (‘rNRAS’ and ‘rBCL2’) were subjected to 

standard biotinylation reactions (see ‘Materials and Methods’ section); together with a 

DNA oligonucleotide (‘BLD’) and a RNA oligonucleotide (‘r(ssRNA)), that are not capable 

of forming GQs46,47,213.  Following quenching of the biotinylation reactions, the DNAs and 

RNAs were treated with StAv and analyzed in non-denaturing gels.  Figure 4-1 shows 

that the parallel GQs, whether DNA or RNA, were efficiently biotinylated (∼38–72 %); 

whereas the antiparallel GQs were also biotinylated at lower but detectable levels.  By 

contrast, no trace of biotinylation was seen with the negative control oligonucleotides, 

BLD and r(ssRNA). 
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Figure 4-1.  Verification of various GQ-forming DNAs (a) and RNAs (b).  Biotinylation reaction 
performed on various orientations of DNA GQ as well as on RNA GQ with proper controls 

 

The biotinylation of all the GQs examined here is significant for the anticipated 

biotinylation experiments to be carried out in vivo; even low levels of biotinylation (as 

opposed to no biotinylation) of the pertinent DNA or RNA sequences should enable their 

pulldown using StAv, followed by NextGen sequencing.  Recently, indeed, RNA self-

biotinylation has been characterized in vitro in a separate study227. 

4.3.2. How many biotins covalently attach to each CatG4? 

The tight and highly specific biotin-StAv interaction provides, in principle, a 

convenient approach for quantitating the number of biotins that covalently attach to each 

GQ-forming oligonucleotide under our reaction conditions.  However, the use of 

tetrameric StAv (capable of binding up to four biotins/biotinylated DNAs) complicates 

such an estimation.  Indeed, in a standard experiment involving GQ-forming 

oligonucleotides, multiple StAv-retarded gel bands of biotinylated GQ are seen (such as 

in Figure 4-1), which are difficult to interpret in terms of binding stoichiometries. 

To address this problem, I decided to use a MAv (SAvPhire Monomeric StAv or 

‘monoavidin’), with its property of forming an exclusively 1:1 complex with biotin.  To 

generate a reference complex consisting of the GQ forming ‘CatG4’ DNA oligonucleotide 

with a single appended biotin, in turn complexed to a single monoavidin molecule, I used 

a b
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a ‘CatG4’ oligonucleotide chemically synthesized with a 3′-appended biotin moiety (‘3′-

biotinyl CatG4’).  Figure 4-2.a schematically shows such a DNA and its expected 1:1 

complex with monoavidin.  Figure 4-2.b shows the expected binding scenario of a 

multiply biotinylated ‘CatG4’ with monoavidins. 
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Figure 4-2.  Quantitation of Self-Biotinylation of various GQs.  (a, b) Schematic showing 1:1 complex 
formed by Biotin and MAv.  (c) Quantitation of biotinylation for CatG4.  Same gel has been shown at two 
different exposures.  (d, e) Verification of GQ self-biotinylation efficiency at two different Heme 
concentrations. 

 

Figure 4-2.c shows that while 3′-biotinyl ‘CatG4’ mixed with StAv generates two 

retarded bands of uncertain DNA:protein stoichiometry (‘3′-biotinyl DNA; no reaction; + 

StAv’), when it is mixed instead with monoavidin (‘3′-biotinyl DNA; no reaction; + MAv’), 

a single, clearly defined, monoavidin-retarded band results.  This result provides us with 

a positive control for investigating the extent of biotinylation of ‘CatG4’ under our reaction 

conditions, based on the presumption that each biotin covalently linked to a given CatG4 

molecule would bind a single monoavidin (shown conceptually in Figure 4-2.b).  Figure 

4-2.c shows two different exposures of the same native gel.  Two strong retarded bands 

(corresponding to two biotins appended to one CatG4) can be seen but up to a total of 

four retarded bands can be discerned (shown by red asterisks in the lane marked 

‘CatG4 + reaction + MAv’).  The percentages of these retarded bands are given in 

Figure 4-2.c.  In summary, with folded ‘CatG4’ (a 21-nt, three G-quartet GQ), 2–4 biotins 

typically attach under our reaction conditions. 

I asked the following further questions: (i) how reproducible are the levels of 

biotinylation observed for individual GQs under a given reaction condition (such as 
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shown in Figure 4-1)?  Furthermore, (ii) is there a higher efficiency of biotinylation with a 

higher (50 μM rather than 5 μM) heme concentration?  Figure 4-2.d shows a gel 

reporting the standard biotinylation of GQs with 5 μM heme.  Two independent reactions 

were carried out, and the numbers shown in the gel reflect that.  The percentage values 

of monoavidin- versus StAv-retarded DNA for both the TBA (antiparallel) and the MYC 

(parallel) GQs are mutually consistent.  Further, the error bars (representing deviations 

from the mean) are small, showing a high reproducibility of the biotinylation reaction 

under a given reaction condition.  Figure 4-2.e shows that notable biotinylation 

enhancements (97% for MYC and 15% for TBA) are achieved with 50 μM as opposed to 

5 μM heme.  Again, the reproducibility of biotinylation levels seen with two independent 

experiments using 50 μM heme is high. 

4.3.3. Biotinylation competition experiments with large excesses of 
ssDNA or dsDNA in dilute and concentrated (gelated) solutions 

Of the variety of secondary and tertiary structures formed by natural RNA and 

DNA, only GQs have been shown to bind hemin.  Hemin neither binds to ssDNA or 

dsDNA nor is it activated toward oxidative catalysis by those DNA folds115,121.  If self-

biotinylation is intended to be a reliable method for tagging GQs in vivo, it would be 

necessary to estimate the degree to which, in complex mixtures of ss/dsDNA and GQs, 

promiscuous labelling of the ds or ss DNA might occur. 

I investigated this first in dilute DNA solution, with 10 nM ‘CatG4-ext’ DNA co-

dissolved with very large (104-fold) excesses of either ‘ssDNA’ or ‘dsDNA’.  This 

particular molar ratio was chosen based on rough calculations on the ratio of the size of 

the human genome (∼ 3 × 109 bp) to the reported number of GQ-capable sites within the 

genome (7 × 105 bp)66. 

Figure 4-3.a illustrates the concept of the experiment.  Figure 4-3.b shows the 

results of ‘CatG4-ext’ co-dissolved (10 nM) with ‘ssDNA’ (100 μM), the two DNAs being 

reciprocally 32P-labeled.  The DNA mixture was treated with hemin, BT and H2O2, 

purified by ethanol purification, mixed with StAv, and run in a native polyacrylamide gel.  

Figure 4-3.b shows that StAv-shifted gel bands (∼50% of the total DNA in that lane, 

indicated with a red bracket) are visible only in the lane containing a mixture of 32P-

labeled ‘CatG4-ext’ DNA co-dissolved with unlabelled ‘ssDNA’; and, that no trace of 
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such shifted bands can be seen from the lane containing 32P-labeled ‘ssDNA’ mixed with 

unlabelled ‘CatG4-ext’ DNA.  The biotinylation of ‘CatG4-ext’ is therefore completely 

specific, even in the background of a 104-fold excess of ‘ssDNA’.  Figure 4-3.c shows 

results almost indistinguishable from those seen in Figure 4-3.b, except, in this 

experiment, 104-fold excess ‘dsDNA’ replaces 104-fold excess ‘ssDNA’.  

 

Figure 4-3.  Specificity of GQ biotinylation over ss or dsDNA in dilute co-solutions.  (a) Schematic 
showing design of the experiment.  (b and c) Native gel showing reciprocally 32P-end-labelled ‘CatG4_ext’ 

(10 nM) co-dissolved 100 M ‘ssDNA’ (b) or 100 ‘dsDNA’ (c) and treated with hemin, H2O2, and BT.  Upon 
treatment with StAv, retarded mobility (biotinylated) bands (indicated by red brackets) were observed and 
then quantitated relative to the unbiotinylated DNA in those same lanes.  

 

4.3.4. Does GQ biotinylation occur even in a highly concentrated DNA 
solution? 

What happens when the biotinylation experiment, as above, is carried out not in 

dilute solution but in a milieu of highly concentrated, gelated DNA, such as might be 

a

b c
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found in a cellular nucleus?  To explore this question, we performed a new competition 

experiment using 32P-labeled 10 nM ‘CatG4-ext’ and 100 μM ‘dsDNA’, either with no 

further added DNA (dilute solution) or within a highly concentrated (gelated) DNA 

environment containing a very high concentration of sheared salmon sperm genomic 

DNA (17.5 mg/ml), in QD Buffer.  Under these DNA and salt conditions, such a solution 

has been shown rigorously to form a viscous and isotropic gel228; this was also our own 

observation.  Figure 4-4 shows that under these two very different solution conditions, 

biotinylation of the GQ formed by the ‘CatG4-ext’ remains comparably efficient in the 

dilute solution as well as in the highly concentrated DNA solution. 

 

Figure 4-4.  Specificity of GQ biotinylation under highly concentrated (gelated) solutions.  Co-
dissolved 104:1 molar mixtures of ‘dsDNA’:’CatG4-ext’ were treated with hemin, H2O2 and biotin-tyramide 
(BT) either in dilute solution (‘- Salmon Sperm DNA’) or in a highly concentrated dsDNA solution (‘Salmon 
Sperm DNA: 17.5 mg/ml’).  

 

It could be argued that within the gelated DNA regime generated by the salmon 

sperm DNA (which itself is not radiolabelled in our experiment) some promiscuous 

labelling of the concentrated salmon sperm DNA may occur.  To address this issue, we 

describe experiments, below, to determine what the ‘active zone’ (or spatial restriction) 
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for biotinylation may be around a GQ-complexed hemin that oxidizes BT to its phenolic 

radical, in turn capable of labelling DNA.  

4.3.5. What is the spatial restriction of biotinylation in a GQ-duplex 
chimeric DNA? 

To determine if non-GQ DNA duplex elements physically linked and therefore 

highly proximal to a GQ (such as might be found within a living cell) might also be 

targets for biotinylation, and to determine how far away from the CatG4-bound hemin 

such biotinylation might occur, I hybridized together the 46-nt ‘CatG4-T7’ and 22-nt 

‘ssDNA’ to generate a GQ-duplex chimera consisting of a 22-bp duplex pendant from the 

‘CatG4’ GQ by an AAA nucleotide linker (shown schematically in Figure 4-5.a).  

Biotinylation was performed with reciprocally 5′-32P-labeled ‘CatG4-T7’ and 5′-32P-

labeled 22-nt ‘ssDNA’ (bound, to unlabelled ‘ssDNA’ and ‘CatG4-T7’, respectively), and 

complexed with hemin. 

After the biotinylation reaction, a denaturing gel (Figure 4-5.a) was used, first, to 

separate and purify the radiolabelled ‘ssDNA’ and ‘CatG4-T7’ strands from their 

unlabelled, partially complementary strands.  The purified DNA was then mixed with 

StAv and analyzed in a native gel (Figure 4-5.b) to quantitate the proportion of the 

purified, 32P-labeled oligonucleotide that had undergone biotinylation.  Figure 4-5.b 

shows that ∼52% of the radiolabelled ‘CatG4-T7’ strand was StAv-shifted under our 

reaction conditions.  Of course, this longer of the two oligonucleotides participates in 

both the GQ and duplex domains of the duplex-GQ chimera.  The radiolabelled ‘ssDNA’, 

however, participates only in the duplex portion of the chimera, and Figure 4-5.b shows 

that only ∼3% of this oligonucleotide is StAv-shifted ( Figure 4-5.c shows a longer 

exposure of this gel). 

To test the further reaches of a longer duplex linked to a GQ, I generated a 

different chimeric DNA complex (shown in Figure 4-5.d), in which the duplex component 

is 74 bp long.  As shown in this figure, three short oligonucleotides ‘Comp-1’, ‘ssDNA’ 

and ‘Comp-3’ (with only ssDNA being 5′-32P-labeled) were hybridized simultaneously to 

different stretches of the tailed GQ-forming oligonucleotide ‘CatG4-ext2’, to generate a 

quasi-continuous duplex appended to the GQ. The denaturing gel (Figure 4-5.d) shows 

the dissociated, 32P-labeled ‘CatG4-ext2’ and ‘ssDNA’ out of the complete GQ-duplex 
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chimera, following either biotinylation under the specified conditions or not biotinylation.  

Figure 4-5.e shows a native gel that highlights StAv-shifted bands (shown with a red 

bracket) obtained from the DNA species 1–6 shown in Figure 4-5.d following their 

purification and mixing with StAv.  Crucially, it can be seen that no StAv-shifted band is 

seen from bands 4 and 6 (representing ‘ssDNA’).  Thus, ‘ssDNA’, hybridized 32–53 bp 

away from the GQ in this construct, is not biotinylated at all. 
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Figure 4-5.  Radius of Biotinylation from GQ.  (a) Top, the design of a duplex-GQ chimera, 46-nt ‘CatG4-
T7’ hybridized to 22-nt ‘ssDNA’.  Bottom, an 8% denaturing gel showing the individually 32P-labeled 
component oligonucleotides, ‘CatG4-T7’ (band ‘1’) and ‘ssDNA’ (band ‘3’) that make up the duplex-GQ 
chimera.  Bands ‘2’ and ‘4’ represent, respectively, post-biotinylation 32P-labeled ‘CatG4-T7’ (out of the 
duplex-GQ chimera containing non-radiolabeled ‘ssDNA’) and post-biotinylation 32P-labeled ‘ssDNA’ (out of 
the duplex-GQ chimera containing non-radiolabeled ‘CatG4-T7’).  The minor bands shown with a bracket (}) 
represent inter-strand crosslinked minor products formed between ‘ssDNA’ and ‘CatG4-T7’.  (b) A native gel 
showing purified DNA isolated and purified from bands 1–4 shown in the denaturing gel (in a), run with either 
StAv added (+) or not added (−). The numbers shown in red indicate the percentage of total DNA StAv-
shifted (and are therefore biotinylated) in the relevant lanes.  (c) A longer exposure of the same gel shown in 
b.  (d) Does biotinylation extend past 31 bp in a duplex linked to a GQ?  To the left are shown a GQ-duplex 
chimera consisting of three short oligonucleotides, ‘Comp-1’, ‘ssDNA’ and ‘Comp-3’, hybridized 
simultaneously to different stretches of the tailed GQ-forming oligonucleotide ‘CatG4-ext2’.  Here, only either 
‘CatG4-ext2’ or ‘ssDNA’ were 5′ 32P-labeled (shown, respectively, as a blue asterisk and a green asterisk).  
The denaturing gel shows the radiolabeled ‘CatG4-ext2’ or ‘ssDNA’ from the complete GQ-duplex chimera, 
either biotinylated under the specified conditions or not.  (e) Native gel showing StAv-shifted bands from 
DNA species 1–6 following purification from the denaturing gel shown in d.  The bands shown with the red 
bracket are the StAv shifted bands. The multiple bands seen from ‘CatG4-ext2’ (shown with red arrows) 
represent different folded conformers formed in the native gel by this large oligomer.  (f) The effective radius 
of biotinylation (∼10 nm, representing a duplex of ∼31 bp), estimated from the above experiments. 

Figure 4-5.f summarizes the above data and proposes that the effective radius 

of biotinylation estimated from the above experiments is ∼10 nm (representing a duplex 

of ∼31 bp) away from the GQ. 
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4.3.6. Covalently appended biotins are distributed along the entire 
length of a GQ 

I was interested to determine the distribution of biotin attachment along the 21-nt 

length of the ‘CatG4’ oligonucleotide (shown schematically in Figure 4-6.a).  Does 

biotinylation occur, for instance, uniformly along the length of ‘CatG4’, or preferentially to 

its 3′ or 5′ ends?  To address this question, we devise a number of variants of ‘CatG4’, 

all of which had the same base sequence as CatG4 itself but incorporated a single 

ribonucleotide at different locations within the deoxyribonucleotide.  Figure 4-6.b shows 

the sequences of three CatG4 variants, ‘CatG4_R1’, ‘CatG4_R2’ and ‘CatG4_R3’.  The 

nucleotide marked in red in each case is the single embedded ribonucleotide.  Asterisks 

show the site of 32P-labeling (i.e., either at the 5′ or the 3′ end) in a given oligonucleotide.  

Following biotinylation under the standard conditions described above, the 5′- or 3′-

labeled ‘CatG4_R1’ to ‘CatG4_R3’ oligonucleotides were treated, first, with hot alkali, to 

cleave their phosphodiester chains at the embedded ribonucleotides.  Second, the two 

resulting pieces obtained from each of the oligonucleotides were separated and purified 

by denaturing gel electrophoresis.  Third, the extent of gross biotinylation (i.e., the 

coupling of at least one biotin to a given 32P-end-labeled DNA fragment, relative to that 

in the 32P-end-labeled but uncleaved ‘CatG4’) was determined by StAv band-shift 

analysis.  Figure 4-6.c shows a schematic for this experimental approach, and Figure 

4-6.d shows the overall experimental data obtained from an analysis of the 

oligonucleotide ‘CatG4_R1’.  Quantitation of the DNA bands is displayed in Figure 

4-6.b.  The numbers shown below each sequence of ‘CatG4_Rx’ (where x = 1-3) 

indicate raw percentages of StAv-shifted bands relative to the total DNA in a given gel 

band.  Figure 4-6.e tabulates the absolute percentages of biotin localization along the 

full length of the ‘CatG4’ oligonucleotide.  My approach does not attempt to identify 

individual bases or nucleotides or sites within them as specific atomic loci for biotin 

attachment; nevertheless, it can be seen that biotins are more or less evenly distributed 

along the length of ‘CatG4’.  The stretch …GGGC… within ‘CatG4’ has somewhat higher 

levels of biotinylation relative to the other three quadrants; the reason for this is not 

immediately clear. It is conceivable that the single dC in this stretch or its neighbouring 

phosphates are preferred sites for biotin attachment. 
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Figure 4-6. Preferential Sites of GQ biotinylation.  (a) A schematic of the question being posed, about the 
distribution of biotin along the length of the CatG4 oligonucleotide.  (b) The sequences of the four ‘CatG4’ 
variants, CatG4_Rx (where x = 1-3).  The nucleotide marked in red is the single ribonucleotide within each of 
these oligonucleotides.  The asterisk shows the site of 32P-labeling (at the 5′ or the 3′ end).  The numbers 
shown below each sequence indicate raw percentages of StAv-shifted bands relative to total DNA in a given 
gel band.  The numbers obtained were from two independent sets of measurements.  (c) Schematic 
showing the experimental approach to determining the distribution of appended biotins in the GQ formed by 
“CatG4”.  (d) Determination of the extent of biotinylation within two component pieces (sequences 1 and 2: 
shown in Left) of the oligonucleotide “G4_R1” (or CatG4_R1).  Middle: A denaturing gel showing G4_R1 
treated with hemin, BT, and H2O2 (“Reaction”) or not treated, either cleaved in two by heating with NaOH (or 
not).  The six 32P-labeled fragments, 1-6, were purified, and then mixed with soluble streptavidin (StAv).  
These were then run on a native gel (Right).  The red bracket on gel shows the streptavidin-retarded bands.  
(e) Absolute percentages of the likelihood of biotin localization along segments of the total sequence of the 
‘CatG4’ oligonucleotide. 
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To obtain a level of deeper insight into the sites of GQ biotinylation, I carried out 

chemical and mass spectrometric experiments on biotinylated DNA (and RNA) GQs.  

First, I attempted to degrade biotinylated and unbiotinylated DNA (CatG4) GQs with the 

highly efficient Nuclease P1, to mononucleotides (5′-NMPs), such that the biotinylated 

mononucleotides could be analyzed by mass-spectrometry.  However, I found that while 

the unmodified GQ was readily degraded by P1, biotinylated GQ was poorly and 

incompletely degraded.  Attempting an alternative strategy, I tested whether the GQ 

biotinyl labels were hot base-labile (heating to 90° at neutral pH does not destroy the GQ 

biotinyl labels219).  Accordingly, the DNA (CatG4) GQ was biotinylated in a standard 

reaction, and a portion of the resulting DNA was subjected to heating at 90°C in 0.1 M 

NaOH.  Figure 4-7.a shows that upon such treatment, the level of DNA biotinylation 

(indicated by the proportion of DNA band-shifted by StAv binding in a native gel) 

decreased from 58% to only 8% of the DNA. Interestingly, ∼9% of the starting DNA 

broke down into smaller fragments (such as might be expected if alkylation/biotinylation 

had occurred to the N7 position of guanines, for example). 
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Figure 4-7. Deeper insight into site of biotinylation using gel electrophoresis and ESI-MS.  (a) Effect of 0.1 M NaOH and heating upon the biotinylated GQ, 
CatG4. Shown is a 7.5% native (non-denaturing) gel, whose first two lanes on the left show, respectively, biotinylated CatG4 (generated by the standard 
heme/H2O2/biotin-tyramide reaction) without and with streptavidin added prior to loading in the gel.  From the second lane, it can be seen that 58% of the DNA has 
been biotinylated (retarded by streptavidin binding).  Treatment with 0.1 M NaOH at 90°C (lane at far right), however, shows that such a treatment leaves only 8% 
of the DNA biotinylated.  A portion of the DNA (9%) is also shown to be broken down in size by this treatment.  (b): A reaction scheme for an LC/MS-based 
scheme for looking at whether biotin tyramide (or a related product) is in fact released from biotinylated DNA (CatG4) and RNA (NRAS) GQs following the hot base 
treatment.  (c-f) LC- ESI Mass spectrometry analysis of solutions (c) “NRAS RNA biotinylation”; (e) “NRAS RNA no biotinylation”; (d) “CatG4 DNA biotinylation”; (f); 
“CatG4 DNA no biotinylation”.  c and e show both biotin-tyramide mass and abundances, as well as the mass and abundances of rGMP and rAMP generated from 
alkaline hydrolysis of the NRAS RNA (rCMP and rUMP are very small peaks).  d and f show biotin-tyramide mass and abundances. 
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The above data suggested that the phosphate groups of the GQ were important 

(though not necessarily exclusive) sites for biotinylation—DNA phosphotriesters are 

known to be notably base-labile229.  To test whether BT or a derivative was indeed being 

released from base-treated GQs (both RNA and DNA), a mass-spectrometry based 

quantitation was carried out (experimental scheme shown in Figure 4-7.b).  Precisely 

equal amounts of a biotinylated and, separately, unbiotinylated RNA GQ (NRAS) and 

also biotinylated and unbiotinylated DNA GQ (CatG4) were purified first, in parallel, by 

two successive ethanol precipitations each, then hot base-treated, followed by analysis 

and quantitation of their contents by LC-ESI-MS. 

Figure 4-7.c-f, shows, first, that in the hot-based treated RNA solutions, the two most 

abundant base-hydrolyzed NMP products, GMP (‘rG’)  and AMP (‘rA’) were detected in 

equivalent quantities in the biotinylated and unbiotinylated samples, thus serving as 

internal standards for quantitation of any released biotin-tyramide in these same 

solutions.  Indeed, an at least 4-fold excess of BT was measured in the base-treated 

biotinylated RNA solution (relative to the unbiotinylated RNA, Figure 4-7.c & e). The 

DNA analysis (Figure 4-7.d & f) showed an absence of hydrolyzed dNMP products, and 

found an at least two-fold excess of BT in the hot-base treated biotinylated sample, 

relative to the unbiotinylated sample. 

4.3.7. Do GQ-binding ligands compete with heme with respect to GQ 
self-biotinylation? 

As discussed above, a number of tight-binding, synthetic GQ ligands have been 

reported in the literature.  These include N-methylmesoporphyrin IX (NMM; ‘L1’)53, 

pyridostatin (‘L2’)51; and BRACO19 (‘L3’)52, all of which bind to GQs by end-stacking 

upon terminal G-quartets, much as hemin does55 Figure 4-8.a.  It might therefore be 

expected that addition of excess GQ-ligands, that compete for binding with hemin, 

should reduce GQ–hemin concentration and hence, the overall levels of GQ self-

biotinylation.  Figure 4-8.b shows that this is indeed the case.  Individual competition 

with four-fold excesses (over hemin) of the three ligands leads to significant decreases 

in the overall percentage of StAv-shifted gel bands (67% overall biotinylation seen in the 

absence of any competing ligand; 22–23% in the case of competition with NMM or 

BRACO19, and only 1% in the presence of pyridostatin).  To get more precise and 

quantitative data on these inhibitions of hemin-mediated biotinylation by GQ binders, 
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levels of ‘CatG4-ext’ biotinylation were tested in the presence of 5 μM hemin and varying 

concentrations of the three GQ ligands.  These data are shown in Figure 4-8.c-f.  It can 

be seen that ∼100 μM concentrations of either NMM or BRACO19 are required to fully 

abolish ‘CatG4-ext’ biotinylation; whereas, only ∼10 μM Pyridostatin is required to do the 

same.  The reported binding affinities of the three ligands to GQs are roughly in the 

same range as that of hemin51–53,55.  The data shown here, however, suggest a superior 

binding affinity of Pyridostatin, relative to the other two ligands, to the specific GQ 

formed by ‘CatG4-ext’. 

Importantly, the above data confirm, again, that it is GQ-bound hemin (as 

opposed to free-floating hemin) that is responsible for the observed GQ self-biotinylation.  

This result also builds confidence that when GQ self-biotinylation is sought for in vivo 

using this method, the identification of purely GQ DNA/RNA-generated self-biotinylation 

(as opposed to adventitious biotinylation caused by non-GQ peroxidases or other 

oxidases) can be confirmed by checking the competitive impact of GQ-ligands on 

intracellular DNA/RNA biotinylation.  This is because these three chemically diverse GQ 

ligands are uniquely directed to binding GQs and not the active sites of proteinaceous 

oxidases within living cells. 
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Figure 4-8.  Competitive Effect of GQ binding ligand.  (a) Schematic and Structure of three different GQ 

binding ligands.  (b) A native gel showing reduction in biotinylation at a fixed concentration of ligand (20 M) 

to CatG4-ext (1 M).  (c-f) A better quantitation of the competing effect of three different GQ ligand by 
titrating different concentration of the ligands. 
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4.3.8. Biotinylation of GQ binding protein/peptides 

DNA/RNA-Protein interactions play a crucial role for a lot of biological processes 

in every living organism.  Existing techniques for identifying GQs, with the use of 

antibodies or small molecules, fail to identify the GQs-interacting proteins.  This current 

methodology using the Heme-GQ system provides, in principle, the added advantage of 

tagging (with biotin) proteins interacting with the GQs (given the radius of biotinylation 

from GQ ~10 nm as found in Section 4.3.5).  I was interested in exploring two questions: 

a.) Can the GQs retain their own sites of biotinylation after binding to a peptide? b.) Can 

a GQ-binding peptide be biotinylated (Summarized in Figure 4-9)?  A synthetic peptide 

of 56 amino acid (a part of RHAU helicase, “Rhau56”), known to bind parallel GQs at its 

terminating quartet230, was taken as a peptide candidate to achieve the above said 

objectives.  Rhau56 has an L-shaped structure containing an alpha-helix spanning from 

Gly6 to Ala18 (sequence shown in Figure 4-9) with a hydrophobic core comprising 

Leu8, Ile13 and Trp16.  The peptide makes stacking interaction with the terminal 

quartets of a parallel GQ.   

A titration was done to find an optimal concentration of GQ (DNA), Rhau56 

(Peptide) and Heme, where both Heme and peptide could bind to the GQ concomitantly.  

GQ-Peptide mixture was incubated with 0, 5 or 50 M heme and loaded on a native gel 

as shown in Figure 4-10.a.  It can be seen that addition of 5 M heme doesn’t perturb 

GQ-peptide complex (“Bound DNA”), however, addition of 50 M heme displaces a 

significant proportion of peptide from the GQ-peptide complex.  Further, the bands 

labelled 1-7 in Figure 4-10.a were excised from the native gel and the excised gel 

pieces 1-6 were soaked in a solution containing BT and H2O2 but no heme for 2-3 min.  

Gel piece from band 7 was first soaked in a solution containing pre-folded (5’-P32 

labelled) GQ for 20 min. following which it was soaked with a solution BT and H2O2 but 

no heme for 2-3 min.  Following this, the reaction was quenched using DTT.  DNA from 

the gel pieces were then recovered and mixed with Streptavidin before loading on an 

another native gel (Figure 4-10.b).  It can be seen that DNA from gel bands 3, 5 and 6 

does show biotinylation whereas bands 1,2, 4 and 7 doesn’t.  From this, two conclusions 

can be safely drawn: first, any Heme that is needed to carry out the reaction is coming 

from the gel pieces itself and second, the heme coming from the gel pieces are actually 

bound (co-migrating) with the peptide-GQ complex and are not there merely as a result 

of an undefined mobility of “heme smear” throughout the lane.  This is evident more from 
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the gel Band 7, which when soaked with P32-labelled pre-folded-GQ, BT and H2O2, 

doesn’t show any biotinylation.  Given that the reactions were carried out on the gel 

pieces itself (i.e., without pre-eluting the DNA out from the gel), an assumption can be 

made that the GQ-peptide complex didn’t have too much of a freedom to dissociate and 

thus it is reasonable to say that GQ did retain its sites of biotinylation even when it was 

bound with a peptide.  

 

Figure 4-9. Investigation of G4-binding peptide biotinylation.  Rhau56 binds to parallel GQ by making 
stacking interaction with the terminal quartets.  

 

Second, to see if the peptide (Rhau56) itself was tagged with a biotin or not, a 

fluorescent version of Rhau56 (attached with Alexa-Fluor AF532 dye at N-terminal) was 

incubated with 32P-labelled GQ and was supplied with 5 M Heme, 500 M BT and 1 

mM H2O2 to initiate the reaction.  The reaction was quenched at various time points (1 

min, 5 min and 30 min) using DTT.  Parallelly, peptide was incubated independently 

(without the GQ) and the reaction was initiated by adding 5 M Heme, 500 M BT and 1 

mM H2O2 for the same time point as above.  Post reaction, GQ and Rhau56 were 

separated by running them on SDS gel as shown in Figure 4-11 (left).  Rhau56 was 

then transferred on a Nitrocellulose membrane using a “Western Blot” transfer 

apparatus.  Biotinylation on the peptide was verified using Streptavidin-HRP and 

development of chemiluminescence using ECL (‘luminol’) substrate.  Figure 4-11 (right) 

shows the result of western blot.  Signal shown in blue comes from the dye “AF532” 

covalently attached to the peptide and signal shown in green is the chemiluminescence 

Biotin 
??

Biotin 
??

BT,  H2O2

RHAU56: CSM HPG HLK GRE IGM WAY KKQ GQK NKE AER QER AVV HMD ERR EEQ 

IVQ LLN SVQ AK 

AF532_Rhau56
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showing the presence of biotin.  Within the reaction time of 1-5 min, incubating peptide in 

the presence of GQ (as against peptide incubation without the GQ) leads to the peptide 

biotinylation as evident from the overlapping blue and green signal in lane “G4+P 1” and 

“G4+P 5” as compared to “P 1” and “P 5” respectively (Figure 4-11, right).  However, 

once the reaction is allowed to proceed for longer duration (~30 min), peptide Rhau56 

starts showing biotinylation even in the absence of GQ (Comparing lane “G4+P 30” Vs 

“P 30”, Figure 4-11, right).  Strikingly, it was found that multiple freezing and thawing of 

peptide makes it more efficient in its degree of self-biotinylation in absence of GQ 

whereas fresh stock solution of the peptide shows biotinylation only in the presence of 

GQ within short range of reaction time (<~5 min, Figure 4-12).  We hypothesised that 

this peptides (Rhau56) upon longer incubation (or multiple freeze-thaw) may lead to the 

formation of alternate secondary structures which could bind and activate heme.  

Nonetheless, under optimized conditions and reaction time, this technique may be 

utilized to probe GQ-interacting proteomics profile in living cells as bolstered by the in 

vitro data.  A similar observation was made very recently by Masuzawa T et al231.  

 

Figure 4-10.  GQs retain self-biotinylation site upon binding to a peptide.  (a) Native gel showing 
mobility shift of peptide bound G4 with or without different heme concentrations.  (b) Native gel showing 
biotinylation of gel band species 1-7 (shown on gel a).  
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Figure 4-11. Biotinylation of GQ binding peptide.  (Left) SDS gel showing separation of peptide and GQ 
post reaction.  (Right) (a)Schematic of western blot assay to verify biotinylation of peptide; western blot 
assay showing signal from chemiluminescence (panel b: (green) presence of biotin); signal from Alexa-
Fluor532 (panel c: (blue) presence of peptide); panel d: overlapping signal from both b and c. 

 

 

Figure 4-12.  Peptide self-biotinylation triggered by multiple freeze-Thaw.  (Top) old stocks of peptide 
which has undergone multiple freeze/thaw show more independent and less G4 dependent biotinylation at 
all time points of reaction.  (Bottom) Fresh peptide solution show more GQ dependent biotinylation upto 5 
min of reaction.  

AF532_Rhau56
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4.3.9. Evidence for GQ-mediated self-biotinylation for tagging RNA 
and DNA in living tissue 

Clearly, GQ self-biotinylation can work efficiently in vitro.  However, its 

application in vivo could, in principle, encounter unanticipated challenges including, 

potentially, a too-low oxidative activity of GQ–hemin in the intracellular milieu.  I elected 

to try a few key experiments to test GQ–hemin peroxidase activity in living tissue.  

Initially, I chose to investigate salivary glands dissected from the larvae of D. 

melanogaster (Figure 4-13.a).  The goal of these experiments was to test for detectable 

levels of biotinylation within total tissue RNA and genomic DNA extracted from the 

glands following treatment of the glands with hemin, BT and H2O2.  It was also important 

to provide evidence that any observed biotinylation was not adventitious but a likely 

consequence of intracellular heme–GQ oxidative activity. 

The feeding of low concentrations of heme to mammalian cells in tissue culture 

has been successfully exploited by Ting and co-workers to optimize the activity of heme-

based recombinant peroxidases that they have expressed in such cells232,233 .  I used the 

concentrations of reagents used by those studies as starting points but adjusted them to 

suit my experimental system.  To assay for covalent biotinylation within total RNA as well 

as genomic DNA extracted from treated whole salivary glands, a ‘biotin blot’ protocol 

was devised (Figure 4-13.b), whereby rigorously purified RNA, and separately, DNA 

from hemin, BT and H2O2-incubated salivary glands (as well as from negative control 

experiments in which incubation with one key reagent at a time, hemin, BT or H2O2, was 

omitted) were immobilized via UV crosslinking to a nylon membrane, and then probed 

for biotinylation status by the specific binding of commercially available StAv-HRP 

conjugates and subsequent oxidized luminol chemiluminescence (Figure 4-13.c).  As a 

positive control for this protocol, I used pure 3′-biotinyl CatG4 (Figure 4-1; vide infra) in 

two different amounts (2 and 0.2 ng), which were spotted directly onto the membrane 

and crosslinked. 

Salivary glands were dissected from live third instar Drosophila larvae using 

standard methods into phosphate-buffered saline (PBS) buffer, and were incubated with 

5–50 μM heme and 3 mM BT.  They were then briefly (2–3 min) pulsed with 10 mM 

H2O2.  Total RNA and, separately, genomic DNA, were purified using commercial 

purification kits and 400 ng (for RNA) and 200 ng (for DNA) were spotted onto a nylon 
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membrane using a dot blot device, followed by UV-crosslinking.  How do we know that 

the commercial kits used in this study indeed purified genomic DNA and RNA, 

respectively?  And, that these preparations were not contaminated by proteins from the 

live tissue?  Three kinds of evidence are shown in Figure 4-14.  First, Figure 4-14.a,  

shows a 1% agarose gel running the purified total RNA aliquot and a purified genomic 

DNA aliquot.  It can be seen that the two aliquots are indeed different from each other.  

Figure 4-14.b shows the UV-vis spectra of the purified genomic DNA and total RNA, 

respectively.  The spectra report A260/A280 values > 1.8, consonant with nucleic acid 

preparations uncontaminated by proteins.  Figure 4-14.c & d shows that the 

chemiluminescence ‘output’ signals from both 3′-biotinyl ‘CatG4’ (a positive control) and 

genomic DNA biotinylated in vivo were comparably abolished by digestion of these 

DNAs with active DNAase I, and were correspondingly not abolished by digestion of 

these DNAs with inactivated DNAase I. 

Following the spotting of DNA/RNA upon the Hybond Nylon+ membranes, above, 

the membranes were blocked, washed and treated with HRP-StAv; and, finally, after 

extensive washing, they were developed using bound HRP-mediated luminol oxidation 

and the recording of chemiluminescence.  

Figure 4-13.c & d show the results.  Figure 4-13.c shows that both total salivary 

gland RNA and genomic DNA show evidence of strong biotinylation following treatment 

with hemin and BT, followed by a pulse of H2O2, whereas omission of any one of these 

key reagents leads to a full loss of signal.  At this point, however, these results do not 

guarantee that the observed biotinylation of salivary gland RNA and DNA results from 

oxidation of BT by intracellular GQs complexed with hemin; some other kind of 

adventitious oxidation of BT and concomitant DNA/RNA biotinylation could, in principle, 

be involved.  To eliminate such a possibility, I investigated biotinylation of whole 

intracellular RNA in the presence not only of heme but of either one of the two strong 

GQ-ligands, Pyridostatin and BRACO19. 
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Figure 4-13.  Biotinylation of RNA and DNA within live Drosophila Salivary glands.  (a) A schematic 
diagram showing the design of the experiment. (b) Design of biotin dot-blots of total cellular RNA and 
genomic DNA. (c) Developed biotin dot blots from 2–5 μl (DNA = 200 ng; RNA = 400 ng for all dot blots) of 
total gland RNAs and genomic DNA extracted from living Drosophila larvae that have been treated with 50 
μM heme, 3 mM BT and pulsed briefly (2–3 min) with 10 mM H2O2 followed by quenching. Blots ‘1’ show 
chemiluminescence from the full reaction, where all the above reagents are present; ‘2’, ‘3’ and ‘4’ show 
negative controls, where one of the participating reagents at a time is left out.  The positive control spots, 
‘Control Biotinyl-DNA’ show a standard 3′-biotinylated DNA spotted at two different concentrations: 2 ng 
(Spot 1) and 0.2 ng (Spot 2).  (d) Developed biotin dot blots from 2–5 μl (DNA = 200 ng; RNA = 400 ng for 
all dot blots) of total cellular RNAs isolated from live salivary glands that have been treated with 50 μM heme 
plus 500 μM GQ-ligand (or 5 μM heme plus 250 μM GQ-ligand) and 3 mM BT, all pulsed briefly (2–3 min) 
with 10 mM H2O2 followed by quenching.  (e) Quantitation of the chemiluminescence output data from the 
biotinylated total RNA blots shown in (d). 
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Figure 4-14.  Examination of the purity of biotinylated DNA and RNA extracted using commercial kits from treated Drosophila salivary glands.  (a): a 
0.8% agarose gel showing (left) total RNA and (right) genomic DNA purified from the glands.  (b): UV-Vis spectra of the purified total RNA and genomic DNA.  The 
A260/A280 ratios, which are > 1.8, indicate high purities (free of proteins) for both DNA and RNA preparations.  (c-d) Evidence that the biotin detected, using 
streptavidin-HRP-generated chemiluminescence output signal, is from biotinylated DNA (and not biotinylated proteins) extracted from treated Drosophila 
embryonic salivary glands.  c: A chemically biotinylated oligonucleotide (3’-biotinyl CatG4) was used as a positive control, spotted by itself (left); treated with 
DNAase I (centre); and with heat-deactivated DNAase I (right).  d: the same analysis as in panel c, except on total genomic DNA extracted from Drosophila 3rd 
instar larval salivary glands. 
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Figure 4-13.d shows that co-treatment (along with hemin) of either of these 

compounds leads to significant (with Pyridostatin) or almost complete (with BRACO19) 

loss of biotinylation signal.  These results broadly mirror the data obtained in vitro 

(shown in Figure 4-8.b), though there are differences.  Figure 4-13.e shows quantitation 

of the in vivo biotinylation suppression data.  It is interesting that BRACO19 displays 

somewhat superior activity to Pyridostatin in vivo (in vivo, an ensemble of different GQs, 

each with its own binding preference to these ligands, is likely encountered); whereas, 

the opposite is true in vitro, where a specific GQ has been used (Figure 4-8).  Therefore, 

the difference in our in vitro and in vivo results may reflect the use of a single, defined 

GQ in vitro, whereas the in vivo data represent the cumulative activity of many different 

GQs found within living Drosophila cells. 

As mentioned above, these non-heme GQ ligands (structurally distinct from 

hemin as well as from each other) are expected uniquely to compete with heme for 

binding GQs, and not to have other inhibitory interactions with proteinaceous oxidases or 

peroxidases within living cells (even if one of these mutually structurally distinct ligands 

did, it is very unlikely that both would have the same effect).  Furthermore, it is highly 

unlikely that these ligands are inhibiting the BT oxidation by comprehensively competing 

(at 250 μM concentration) with the outstanding phenolic substrate BT (at 3 mM) as 

substrates for oxidation by hemin–GQ or, indeed, other oxidases in the cell. 

The experiments shown in Figure 4-13 report semi-quantitative in vivo data; they 

do not yet supply direct sequence information on the Drosophila RNAs and DNA 

sequences biotinylated by the procedure.  Nevertheless, the data presented in Figure 

4-13 provide compelling evidence that under the right experimental conditions, GQ–

hemin-mediated nucleic acid self-biotinylation does work in vivo.  As described earlier, 

there is now evidence of the natural sequestration of intracellular hemin by cellular 

RNA/DNA GQs218; the biotin blots reported here are not sensitive enough to detect that. 

4.3.10. RNA Sequencing post biotinylation in Drosophila 
Melanogaster 

To obtain the actual sequencing data, total RNA was extracted post-biotinylation 

from the 3rd stage larvae of Drosophila Melanogaster.  Extracted RNA was mixed with 

streptavidin-conjugated magnetic beads to separate and enrich the biotinylated RNA 
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away from the non-biotinylated fraction (see section 4.2.11, for detailed protocol).  

Reverse Transcription, using a random hexamer primer, was done directly on the RNA 

bound to the beads to enable formation of cDNA.  The gel in Figure 4-15 shows that 

treatment of the dissected salivary gland (in PBS buffer and at room temperature) with 

heme, BT and H2O2 led to a significant enrichment of biotinylated RNA, as evident from 

the successful formation of cDNA in the lane: “+Heme Rxn”, (Figure 4-15”) as 

contrasted with a no reaction (“Untreated”) negative control (lane: “-Rxn”, Figure 4-15).  

I wanted to see if the intrinsic cellular heme concentration was sufficient to enable the 

biotinylation reaction inside cells.  For this, salivary glands were treated only with BT and 

H2O2 but no extrinsically added heme (“-Heme Rxn”).  Lane: “-Heme Rxn”, at a relatively 

high gel exposure, does show a very faint level of cDNA formation.  

 

Figure 4-15.  Reverse Transcription Directly on Streptavidin-coupled Magnetic beads.  Two different 
exposure of a 0.8 % Agarose gel. “–Rxn” refers to salivary glands that were not treated with any of BT, 
Heme or H2O2. “–Heme Rxn” is one where BT, H2O2 were supplied but no extrinsic heme. “+Heme Rxn” is 
one where all three extrinsic Heme, BT and H2O2 were provided.  Gels were stained with Sybr Gold. 
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After this initial verification of the cDNA formation, biotinylated RNA bound to the 

streptavidin-conjugated magnetic beads (prior to reverse transcription) was eluted and 

purified.   

Notably, in the case of “-Heme Rxn” (Treatment with only BT & H2O2) and “-Rxn” 

(untreated), the eluted RNA concentration was below the limits of detection when 

quantified using a Qubit fluorometer; hence, we proceeded to use only the RNA eluted 

from the “+Heme Rxn” sample for the initial round of library preparation and sequencing. 

Here, we report the preliminary sequencing data.  The aim of this experiment 

was not to do the differential transcript enrichment analysis between the reaction 

(“+Heme Rxn” or “-Heme Rxn”) and the no reaction (“-Rxn”) control.  Rather, we wished 

to make a qualitative measurement of the overall representation of the biotinylated 

transcripts that were showing up (as a result of streptavidin pull down) in the case of 

“+Heme Rxn” sample alone.  Also, for the initial round of sequencing, total RNA eluted 

from streptavidin beads (following multiple rounds of wash, see section 4.2.11) were 

used for library preparation without any explicit rRNA depletion or Poly A enrichment.  

Since we were enriching the biotinylated transcript using streptavidin conjugated beads, 

we assumed that most of the non-biotinylated rRNA (or non-biotinylated non-rRNA) 

contaminants would get naturally depleted as they will not be captured by streptavidin 

beads.   

Sequencing data of the “+Heme Rxn” sample alone revealed some interesting 

observations.  Strikingly, we observed a very high abundance of rRNA in our 

sequencing result (~90 %) (See Appendix: “Drosophila_G4_RNAseq.xlsx”, Sheet name: 

“Read_distribution”).  Two possible explanations can be provided for such a high bias of 

rRNA in our library.  First, it may be a completely non-specific contamination, given the 

high overall abundance of rRNA inside the cells.  A second and more intriguing possible 

explanation is that at least a proportion of these rRNA are the real biotinylated 

transcripts, highlighting potential GQ forming sites within them.  Indeed, recently, there 

have been significant reports for the potential formation of GQs in rRNA.  Particularly, 

studies from the Loren Dean Williams lab (Georgia Institute of Technology)234,235 have 

shown evidences for (a) the occurrence of GQs,in expanded segments (ES) of human 

rRNA, i.e. those segments of rRNA on the “periphery” of the assembled ribosome – 

hence, not visible in the published crystal structures; and (b) sequestration of heme by 
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these rRNA loci both in vitro and in vivo .  Future experiments with appropriate negative 

controls - (where the larvae will be treated with only one of the three components (heme 

or BT or H2O2) at a time or in a combinations of two i.e. (Heme+H2O2) or (Heme+BT)) - 

will be used to validate if there is a true biotinylation-based enrichment of the rRNA loci 

with a potential to fold in GQ.  These experiments will help in ruling out one of the two 

hypotheses stated above i.e., whether these rRNAs enrich owing to bona fide GQ 

formation within them or they are enriched just as part of the “noise” of purification. 

Next, we looked at the distribution and enrichment of non-rRNA transcripts.  

Although, the high abundance of rRNA made our library difficult to analyze for non-rRNA 

transcript enrichment, we were nevertheless able to gather the raw counts of the non-

rRNA transcripts that showed up in our sequencing data.  Excel file 

“Drosophila_G4_RNAseq.xlsx” (Sheet name: “non-rRNA (Heme-GQ)”, See Appendix) 

summarizes the transcript distribution with their respective raw counts.  To begin with, 

we compared our results with an existing dataset containing the reported sites of GQ 

formation in Drosophila (at the level of genomic DNA) using an in-vitro “polymerase stop 

essay” devised by Marsico et al67.  Notably, out of the 8291 hits/transcripts that we 

obtained from our sequencing data, 4375 were in common with those reported by 

“polymerase stop assay” (See Appendix: “Drosophila_G4_RNAseq.xlsx”, Sheet name: 

“common with stop pol”).  Further, this overlapping list of genes between the two 

datasets contained some of the widely known quadruplex forming genes (as reported in 

humans) such as MYC236, FMR185, NOP5686, VEGF81, RET237, etc. 

Although not conclusive, these preliminary data are promising and consistent 

with GQ forming both in the rRNA and in non-rRNA transcripts.  However, multiple 

replicates with proper negative controls will be needed to be analyzed with proper 

statistical validation before firm conclusions can be drawn on whether transcripts 

enriched by our method strongly correlate with in vivo GQ localization. 
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4.4. Discussion and Conclusion 

Heme-G-Quadruplex intrinsic peroxidase property can be utilised in order to 

develop a highly sensitive approach to tag both DNA and RNA G-Quadruplexes with 

biotin (Summarized in Figure 4-16).  I have shown that in vitro, GQ self-biotinylation is (i) 

overwhelmingly specific for GQ over duplex or single-strands, even under conditions of 

very high, gelated, concentrations of DNA; (ii) distributed relatively evenly over the 

length of a DNA that folds to a GQ, with two–four biotinylation events occurring per 21-nt 

‘CatG4’ GQ-forming oligonucleotide under our reaction conditions; (iii) that the effective 

range of biotinylation is <10 nm from the GQ itself. (iv) I carried out a preliminary 

investigation of whether the biotinylation protocol could be applied to live tissue and 

found compelling evidence that intracellular nucleic acid biotinylation did occur, as 

indicated by a biotin-blot procedure. (v) I used GQ-specific ligands, that compete for GQ 

binding with hemin, to show that application of such ligands in competition with hemin 

lowered or abolished self-biotinylation levels, both in vitro and in vivo.  (vi) Finally, I have 

presented early sequencing data, which gives promising insights for the existence of 

GQs in living tissues/cells and for heme-GQ interaction in vivo. 

On the cumulative strength of these above data, I believe that the self-

biotinylation procedure can indeed be productively used to tag, identify and pull down 

DNAs and RNAs folded into GQs within living cells.  I anticipate that at the level of ChIP-

Seq with subsequent multiple replications of Next-Gen RNA Sequencing, GQs that are 

naturally interacting with heme within the cell (such as demonstrated in ref. (218)) will be 

identified with certainty without the provision/feeding of extraneous heme to the 

cells/tissues being examined.  Labile heme concentration has been estimated to be 

present in nanomolar range within different cellular compartments in normal non-

erythroid human cell lines238.  Subcellular localization of labile heme is heterogenous 

with the highest concentration present in cytoplasm (~25-300 nM).  In contrast, 

mitochondria and nucleus retains a low level of labile heme < 2.5 nM238–241.  In cancer 

cells (e.g. prostate cancer), labile heme concentration is higher in nucleus than in 

cytoplasm242.  Given that the current estimated quadruplex sites lie in nanomolar range 

(~700,000 putative quadruplex66) in the human genome with nanomolar to micromolar 

affinity towards heme53,113–119, it is highly likely that GQs may help in sequestering the 

excess labile heme which otherwise may be toxic to the cells.  However, the feeding of 
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extraneous heme will help to identify additional DNA and RNA sequences that show a 

capability to form GQs within the cell, perhaps in response to specific cellular conditions 

or environmental stimuli.  Where fed extraneously, heme is expected to functionally 

resemble GQ-stabilizing ligands, such as NMM, BRACO19, pyridostatin and others, in 

terms of their strengths and limitations for use in probing for GQs within cells. 
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Figure 4-16.  A proposed mechanism of Heme-Quadruplex peroxidase activity for self biotinylation.  GQ’s planar surface provides the electron-rich push 
effect required for the heterolytic cleavage of H2O2 and subsequent oxidation of Fe3+ to an oxidation equivalent of +5.  Iron gets back to its ferric (Fe3+) state in two 
consecutive step by taking electrons from the biotin-tyramide substate which creates a highly reactive phenolic radical.  This phenolic radical forms a covalent 
adduct with the GQs itself. 
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Chapter 5.  
 
Future perspectives 

This thesis highlights fundamental discoveries as well as potentially diverse 

practical applications of newly discovered and rationally designed DNA/RNA non-

canonical secondary structures.  The different project covered in this thesis opens the 

door for a series of interesting future investigations.  Here, I summarize some interesting 

directions of work that can follow in future.  

With regard to the first project, the discovery of iCD-DNA (Chapter 2), once 

again, highlights the robust polymorphism of DNA secondary/tertiary structures.  iCD-

DNA is clearly different from either a classical B type duplex or hairpin or any of the 

conventional right-handed G-Quadruplexes that have been reported in the literature this 

far.  Any new secondary structure formed by DNA has significant intrinsic importance, 

even if it forms under conditions that deviate slightly from the “normal conditions” of 

physiology.  A classic example of the above is the design and application of an i-motif 

(stable at pH 4.5- 5.2)-based DNA nanostructure, called the “I-switch” developed by 

Krishnan group243.  I-switch is the first example of an i-motif-driven nanomachine 

capable of sensing and reporting pH changes as a function of endosomal maturation 

both inside living cells in culture243 as well as within multicellular organisms244.  Clearly, 

the full application of any novel structure requires a thorough understanding of its 3D 

folding.  Although, I have proposed three plausible structural models for the iCD DNA, 

the exact crystal structure is yet unknown.  Thus, NMR and X-Ray crystallography 

experiments can be carried out to solve the high-resolution structure of iCD-DNA.  

Knowing the detailed structure of iCD-DNA will both facilitate iCD-DNA based 

nanotechnological development as well as to test for its occurrence in vivo.  Further, the 

availability of an atomic structure of iCD-DNA will contribute to deepening the theoretical 

modelling of CD spectra for different secondary folds of nucleic acids. 

Given that the intracellular pH is maintained between 7.0 to 7.5245 and that the 

iCD-DNA forms from a disease-significant repetitive DNA sequence, it will 

unquestionably be important to test if iCD-DNA formation can be triggered at neutral pH.  

Considering the role of protonated cytosines in all the three proposed models of iCD-
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DNA (See Chapter 2), various structural and environmental factors known to influence 

the pKa of cytosine, such as the presence of crowding agents35, negative supercoiling34 

as well as covalent cytosine modifications (such as methylation or 

hydroxymethylation)39,40 can be screened to examine if iCD-DNA can form or persist at 

neutral pH.  Concomitantly, both small molecules and proteins can be screened for the 

property of binding and stabilizing iCD-DNA.  This may indeed enable the persistence of 

iCD-DNA in the presence of physiological potassium concentrations (where, from our 

results to date, there is a strong tendency for iCD-DNA to convert to G-quadruplexes).  

All these will help to understand the exceptional situations in which an iCD-DNA like 

structure could exist under intracellular conditions. 

With regard to my second project, demonstration of the rational design of triplex-

quadruplex hybrid tiles (TQ) (Chapter 3) establishes a firm precedence for the structural 

robustness of a mixture of different DNA secondary structures to co-exist as one unit.  

Tile “TQ” represents a continuous structure, where smooth transition is facilitated from 

triplex (triple-helices) to quadruplex and then back to triplex, in a precise way.  Notably, 

the “sticky-ended” version of “TQ” tile (“TQs”) facilitates a facile and reversible assembly 

of triplex-quadruplex hybrid wires of length comparable to or greater than the various 

reported forms of purely G-quadruplex-based G-wire199.  With TQ tiles, the pH 

dependence and the presence of long stretches of triplexes in (TQs)n wire provide 

incremental advantages over a classic G-Wire, especially with regard to dye-binding 

based sensor development.  Most of the GQ recognising dyes bind to GQs via end 

stacking to the terminal quartets59,246.  Thus, planar terminal quartets in a G-Wire are an 

obligatory requirement (to a great extent) for its usability in terms of developing a 

fluorogenic methodology for diagnostic or sensor applications.  By contrast, the 

presence of long triplex stretches in TQs wire/1DDN offers sites for intercalating dyes 

that bind specifically to triplexes and thereby fluoresce.  This property could be used in 

future to design highly sensitive pH responsive sensors.  Another area of interest in the 

field of “DNA-wire” is the feasibility and the extent of charge transfer.  Although initially 

perceived as promising, DNA duplexes turned out to be a poor substrate for electric 

charge transport over >100 nm length scale.  G-wires, by contrast, have turned out to be 

very good candidates for charge transfer because of their high guanine content and high 

stiffness.  Currents more than 100 pA have been measured over distance ranging to > 

100 nm in G-wires197.  The design of hybrid tiles like TQs may prove useful in charge 
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conduction applications given the presence of two quartets in every repeating unit of the 

wire (one three-layered quartet for triplex phasing and another four-layered quartet at 

glue junction) and sufficient numbers of guanine content in the triplex part.  Triplex 

stretch of the TQs tile can further be modified with an increased guanine content for 

better charge transport.  Assembly of (TQs)n wires of finite and pre-determined length will 

pose certain challenges, but may be optimized by carefully controlling the assembly of 

sticky ended TQs tiles with low molar ratios of wire-terminating tiles (i.e. TQs tiles with 

sticky ends on only one side).   

Finally, one of the most innovative lines of investigation to come out from the 

TQs design is the notion of a purely guanine-based sticky ends.  Complementary 

Watson-crick base pairing is commonly used to bridge non-continuous and non-blunt 

ended DNA/RNA duplexes (via classic single-stranded “sticky ends”).  Thus, 

complementary Watson-crick base pairing rules (A pairing with T/U and C pairing with G) 

define a conventional class of sticky ends Figure 5-1.  Other than Watson-Crick base 

pairing, a second class of sticky ends involves ligation of the discontinuous strands 

through G-C-G-C quartet formation107, held together by Hoogsteen hydrogen bonding.  

However, purely G-quartet based sticky ends have not been explored/investigated in 

detail.  The formation of (TQs)n  involves an entirely new category of “sticky ends” based 

purely on the formation of G-quartets.  Future experiments will focus on establishing 

rules, in terms of orientations, directions, as well as the number of quartet layers that 

may be sufficient to bind and ligate together the blunt ends of duplexes (and triplexes) 

(Figure 5-2).  Defining such rules will help in designing efficient DNA couplers to 

reversibly associate/dissociate different TQ tiles of interest in a given mixture.   

With regard to my third project, this thesis presents a very robust and minimally 

intrusive methodology for probing and tagging RNA/DNA GQs in living cells (Chapter 4).  

Using an indirect approach of dot blot assay and GQ ligand competition experiments, I 

have been able to show evidence for two things, first, sequestration of heme by G-

quadruplexes within living cells and second, utilization of the intrinsic and well-studied 

peroxidase activity of heme-quadruplex complexes to tag genomic DNA and total RNA 

with biotin (Figure 4-13).  The direct evidence for GQ biotinylation in vivo, however, will 

require deep sequencing of the biotinylated DNA/RNA strands.  Initial RNA sequencing 

data enclosed in this thesis, although promising, are too preliminary for making any 

concrete conclusions.  Thus, future experiments will focus on doing deep sequencing of 
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both biotinylated DNA and RNA under two conditions: first, following feeding of cells with 

extrinsic heme (‘Extrinsic Heme Reaction’) and second, relying upon the intrinsic cellular 

heme that may be bound to intracellular G-Quadruplexes (“No Extrinsic Heme 

Reaction”).  Recently, studies from several other groups have bolstered the hypothesis 

that heme does indeed interact with and is activated by nucleic acids in living 

cells218,234,247.  GQ biotinylation and pull down in the case of “No Extrinsic Heme 

Reaction” condition will be particularly interesting as this condition represents a scenario 

very close to the native and non-perturbed in-cellular milieu. 

To date, we have used this method exclusively in Drosophila larvae.  However, 

future experiments will focus on generalizing the applicability of this approach to different 

model organisms.  This in turn will facilitate a direct comparison of GQ-profiles in the 

different model organisms.  Another important aspect of this project will be to probe the 

GQ-dependent (based on proximity and/or binding) proteomics profile in different cells 

and cellular compartments.  Our methodology is able to biotinylate DNA/proteins located 

within ~10 nm range of a GQ site in vitro (See Section 4.3.5 and Section 4.3.8).  Given 

that interactions of proteins with DNA/RNA underlie almost many key biological 

processes248,249 , it will be interesting to identify the proteins that recognise and bind to 

RNA and DNA G-quadruplex.  This will help in understanding different regulatory 

mechanism at molecular/cellular level. 

The above future experiments are expected to take this work to ambitious long-

term goals i.e., mapping the 3D organisation of genome in interphase nuclei as well as 

proteomics of different cellular compartments.  Recently, three different approaches 

have been reported to do the proteomics mapping.  The first one utilizes an engineered 

version of horseradish peroxidase called APEX2233.  In the presence of a phenolic 

substrate like Biotin tyramide and H2O2, APEX2 creates a short-lived radicle and 

biotinylates nearby proteins.  A second approach uses an another proximity based 

biotinylation technique call the “BioID”250.  In BioID, a ‘bait’ polypeptide of interest is 

fused with a mutant E.Coli biotin ligase (BirA*) and the fusion protein is expressed in 

cultured cells.  The abortive BirA* ligase releases biotinoyl AMP in the local environment 

and proteins residues within the 10 nm radius of the bait protein get covalently modified 

with biotin at lysine sites.  The third and the most recent approach incorporates a CMPP 

(Co-binding mediated protein profiling) to investigate the interaction between GQs  and 

associated proteins251.  In this method, GQ stabilizing small ligand such as pyridostatin 
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(PDS) are covalently attached to photo-crosslinkers that facilitate the irreversible 

attachment to cellular protein targets in the vicinity of GQ.  I anticipate that the future 

experiments targeted to do GQ and the associated proteomics mappings (using our 

“GQ-Heme” assay) will further complement these studies in making a more broad and 

holistic understanding of the internal cellular milieu.  

 

Figure 5-1.  Watson Crick based Glue Junction (Sticky ends).  The conventional rule of A pairing with 
T/U and G pairing up with C constitutes the canonical Watson-crick based sticky ends to ligate different 
fragments of DNA.  
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Figure 5-2.  Guanine Based Glue junction.  (Top) Glue junction pattern used in making (TQs)n. with a 
continuous stretch of ‘GGGG’ in the third strand of the triplex.  (Bottom ones) Other potential class of G-
Quartet based glue junction, with the continuous stretch of ‘GGGG’ in Watson/Crick strand of the duplex,. 
that needs to be tested for their successful utilization. 
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Appendix.  
 
Sequencing Data File 

Excel file: “Drosophila_G4_RNAseq.xlsx” (Attached) 

This excel sheet consists of 4 sheets.  Their details are as follows: 

1.) Sheet name: ‘Readme’ gives gene information. 

2.) Sheet name: ‘Read_distribution’ gives % read distribution of rRNA and non-rRNA 

transcripts in our sequencing data. 

3.) Sheet name: ‘non-rRNA (Heme-GQ)’ summarizes the total non-rRNA transcripts/hits 

that were enriched using our ‘Heme-GQ’ biotinylation assay. 

4.) Sheet name: ‘common with stop pol’ enlists a set of genes that were enriched in 

our sequencing data and were also in common with the ones reported to form GQ in 

Drosophila by Shankar Balasubramanian group67 (using polymerase stop assay). 

 


