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Abstract 

Exercise promotes AMP-activated protein kinase (AMPK) signaling in skeletal 

muscle, where it functions to enhance the expression of fitness-promoting genes. The 

magnitude of the adaptations depends in part on the dynamics of AMPK signaling; 

however, the time course of AMPK signaling remains poorly characterized. The purpose 

of my thesis was to develop and evaluate electrical stimulation of cultured C2C12 myotubes 

as a method to study AMPK signaling dynamics. I confirmed that differentiation resulted 

in contractile C2C12 myotubes, that AMPK signaling was detectable, and that electrical 

stimulation increased cellular oxygen consumption. In response to three hours of electrical 

stimulation, AMPK signaling increased. Upon cessation of stimulation, AMPK signaling 

decreased. However, the magnitude of signaling was marginal, such that further work is 

required to define experimental conditions that lead to robust AMPK signaling. I conclude 

that electrical stimulation of C2C12 myotubes is a promising means to study AMPK 

signaling dynamics. 

Keywords: Exercise; AMPK; Cell Signaling; Skeletal Muscle; C2C12 
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Chapter 1. Background 

1.1. Overview 

The global rise in metabolic diseases are reaching epidemic proportions, with 

exercise representing an effective therapy to limit and reverse the negative health 

outcomes associated with these diseases [1-3]. The health benefits conferred by exercise 

are well established [4-7], but the molecular mechanisms by which exercise promotes 

health are incompletely understood. Ultimately, a better understanding of the molecular 

mechanisms that underpin exercise-mediated adaptations in skeletal muscle could 

provide improved personalized exercise interventions.  

This thesis pertains to AMPK, a prototypical signaling protein that is involved in 

cellular energy homeostasis. Here, I discuss concepts related to cell signaling and how 

proteins are required for signal transduction. I then introduce AMPK and describe its 

control and functions as they pertain to exercise-mediated adaptations in skeletal muscle. 

Lastly, I introduce an in vitro approach to study AMPK signaling dynamics in skeletal 

muscle. 

1.2. Molecular mechanisms of skeletal muscle adaptations 
to exercise training 

Skeletal muscle is subject to various stressors during exercise such as mechanical 

load, hormonal and metabolic perturbations, and neuronal activation [8]. Information 

pertaining to the stressors is biochemically encoded by the cell and transmitted through 

the intracellular signaling network, which coordinates the subsequent adaptations [8, 9]. 

Different stressors activate different portions or subnetworks of the intracellular signaling 

network, with different exercise modalities exerting distinct stressors on the cells. For 

example, resistance exercise activates pathways associated with contractile proteins, 

whereas endurance exercise activates pathways associated with oxidative metabolism [8, 

9]. The resulting signals are ultimately propagated to the interior of the cell where the 

adaptive response takes places.  
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Proteins are essential components of intracellular signaling networks. The 

biochemical mechanisms of protein signaling can be grouped into four main categories: 

protein-protein interactions, post-translational modifications (PTM), conformational 

changes, and localization [10]. Most signaling systems feature one or more of these 

categories of biochemical events. Src family kinases, for example, are prototypical 

signaling proteins that involve all four categories of biochemical events [11]. In brief, Src 

kinases are either active (phosphorylated at Tyr-416) or inactive (phosphorylated at Tyr-

527, Figure 1.1) [11]. Activation of a Src kinase is initiated by de-phosphorylation of Tyr-

527 (a PTM). Dephosphorylation de-stabilizes the protein and changes its conformation 

to an open state. This change in conformation increases the activity of the catalytic domain 

(protein-protein interaction), which causes autophosphorylation at Tyr-416 (a PTM). 

Phosphorylation of Tyr-416 stabilizes the kinase in an open conformation, thus promoting 

its ability to interact with other proteins that may cause shifts in intracellular localization 

[11]. Additionally, each of the previously mentioned steps provides an opportunity to 

control Src kinase activity.  

 

Figure 1.1 Activation of Src kinase from the inactivated (left) to the activated 
(right) state 

Src kinase consists of three domains: the kinase domain, Src homology 2 (SH2), and Src homology 
3 (SH3). The inactive state of a Src kinase (left) is characterized by Tyr-527 phosphorylation, which 
promotes the kinase to adopt a compact closed conformation. Dephosphorylation of Tyr-527 
causes a conformational change to an open state, which increases kinase activity at the catalytic 
site, increasing the likelihood Tyr-416 will become phosphorylated (middle). Upon Tyr-416 
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phosphorylation, the Src kinase stabilizes in an open conformation, such that it more readily 
interacts with other proteins (right). Adapted and reprinted with permission [12]. 

Amongst the biochemical mechanisms described above, protein phosphorylation 

and allosteric activation are particularly common. Protein phosphorylation is a reversible 

biochemical reaction involving the transfer of a phosphoryl group from a nucleoside 

triphosphate [commonly adenosine triphosphate (ATP)], to a protein substrate [10], as 

indicated by Equation 1:  

𝑃𝑟𝑜𝑡𝑒𝑖𝑛⋯𝑂𝐻 + 𝐴𝑇𝑃 
𝑃𝑟𝑜𝑡𝑒𝑖𝑛 𝐾𝑖𝑛𝑎𝑠𝑒
→             𝑃𝑟𝑜𝑡𝑒𝑖𝑛⋯𝑃𝑂4 + 𝐴𝐷𝑃 (1) 

The transfer of a phosphoryl group to a protein substrate is catalyzed by a class of 

enzymes called kinases. Chemically, protein kinases bind the protein substrate and Mg-

ATP [13]. The protein substrate and the γ-phosphate of ATP are positioned adjacent to 

each other [14]. A proton is removed from the phosphorylatable residue of the substrate, 

leaving the oxygen molecule exposed [14]. The exposed oxygen attacks the terminal 

phosphoryl group to form a metaphosphate intermediate. Finally, adenosine diphosphate 

(ADP) is displaced and the phospho-protein is formed [14]. This chemical modification can 

alter the function of the substrate protein in multiple ways. For example, the biological 

activity, stabilization, and subcellular localization of proteins can all be modified by 

changing the phospho-status of a protein. [10]. Overall, protein phosphorylation plays 

significant roles in signaling networks due to its ability to modify protein function [15]. 

Similar to phosphorylation, allosteric activation is involved in many aspects of 

protein function [16]. Allostery is a biochemical process in which effectors bind to a 

regulatory site other than the catalytic site, inducing a conformational change that 

influences the enzymatic activity [17-19]. An example of allosteric activation occurs when 

adenosine monophosphate (AMP, a breakdown product of ADP) binds to AMP-activated 

protein kinase (AMPK, described below) [20]. Binding of AMP to AMPK brings together 

the regulatory and the catalytic sites of AMPK and in doing so, increase the activity of the 

catalytic site [20, 21]. Although allosteric activation is less potent compared to 

phosphorylation at the regulatory site of AMPK (3-fold versus 100-fold [20, 22]), allosteric 

activation nonetheless plays an important role in AMPK signaling because its effects are 

multiplicative with those of phosphorylation [23]. Taken together, protein phosphorylation 

and allosteric activation are essential in transmitting intracellular signals. Below, I describe 
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how protein phosphorylation and allosteric activation play a fundamental role in activating 

and transmitting the signal of AMPK. 

1.3. AMP-activated protein kinase encodes cellular energy 
levels 

Cellular energy status is monitored by AMP-activated protein kinase (AMPK) [22, 

24]. AMPK exists as a complex of three subunits: α, β, and γ [25]. Each of the three 

subunits exist as two or three isoforms (α1 and α2, β1 and β2, and γ1, γ2, and γ3) allowing 

for 12 different combinations of the AMPK heterotrimer. In human skeletal muscle, three 

of the possible 12 isoforms are expressed (α1β2γ1, α2β2γ1, α2β2γ3) [26]. The subunits 

each perform distinct functions: the α subunit contains the catalytic site and an activating 

phosphorylation site (Thr-172), the β subunit connects the α and γ subunits and features 

a carbohydrate binding site that enables AMPK to associate with glycogen, and the γ 

subunit features binding sites for the adenine nucleotides (ATP, ADP, and AMP).  

Binding of ATP, AMP, or ADP to the γ subunit activates AMPK in the following 

ways [24]. First, binding of AMP and ADP to the γ subunit promotes phosphorylation of 

Thr-172 while simultaneously protecting this site from dephosphorylation [23, 24]. 

Additionally, AMP, but not ADP, allosterically activates AMPK [23]. Lastly, ATP competes 

with AMP and ADP for binding; binding of ATP causes no change in AMPK activity [27]. 

Some ATP must, however, be available to bind at the regulatory site for phosphorylation 

of Thr-172 to occur. If ATP is absent or the ATP binding site on the catalytic subunit is 

blocked, phosphorylation of Thr-172 cannot occur. If conditions conducive to 

phosphorylation exist, an upstream kinase (namely LKB1 or CaMKK in skeletal muscle 

[28]) catalyzes Thr-172 phosphorylation. Ultimately, Thr-172 phosphorylation results in 

AMPK activation whose effects favor a metabolic shift to maintain energy status of the cell 

(described below). 

1.4. Exercise-mediated AMPK activity 

Exercise is a potent physiological activator of AMPK in skeletal muscle because 

contraction markedly enhances ATP turnover by up to 100-fold [29-31]. During exercise, 

activated AMPK promotes catabolism and impairs anabolism through several molecular 

mechanisms. For example, AMPK phosphorylates acetyl-CoA carboxylase (ACC), which 
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impairs the cell’s ability to synthesize lipids (Figure 1.2A). AMPK also enhances glucose 

availability by promoting the translocation of GLUT4 to the plasma membrane by 

phosphorylating TBC1 domain family member 1 (TBC1D1) [32, 33]. Collectively, these 

activities help preserve the intracellular concentration of ATP [24, 25]. 

Figure 1.2 AMPK-mediated adaptations in skeletal muscle in response to 
exercise 

(A) AMPK signaling in response to exercise. Exercise causes increased levels of AMP and ADP
and decreased ATP, which leads to AMPK activation. Active AMPK phosphorylates its protein
targets, which increases (black arrow) or decreases (red ‘T’) their activities. (B) The kinetics of
molecular processes leading to exercise-mediated cellular adaptations. Exercise alters signaling,
followed by mRNA transcription, and then protein translation, which ultimately lead to adaptation,
i.e., changes to cellular organelles and structure, protein levels, and function.

Although AMPK is important for orchestrating immediate responses to an energy 

deficit, it also controls more persistent adaptations such as mitochondrial density, quality 

and morphology [24, 34-36]. In response to increased energy expenditure, the rate of 

mitochondrial biogenesis, the process of increasing mitochondrial mass, increases (Figure 

1.2A) [37-39]. This process expands the mitochondrial network via a coordinated response 

of mitochondrial fission and upregulation of mitochondrial proteins [24]. AMPK facilitates 

this mitochondrial response by binding to and phosphorylating the transcriptional 

coactivator peroxisomal proliferator-activated receptor-γ co-activator-1α (PGC1α), which 

in turn is responsible for regulating mitochondrial biogenesis [37, 40-44]. Furthermore, 

data from β1-β2 null mice (effectively an AMPK knockout mouse) and LKB1 knockout 
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mice indicate a diminished mitochondrial response to exercise [30, 45-47]. Altogether, 

AMPK is important for coordinating mitochondrial adaption in response to exercise. 

Cellular signals do not merely turn on or off, rather their activity is dynamic, i.e., 

the signal magnitudes change over time. How the dynamics of the AMPK signal 

orchestrates downstream adaptation is poorly understood. Signaling dynamics accounts 

for yet another avenue of information encoding within the cell [48, 49]. Signaling specificity 

is enabled by which proteins are activated but also the degree to which they are activated 

over time [50-52]. Data from human exercise trials reveal that AMPK phosphorylation 

and/or activity increases within ten minutes of starting a continuous bout of exercise, 

(Figure 1.2B) [53-57] followed by a plateau [56], or an additional increase [53-55, 57], until 

exercise ends. Following exercise cessation, AMPK phosphorylation progressively 

declines [55, 56] and returns to baseline within two to three hours [58]. The trend towards 

increasing AMPK activity during exercise is also evident in in vitro and in vivo murine 

models [59-62]. Thus, AMPK activity appears dynamic in response to exercise. However, 

the time course of AMPK activity in response to exercise has yet to be systematically 

studied. When studying AMPK activity in response to exercise, a model that provides high 

temporal resolution must be chosen to capture any rapid onset of AMPK activity that may 

occur. Generally, studies of AMPK in response to exercise feature only a few time points 

that are insufficient for fully characterizing the AMPK response to exercise. Various model 

systems such as in vivo, in vitro, and in silico have been developed to investigate the 

effects of exercise on skeletal muscle cells. In 2008, an in vitro model of exercise using 

cultured myotubes was developed to investigate the molecular events that occur during 

exercise with high experimental control [60]. 

1.5. Experimental systems for studying exercise responses 
in skeletal muscle 

Although all model systems feature advantages, each also has limitations. In vivo 

models, in which the whole organism of interest is used for experimentation, are typically 

considered the gold standard because they encompass a whole-body response to 

exercise. However, as discussed above, only a limited number of muscle biopsies can be 

ethically sampled from an individual, which limits the time resolution of the data. Therefore, 

human models do not currently provide sufficient temporal resolution to accurately 

measure AMPK signaling dynamics in response to exercise [53]. Although in vivo models 
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developed to study exercise are largely dependent on humans and mice as model 

systems, other animals including Drosophila [63] and C. elegans [64] have been used. 

In silico modeling, which involves mechanistic computer models, provides insight 

into what is occurring between experimental data points derived from in vitro or in vivo 

experimentation [65]. In silico modeling avoids ethical considerations associated with 

animal and human experimental models, and offers the only way to manipulate variables 

with absolute control [65]. In silico models, however, require extensive model validation 

and calibration and are simplified representations of the real system, such that they are 

unable to mimic the full extent of its complexity. Once established, in silico models provide 

predictive information that avoids pitfalls of other experimental models at the cost of being 

a highly simplified representation of a system. 

In vitro modeling involves performing techniques outside of the normal biological 

environment of a living organism. In vitro models allow investigators to control 

experimental parameters and allow for artificial manipulation of the system using genetic 

and pharmacological techniques. Additionally, more samples can typically be collected 

using in vitro models compared to in vivo models. Again, however, limitations do exist. 

While researchers continually seek ways to improve the physiological relevance of in vitro 

models [66-69], they nevertheless sacrifice physiological realism at the expense of 

experimental control and as such, in vitro models may not accurately predict the effect of 

the entire organism of interest. The decision to choose an in vivo, in vitro, or in silico model 

must consider the purpose of the experiment considering the advantages and limitations 

of the different model systems. Ultimately, all scientifically derived concepts must be 

supported from a body of evidence collected from a spectrum of model systems and 

approaches. 

1.5.1. Electrical pulse stimulation as an in vitro model of exercise 

Electrical pulse stimulation (EPS) has recently emerged as a tool for studying 

exercise in vitro [60, 70-72]. The in vitro exercise model involves passing current through 

media in contact with cultured skeletal muscle myotubes, which depolarizes the cell 

membrane and causes contraction. EPS was originally used to study the role of 

denervation and reinnervation on acetylcholine receptor regulation [73]. Over the past two 
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decades, EPS has been used with C2C12 myotubes to mimic exercising skeletal muscle 

[60, 70, 71, 74]. 

EPS features several benefits for studying the molecular responses to exercise 

compared to other experimental model systems. With the ability to control the voltage, 

frequency, pulse duration, and time duration [70, 72], EPS allows for flexible control of 

stimulation intensity and duration. An in vitro EPS model also provides the ability to collect 

many samples, such that many stimulation conditions can be studied, and time courses 

of higher temporal resolution are possible. Therefore, the in vitro EPS model is a promising 

method to study exercise-mediated responses in skeletal muscle [70, 72]. 

1.5.2. The C2C12 cell line 

C2C12 myotubes are commonly used as a model of adult skeletal muscle. First 

established in 1977 by Yaffe and Saxel [75], the C2C12 cell line is an immortalized murine 

myoblast cell line derived from crush-injured thigh muscles of a C3H mouse. C2C12 

myoblasts readily proliferate under high serum conditions. Upon serum starvation, C2C12 

myoblasts exit the cell cycle and differentiate [76]. Mechanistically, reducing the serum 

concentration in the cell culture media induces the expression of insulin-like growth factors 

(IGFs) and inhibits the expression of basic fibroblast growth factor (bFGF) and 

transforming growth factor (TGF)-β [77]. The changes in growth factors result in the fusion 

of stellate, mono-nucleated myoblasts into elongated, multi-nucleated contractile 

myotubes. The C2C12 cell line has been extensively used in experiments involving genetic 

manipulations [78] and in studies of structural protein dysfunction (e.g., muscular 

dystrophy) [79]. More recently, researchers have leveraged the ability of C2C12 myotubes 

to mimic skeletal muscle contraction to develop improved exercise-in-a-dish models [60, 

70]. 

The lack of systematic testing of the duration and conditions under which 

differentiation of C2C12 cells should be performed prompts concerns about the optimization 

of the differentiation protocol. Differentiation is usually performed by reducing serum 

concentrations [60, 62, 70]; however, the differentiation process results in the random 

alignment of myotubes with a background population of undifferentiated myoblasts. The 

effect of background myoblasts is not commonly considered but given the potential for 

them to contribute confounding effects, the degree of differentiation should be maximized. 
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In addition, control samples featuring pure myoblasts should also be included in 

experiments to assess the potential for confounding effects. Thus, a need persists to 

define a standard protocol that results in robust differentiation. 

Imaging-based quantitative measurements of differentiation exist. A direct 

measure is the fusion index, which expresses the number of nuclei incorporated into 

myotubes as a percentage of total nuclei in the field of view. A less direct measure was 

proposed by Veliça and Bunce [76], whose method involves staining myotubes dark which 

increases the number of dark pixels in an image. The increase in dark pixels is quantified 

and used as a measure of myotube density [76]. The authors recommend that their 

staining procedure be used as a complement to fusion index because fusion index is a 

more direct measure of differentiation. 

1.5.3. Electrically stimulating C2C12 myotubes elicits exercise-like 
effects 

Electrically stimulating C2C12 myotubes induces visible contraction and elicits 

several exercise-like effects [70]. Figure 1.3 compares the responses to exercise as 

elicited by in vitro electrical stimulation and by exercise. Electrical stimulation induces 

calcium transients as evidenced by increased concentration of calcium in C2C12 myotubes 

[70, 80]. The increase in calcium and consequent contraction increases the rate of ATP 

hydrolysis, which in turn leads to increased concentrations of ADP and AMP and activation 

of AMPK [60-62, 70, 81] . In addition, lactate and glucose oxidation are increased following 

24 hours of electrical stimulation [60, 62, 71] as is mitogen-activated protein kinase 

signaling, glucose uptake, and GLUT4 recycling [60-62, 70, 71]. Importantly, many of the 

physiological responses to EPS in cultured myotubes are similar to those observed in 

exercising skeletal muscle in humans [70, 72]. However, some responses observed during 

in vivo exercise are not reproducible in the C2C12 EPS model. For example, although 

increased GLUT4 translocation following EPS has been reported [60, 62], concomitant 

increases in GLUT4 mRNA have not been demonstrated.  
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Figure 1.3 Effects of in vitro contraction versus in vivo exercise 
Effects that differ between the two model systems appear on the outer columns. Effects common 
to both model systems appear in the middle. OXPHOS = enzymes of mitochondrial complex. 
Reprinted with permission [70].  

Limitations with this model exist, however. While EPS parameters of 10 Hz, 2-ms 

pulse duration, and 11.5 V for 1 h elicited a response similar to voluntary wheel running in 

mice [82], no consensus exists regarding EPS protocols that specifically increase aerobic 

or anaerobic energy metabolism in C2C12 myotubes [70]. Additionally, the C2C12 cells lack 

innervation by motor neurons and blood flow. The lack of blood flow (or system perfusion) 

may enable the local buildup of metabolites that could affect the physiology of the 

myotubes.  

Some of the differences observed between in vitro electrical stimulation and 

exercise in humans may be resolved by incorporating factors that better recapitulate 

exercise, such as heat stress and hypoxia. During exercise, the temperature of working 

muscles can reach 40°C [83] such that mimicking this increase in temperature in the C2C12 

cells during electrical stimulation may help lessen the discrepancy between in vivo and in 
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vitro exercise models. In support of this contention, exposing C2C12 myotubes to one hour 

of heat stress (40°C) increases AMPK phosphorylation 1.6-fold [83]. The heat exposure 

additionally increased the expression of PGC-1α and together with the increase in AMPK 

phosphorylation, may suggest that the heat produced from working muscles may 

contribute to the adaptive response of skeletal muscle to exercise [83]. Exercise 

additionally reduces intracellular oxygen due to increased oxygen consumption [84]. 

Applying cobalt chloride, a hypoxia-mimetic agent, to C2C12 myotubes induces HIF-1α 

accumulation and AMPK phosphorylation [85], suggesting that the exercise-mediated 

hypoxic response may be important for skeletal muscle adaptation. Taken together, 

applying hypoxia and temperature profiles that mimic exercise during electrical stimulation 

of C2C12 myotubes could address some of the discrepancies between in vitro electrical 

stimulation and exercise in humans. 

Compared to in vivo models, in vitro models of exercise enable small molecules to 

be applied relatively easily and enable the collection of experimental samples at higher 

frequencies. Electrical stimulated C2C12 myotubes exhibit many of the responses 

observed in human muscle in response to exercise. Furthermore, the possibility exists to 

better mimic in vivo exercise by adding treatments such as hypoxia and enhanced 

temperature. Altogether, the C2C12 EPS model is a promising tool for simulating exercise 

responses and studying exercise-mediated signaling dynamics [60, 70-72, 80, 86, 87]. 

1.5.4. Oxygen levels in cell culture models 

Cell culture is typically performed with a partial pressure of oxygen (pO2) of 141 

mmHg (corresponding to an O2 concentration of 18%, otherwise known as normoxia). 

However, this pO2 does not reflect the pO2 in tissues (physioxia). In vivo, most mammalian 

tissues experience oxygen levels of 1 to 6% [88]. Skeletal muscle, for example, exhibits a 

pO2 of approximately 14 to 25 mmHg (corresponding to an O2 concentration of  3.4 to 

3.8%) [88]. Accordingly, culturing cells at 18% does not accurately represent the in vivo 

physiological environment [89]. When cells are cultured in normoxia, the pO2 is up to 10-

fold higher than physioxia [88]. The increased pO2 can increase reactive oxygen species 

production and decrease oxygen-consuming enzymes such as NAPDH oxidase-4 and 

nitric oxide synthase [88]. Therefore, the disparity between the pO2 observed in normoxia 

and physioxia should be minimized. 
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A commonly used cellular marker of hypoxia is the expression of hypoxia-inducible 

factors (HIF). Hypoxia-inducible factors are transcription factors that promote the 

transcription of target genes associated with erythropoiesis, angiogenesis, glycolysis, and 

energy metabolism. These genes are expressed during and after exercise [90]. In oxygen-

rich environments, hypoxia-inducible factor-1α (HIF1α) is ubiquitinated and targeted for 

proteasomal degradation, such that HIF1a levels are kept low. In oxygen-poor 

environments, degradation is inhibited and HIF1α accumulates [90]. Under conditions of 

accumulation, HIF1α translocates to the nucleus and forms a transcriptionally active 

complex with HIF1β [90]. HIF1α is easily detected by immunoblotting and therefore 

provides an easy readout of cellular hypoxia. 

Another common technique to measure oxygen concentration in a solution is 

through the measurement of the dissolved free oxygen [91]. Common methods to detect 

dissolved oxygen include iodemetric titration [92], the electrochemical method [91], and 

the optical method [93]. Iodemetric titration involves reacting dissolved oxygen with 

chemicals that result in the release of iodine. The release of iodine can be measured and 

used to calculate the dissolved oxygen content [91]. Although iodemetric titration is a 

classic analytical method, it is cumbersome and cannot provide real-time data [91]. 

Electrochemical detection uses a defined relationship between an electrode potential  and 

the dissolved oxygen; however, the electrochemical detection is limited because its 

detection process consumes oxygen [91]. Optical oxygen sensors determine the dissolved 

oxygen concentration using a fluorescent compound, commonly ruthenium chloride [88, 

91]. Light is passed through a fiber optic cable that has the fluorescent compound mounted 

at the tip (Figure 1.4). The light passing through the fluorescent compound is quenched 

by dissolved oxygen. The amount of light quenched is proportional to the partial pressure 

of oxygen [88]. Importantly, oxygen is not consumed during this reaction, therefore a 

continuous readout of oxygen concentration can be obtained [91, 94].  
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Figure 1.4 Diagram of an optical oxygen sensor within a cell culture well 
Light is passed through a fiber optic cable and contacts the sensing material mounted at the probe 
tip. The light is quenched by the dissolved oxygen in the media and the amount of light quenched 
is proportional to the partial pressure of oxygen in the media. Reprinted with permission (Lucid 
Scientific 2019). 

Optical oxygen sensing technology provides a suitable approach for determining 

appropriate incubator atmospheric settings to promote physioxia in the cell culture media. 

Furthermore, in the C2C12 EPS model, such sensors can be used to indirectly measure 

the increased cellular respiration expected from contracting myotubes [95]. Decreased 

pO2 in the medium in response to electrical stimulation could serve as an indicator that 

the myotubes are producing energy via oxidative pathways.  

1.5.5. Pharmacological tools to study AMPK activity in vitro 

A primary advantage of studying AMPK in cultured cells compared to in vivo 

models is the relative ease in which small molecules can be administered to manipulate 

AMPK activity. The most commonly used AMPK activator, 5-aminoimidazole-4-

carboxyamide-1-b-D-ribofuranoside (AICAR), is readily taken up by cells via the 

adenosine transporter and phosphorylated by adenosine kinase to generate AICAR 5'-

monophosphate (ZMP), an AMP analog [96-99]. Like AMP, ZMP allosterically activates 
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AMPK by binding to the γ subunit of AMPK. Importantly, ZMP activates AMPK without 

altering the ADP:ATP or AMP:ATP ratios. ZMP mimics the effect of increased AMP, the 

levels of which increase during exercise [28], such that AICAR has been used to study 

exercise-like responses [100]. Although AICAR is commonly used to study AMPK 

activation, it can also modify other AMP-dependent pathways such as the activity of 

fructose-1,6-bisphosphatase in the gluconeogenesis pathway [101]. As such, the off-

target effects of AICAR must be considered when using this approach to activate AMPK. 

To circumvent the non-specific effects of AICAR, a thienopyridone compound, A-

769662, was developed. Similar to AMP and AICAR, A-769662 allosterically activates 

AMPK, however, A-769662 promotes the phosphorylation of Ser-108 within the β1 subunit 

instead of the Thr-172 of the α subunit [97, 102, 103]. The independent phosphorylation 

sites of A-769662 and AICAR probably underlie their ability to synergistically activate 

AMPK when applied together [104]. Unlike AICAR, A-769662 does not compete with 

adenosine re-uptake into the cell and has an increased specificity for AMPK [102, 103, 

105]. Nevertheless, treatment of cells with A-769662 appears to affect their growth and 

metabolism in an AMPK-independent manner, suggesting that it has some off-target 

effects [106]. Overall, A-769662 demonstrates the opportunity to develop subunit-specific 

AMPK activators with increased specificity compared to AICAR and provides an additional 

method to activate AMPK. 

The availability of pharmacological AMPK inhibitors is currently limited. First 

identified in a high-throughput kinase assay, compound C (also known as dorsomorphin) 

is the most commonly used AMPK inhibitor [107, 108]. Mechanistically, the binding of 

compound C to AMPK causes a structural change in the activation loop of the α2 subunit. 

The conformational change causes partial blockage of the ATP-binding site that is critical 

for AMPK phosphorylation [108-110]. As such, blocking of the ATP-binding site on the α2 

subunit inhibits AMPK activity. Despite the effectiveness of compound C for inhibiting 

AMPK, it affects numerous other kinases. Compound C has an IC50 value of 0.1-0.2 µM, 

however, the concentration required to completely inhibit AMPK activity is 40 µM [111]. At 

a concentration of only 2.5 µM, compound C was found to inhibit 54 other kinases by 

greater than 30% (23 of which >50%) [109]. By virtue of the non-specific effects of 

compound C, data obtained using this molecule is criticized and some have recommended 

that its use be avoided altogether [111]. 
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SBI-0206965 was discovered as an AMPK inhibitor with improved potency and 

kinase selectivity compared to compound C [111]. Like compound C, binding of SBI-

0206965 partially blocks the ATP-binding site needed for AMPK activation [109]. 

Additionally, SBI-0206965 reduces AICAR-mediated AMPK activity, most likely due to 

decreased uptake of AICAR as evidenced by reduced intracellular ZMP concentration 

[109]. In a recent report, compound C and SBI-0206965 were profiled against 50 kinases. 

The two molecules exerted the highest inhibitory effects on AMPK [109]. However, SBI-

0206965 inhibited only five other kinases by >50% compared to 23 by compound C [109]. 

The use of SBI-0206965 together with AICAR is not recommended. However, the authors 

justified their recommendation based on the SBI-0206965-mediated impairment of AICAR 

transport into cells [111]. The possibility exists that this issue could be circumvented by 

adding AICAR prior to SBI-0206965. 

Overall, compounds such as AICAR and compound C have profound effects on 

AMPK activity that can be leveraged to study the effects of AMPK activity on downstream 

targets. However, pharmacological approaches to studying AMPK activity are limited by 

specificity and potency, which may affect the validity of the data that arises from their use. 

The use of small molecules must therefore be judiciously validated for the intended 

application.  

1.6. Aims and hypotheses 

The overarching goal of this thesis was to develop an in vitro model of exercise 

that can be used to study the dynamics of AMPK signaling in response to exercise. The 

specific aims were to: 

• Validate EPS of C2C12 myotubes as a method for inducing AMPK signaling.

• Determine the extent to which AMPK signaling can be manipulated using
small-molecule activators and inhibitors.

• Characterize the time course of AMPK signaling during and post- EPS in
cultured myotubes.

Each aim is associated with the following corresponding research hypotheses: 

• That EPS increases ATP turnover, which elicits exercise-like AMPK signaling
in C2C12 myotubes.
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• That small-molecule activators and inhibitors increase and decrease AMPK 
signaling, respectively.  

• That AMPK signaling in electrically stimulated C2C12 increases during the 
initial minutes of electrical stimulation, followed by achieving steady state, and 
then decreases dynamically during recovery back to resting levels. 
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Chapter 2. Materials and methods 

2.1. Materials 

All chemicals were purchased from Sigma, VWR, and Fischer Scientific. Unless 

otherwise stated, the antibodies, AICAR (9944P), and lambda protein phosphatase 

(50811856) were from Cell Signaling Technologies (New England BioLabs). Cell culture 

plastics were from VWR. Compound C was from Sigma. A-769662 (11900) and SBI-

0206965 (18477) were from Cayman Chemical Co.  

2.2. Cell culture 

C2C12 myoblasts (ATCC # CRL-1772, lot 70004012, passage no. 8-12) were 

thawed in a 37oC water bath and transferred to a 10-cm cell culture dish containing growth 

media. Growth media consisted of Dulbecco’s modified Eagle’s medium (DMEM; Corning: 

50-003-PC) supplemented with 10% fetal bovine serum (VWR: 97068-085). Cells were 

maintained at 37oC in a 5% CO2, ~16% O2, and 80% humidified atmosphere unless 

otherwise stated. For differentiation, cells were seeded in 35-mm dishes at a density of 

100,000 cells/mL, for a total of 300,000 cells per well. The myoblasts were maintained in 

growth media until reaching ~90% confluency, at which point the media was replaced with 

differentiation media. Differentiation media consisted of DMEM supplemented with 2% 

horse serum (ATCC: 30-2040). Differentiation media was replaced every other day for a 

total of five days of differentiation. 

2.3. Jenner–Giemsa staining 

Cell culture was performed as described above. Jenner-Giemsa staining was 

performed as described previously [76]. Both the Jenner and Giemsa dyes contain 

methylene blue and eosin [76]. Methylene blue binds to negatively charged particles such 

as DNA [112] which stains nuclei light pink. Eosin binds to eosinophilic compounds such 

as amino acid residues that contain arginine and lysine [113] which result in darkly stained 

myotubes [76]. To perform this stain, cells were rinsed twice with phosphate buffered 

saline (PBS), fixed in 100% methanol for five minutes, and left to air-dry. Jenner stain 

(Electron Microscopy Sciences: 26114-01) was diluted 1:3 in PBS (pH 5.6) and Giemsa 
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stain (Electron Microscopy Sciences: 26114-02) was diluted 1:20 in PBS (pH 5.6). One 

millilitre of the Jenner stain was incubated in the wells for five minutes at 37oC followed by 

washing with distilled water. Next, 1 mL of Giemsa stain was incubated in the wells for 10 

min at room temperature before washing again with distilled water. 

2.3.1. Myotube density 

Jenner-Giemsa solutions stain myotubes dark, and as such will increase the 

number of dark pixels. As such, using the histogram feature of ImageJ, the number of 

pixels below an intensity of 75 were calculated as a measure of myotube density [76, 114]. 

The final myotube density for each well was an average of four random images per well 

captured using an inverted microscope (Etaluma: LS560; San Diego, CA). 

2.4. Electrical stimulation 

C2C12 myotubes differentiated for five days were placed in a hypoxia workstation 

(Baker Ruskinn; Sanford, ME) and equilibrated to 16% O2, 5% CO2, 80% humidity, and 

37oC for at least one hour. Equilibration was confirmed using optical oxygen sensors 

immersed in the culture media (Lucid Scientific; Atlanta, GA; described below). Electrical 

stimulation was applied using the C-Pace EP system (IonOptix; Milton, MA) with C-dishes 

for 35-mm dishes and the stimulation parameters set to 20 V, 2 ms, and 1 Hz [60, 71]. An 

inverted digital microscope was used to monitor contraction (Etaluma; San Diego, CA). At 

the end of electrical stimulation experiments, the cells were rinsed twice with ice-cold PBS, 

immersed in liquid nitrogen and immediately transferred to a -80oC freezer for storage. 

2.5. Oxygen sensing 

Oxygen levels in cell culture media were monitored using optical oxygen sensors 

(Lucid Scientific; Atlanta, GA). The oxygen sensors were calibrated according to the 

manufacturer instructions. In brief, a 0.8 mM solution of Na2SO3 in PBS was prepared. 

Na2SO3 binds to oxygen creating a zero-oxygen environment. With stirring, the Na2SO3 

solution saturates with oxygen, such that the solution pO2 rises to ambient oxygen levels 

in approximately 16 hours. The zero and ambient oxygen readings are then used to 

calibrate the sensors. 
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To obtain accurate measurements, the sensors must be situated as close to the 

cell layer as possible (W. Inman, Lucid Scientific, personal communication). The sensors 

were positioned by mounting them through the lid of a 35-mm cell culture dish and a small 

piece of rubber glued to the dish lid. This set up facilitated the vertical adjustment of sensor 

so that it could be set at a pre-determined distance from the bottom of the cell culture dish. 

A piece of glass 640 or 320 microns thick was placed in an empty cell culture dish. The 

sensor was pushed down through the lid and rubber until it touched the glass. The sensor 

(with the lid) was then transferred to the 35-mm dish containing the sample to be 

measured, with the sensor positioned at the pre-determined distance from the bottom of 

the dish. 

2.6. Immunoblot analysis 

AMPK signaling was operationally defined as the increased levels of 

phosphorylated AMPK, ACC, and TBC1D1. ACC is phosphorylated by various kinases, 

however, AMPK phosphorylates ACC on an AMPK-specific site (Ser-79) [115]. In contrast,  

TBC1D1 phospho-sites are not unique to AMPK, but TBC1D1 Ser-231 and Ser-700  

represent consensus matches for the AMPK phosphorylation motif [116]. Furthermore, it 

has been suggested that TBC1D1 regulation to occur primarily by AMPK [116]. Therefore, 

ACC and TBC1D1 phosphorylation on Ser-79 and Ser-231 (equivalent to the Ser-237 in 

human TBC1D1), respectively, are likely phosphorylated primarily by AMPK under my 

experimental conditions. 

The expression and phosphorylation of proteins were analyzed by immunoblotting. 

Cells were removed from -80oC storage and thawed on ice for two minutes. To each 35-

mm dish,150 µL of NP-40 lysis buffer was added (50 mM Tris, 400 mM NaCl, 1 mM EDTA, 

1% NP-40 alternative, 15% glycerol, 50 mM β-glycerophosphate, 10 mM NaPP, 30 mM 

NaF, 100 µM Na3VO4, 1X Roche cOmplete Protease inhibitor cocktail (Cat. # 

11836170001), and 1X Sigma phosphatase inhibitor cocktail 3 (Cat. # P0044)). Cells were 

scraped and transferred to a pre-chilled microfuge tube. The samples were agitated at 4oC 

for 30 minutes. The supernatant was collected and frozen at -80oC until analysis. Protein 

concentration was determined using a bicinchoninic acid assay (Pierce). Cell lysates were 

loaded into an 8-10% sodium dodecyl sulfate–polyacrylamide gel and subjected to 

electrophoresis (Bio-Rad: 1658004EDU and 1656001; 1-2 hours at 150 V). Proteins were 

transferred to a low fluorescent-polyvinylidene difluoride membrane (GE Healthcare 
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Biosciences: 10600022) via wet transfer (Bio-Rad: 1658004EDU and 1704071; 100 V for 

1-1.5 hours). 2,2,2-Trichloroethanol was added to the SDS-PAGE gel to visualize proteins

after ultraviolet light exposure (the “stain-free” method) [117]. The membrane was blocked 

with 5% non-fat dry milk (Cell Signaling: 9999) in Tris-buffered saline containing 0.1% 

Tween-20 (TBS-T). The blots were incubated overnight at 4oC with the primary antibody 

[anti-AMPK (2532S, 1:500, lot 19), anti-phospho-AMPK (2535S, Thr-172, 1:300, lot 21), 

anti-ACC (3676S, 1:500, lot 9), anti-phospho-ACC (11818S, Ser-79, 1:300, lot 4), anti-

TBC1D1 (66433S, 1:500, lot 1), anti-phospho-TBC1D1 (Sigma; 07-2268, Ser-237 1:200, 

lot 3120117)]. The blots were washed three times for five minutes each with TBS-T and 

then incubated with anti-mouse IgG (1:3000) conjugated to horseradish peroxidase. The 

blots were again washed three times for five minutes each with TBS-T and incubated with 

ECL substrate (Bio-Rad: 1705061) for five minutes. The blots were visualized using a 

chemiluminescence detector (Licor: 3600-00 and Bio-Rad: 12003154).  

2.6.1. Quantification of immunoblots 

Quantification of western blots was performed using ImageJ [114]. First, the total 

protein of each lane from the stain-free blot was determined using the integrated density 

measurement tool in ImageJ [117, 118]. Second, a normalization factor was determined 

by dividing the minimum value of all lanes of interest by each lane. The phospho- and total 

protein blots were then quantified using the gel analysis tool in ImageJ. The intensity of 

each band was then normalized using the normalization factor. The resulting band 

intensity reflected the intensity of the band normalized to the total protein of the lane 

(Figure 2.1). For phospho-protein normalization to total protein, the level of phospho-

protein was divided by the level of total protein. 
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Figure 2.1 Workflow to quantify immunoblots using stain-free technology 
Immunoblotting is performed as described in the methods section. In brief, proteins are separated 
via gel electrophoresis and visualized by exposing the gel to ultraviolet light for two minutes. 
Proteins are transferred to a low-fluorescent PVDF membrane. A normalization factor is calculated 
using the integrated density of each lane of the membrane. Finally, the optical density of the band 
of interest is normalized using the respective normalization factor. 

2.7. Cell metabolite and toxicity assays 

Release of L-lactate into previously frozen cultured media of stimulated myotubes 

was measured using a glycolysis cell-based assay kit (Cayman Chemical Co.: 600450). 

Absolute values of L-lactate concentrations were determined using serial dilutions of a 

known L-lactate concentration. The intracellular ATP concentration of frozen C2C12 

myotubes was measured using a cellular ATP measurement kit (Cayman Chemical Co.: 

700410). Absolute values of ATP concentrations were determined using serial dilutions of 

a known ATP concentration. Cytotoxicity was analyzed by measuring levels of lactate 

dehydrogenase (LDH) into previously frozen cultured media of stimulated myotubes. LDH 

measurements were performed with the Cytotoxicity Detection Kit Plus (Roche: 

4744926001). L-lactate, LDH, and ATP assay protocols are documented in the Appendix. 

2.8. Statistical analysis 

Statistical comparisons between treatment groups were performed using R version 

3.6.1 [119]. A linear mixed effects model was constructed with time as a fixed effect and 

batch as a random effect using the lmer function from the lme4 package [120]. The batch 

term represented experimental replicates that were performed on different days with 
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different freeze-thaw batches of cells and different batches of cell culture media. 

Assumptions of normality, independence, and homoscedasticity were verified prior to 

analysis. Tests of hypothesis include an omnibus F-test on the model followed by post-

hoc comparisons between treatment groups, which were analyzed with unpaired t-tests 

corrected for multiple comparisons using the Tukey method. Statistical significance was 

set at p<0.05.  Data are presented as either the raw data or the mean ± 95% confidence 

interval as indicated in the corresponding figure caption. The R code for all figures and 

statistical analyses, and the raw data are documented in the Appendix. 
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Chapter 3. Results 

3.1. C2C12 myoblasts differentiated into contractile 
myotubes in response to the differentiation protocol 

Two analyses were performed to determine the extent to which the C2C12 

myoblasts differentiated into contractile myotubes in response to the differentiation 

protocol. First, Jenner-Giemsa staining was used to quantify myotube density. Second, 

the contractile response of the myotubes to electrical stimulation (20 V, 2 ms, 1 Hz) was 

assessed by live-cell imaging. Myoblasts and myotubes were differentiated for five days, 

with samples collected on each day and stained and imaged (Figure 3.1: A - H). 

Histograms of myotube density (Figure 3.2) revealed a peak at day four of differentiation 

(Figure 3.3). Myotubes differentiated for five days (Video 1) were contractile in response 

to electrical stimulation (Video 2). 

Figure 3.1 Images of differentiating C2C12 myoblasts into myotubes 
C2C12 cells were stained with Jenner-Giemsa stain on each day of a five-day differentiation protocol. 
A – H: differentiation of C2C12 myoblasts into myotubes from day -2 to day 5, respectively. Growth 
media was replaced with differentiation media on day 0. Data are from a single experiment. 
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Figure 3.2 Histogram of pixels ≤ 75 from Jenner-Giemsa stained C2C12 cells 
differentiating over five days 

Quantification of images A – H in Figure 3.1. Jenner-Giemsa stains myotubes dark (pixels ≤ 75). A 
leftward shift in the histogram means more dark pixels. Data are from a single experiment. A. U. = 
arbitrary units. 

Figure 3.3 Histogram analysis of differentiating C2C12 cells over five days 
Pixels ≤ 75 from day -2 to day 5 of differentiating C2C12 cells (area under the curves from Figure 
3.2). Growth media was replaced with differentiation media on day 0. Data are from a single 
experiment. A. U. = arbitrary units. 
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Video 1 Differentiation of C2C12 myoblasts into myotubes 
C2C12 were seeded in a 35-mm dish and allowed to proliferate until ~80% confluency. Growth media 
was then replaced with differentiation media and the myoblasts fused into contractile myotubes. 
10X magnification. To open the video, hold CTL and click on the thumbnail. 

Video 2 Contraction of C2C12 myotubes 
C2C12 myotubes differentiated for five days were electrically stimulated (20 V, 2 ms, 1 Hz) and 
imaged using an inverted digital microscope. 10X magnification. To open the video, hold CTL and 
click on the thumbnail. 

3.2. Antibody validation 

To determine the appropriate amount of protein to load for western blotting, I 

performed serial dilutions of a pooled cell lysate from stimulated C2C12 myotubes. The 

span of signal intensities that display a linear relationship between the mass of protein 

loaded and the intensity of the signal for all phospho-antibodies was 18 to 25 µg (shaded 

https://doi.org/10.48410/fh2t-mm06
https://doi.org/10.48410/fh2t-mm06
https://doi.org/10.48410/fh2t-mm06
https://doi.org/10.48410/fh2t-mm06
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area in Figure 3.4). I then verified the phospho-specificity of the phospho-antibodies by 

incubating western blots probed with the phospho- and total protein with lambda protein 

phosphatase. Lambda protein phosphatase cleaves phosphate groups from serine, 

threonine, and tyrosine residues. As such, if the antibodies are phospho-specific, no signal 

should be detected after treatment with lambda protein phosphatase. Treatment with 

lambda protein phosphatase caused no difference in the signal for total AMPK, ACC, and 

TBC1D1, but eliminated all signal for p-AMPK and p-TBC1D1 and reduced the signal for 

p-ACC (Figure 3.5).  

 

Figure 3.4 Linear dynamic range of p-AMPK, p-ACC, and p-TBC1D1 antibodies 
A pooled cell lysate of electrically stimulated C2C12 myotubes was serially diluted and subjected to 
immunoblotting. Shaded area (18 to 25 µg) represents combined linear range of detection for all 
three antibodies. Representative blot of p-AMPK above. Data are from a single experiment. A. U. 
= arbitrary units. 
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Figure 3.5 Phospho-specificity of p-AMPK, p-ACC, and p-TBC1D1 antibodies 
Immunoblot membranes were incubated with (-) and without (+) lambda protein phosphatase (λ) 
followed by detection. Data are from a single experiment. 

3.3. AMPK signaling is observable in C2C12 myotubes 

To test whether AMPK could be activated in C2C12 myotubes, I treated the cells 

with increasing doses of two small-molecule AMPK activators, AICAR and A-769662. 

AICAR maximally activated p-AMPK, p-ACC, and p-TBC1D1 at 1.25, 10, and 10 mM, 

respectively (Figure 3.6 and Figure 3.7). I fit a Hill equation to the p-ACC data from the 

AICAR treatment, which resulted in a 90% effective concentration (EC90) estimate of 2.6 

mM (Figure 3.7). A-769662 maximally activated p-AMPK, p-ACC, and p-TBC1D1 at 666 

µM (Figure 3.8). Figure 3.9 illustrates changes in AMPK signaling resulting from treatment 

with AICAR, A-769992, EPS, and all three together. Compared to vehicle treatment, 

AMPK signaling increased with 125 µM A-769662. Compared to 125 µM A-769662, AMPK 

signaling increased with 2.5 mM AICAR. A 30-second bout of air exposure (cell starvation) 

increased AMPK phosphorylation (Figure 3.10). Moreover, five seconds or less of air 

exposure (the typical duration for which the myotubes were exposed to air prior to freezing) 

did not increase AMPK phosphorylation. EPS did not increase AMPK signaling compared 

to vehicle. Addition of 2 mM AICAR or 100 µM A-769662 to stimulated myotubes increased 

AMPK signaling compared to stimulation alone. Addition of 2 mM AICAR and 100 µM A-

769662 to stimulated myotubes increased AMPK signaling greater than stimulated 

myotubes with the compounds alone. 
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Figure 3.6 Phosphorylation of AMPK and TBC1D1 in response to AICAR 
C2C12 myotubes differentiated for five days were incubated with serially diluted AICAR. Cell lysates 
were subjected to immunoblotting and the levels of p-AMPK and p-TBC1D1 were quantified by 
densitometry. The dashed line represents the concentration of AICAR commonly used to activate 
AMPK (2 mM). The p-AMPK and p-TBC1D1 immunoblots are shown above. Data are from a single 
experiment. A. U. = arbitrary units. 

 

Figure 3.7 Dose-response relationship for p-ACC with AICAR treatment  
C2C12 myotubes differentiated for five days were incubated with of the indicated doses of AICAR. 
Cell lysates were subjected to immunoblotting and the levels of p-ACC were quantified by 
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densitometry. The experimental data points are overlaid with a black line representing a model fit 
using the Hill equation. The model parameters were as follows: Ymax = 2.75 x 104, n = 1.46, K = 
0.577. The dashed line represents the concentration of AICAR commonly used to activate AMPK 
(2 mM). The p-ACC immunoblot is shown above. Data are from a single experiment. A. U. = 
arbitrary units. 

 

Figure 3.8 AMPK signaling in response to A-769662 
C2C12 myotubes differentiated for five days were incubated with the indicated doses of A-769662. 
Cell lysates were subjected to immunoblotting and levels of p-AMPK, p-ACC, and p-TBC1D1 were 
quantified by densitometry. The dashed line represents the concentration of A-769662 commonly 
used to activate AMPK (100 µM). The p-AMPK, p-ACC, and p-TBC1D1 immunoblots are shown 
above. Data are from a single experiment. A. U. = arbitrary units. 
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Figure 3.9 AMPK signaling in response to various activating treatments 
C2C12 myotubes differentiated for five days were applied various treatments to activate AMPK. Cell 
lysates were subjected to immunoblotting and levels of p-AMPK, p-ACC, and p-TBC1D1 were 
quantified by densitometry. Air = 30 seconds of air exposure. EPS = electrical pulse stimulation (20 
V, 2 ms, 1 Hz, 60 min). Data are from a single experiment. A. U. = arbitrary units. 

 

Figure 3.10 AMPK phosphorylation following air exposure 
C2C12 myotubes differentiated for five days were exposed to air by removing the cell culture media. 
Cell lysates were subjected to immunoblotting and the levels of p-AMPK were quantified by 
densitometry. Data are from a single experiment. A. U. = arbitrary units. 
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3.4. AMPK signaling can be inhibited in C2C12 myotubes 

To test whether AMPK signaling could be inhibited in C2C12 myotubes, I applied 

different doses of compound C and SBI-0206965 to C2C12 myotubes pre-activated with 2 

mM AICAR for 30 minutes. I observed that compound C maximally inhibited p-AMPK, p-

ACC, and p-TBC1D1 at 62.5, 1,000, and 31.25 µM, respectively (Figure 3.11). SBI-

0206965 maximally inhibited p-ACC and p-TBC1D1 at 111.11 and 333.33 µM, 

respectively (Figure 3.12 and Figure 3.13). AMPK phosphorylation increased with 

increasing concentrations of SBI-0206965 (Figure 3.12). A Hill equation fit to the p-ACC 

data from SBI-0206965 resulted in an IC10 estimate of 49.25 µM (Figure 3.13).  

 

Figure 3.11 AMPK signaling in response to compound C 
C2C12 myotubes differentiated for five days were pre-treated with AICAR (2 mM) for 30 minutes 
after which serially diluted amounts of compound C were applied for 30 minutes. Cell lysates were 
subjected to immunoblotting and levels of p-AMPK, p-ACC, and p-TBC1D1 were quantified by 
densitometry. The dashed line represents the concentration of compound C commonly used to 
inhibit AMPK (50 µM). The p-AMPK, p-ACC, and p-TBC1D1 immunoblots are shown above. Data 
are from a single experiment. A. U. = arbitrary units. 
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Figure 3.12 Phosphorylation of AMPK and TBC1D1 in response to SBI-0206965 
C2C12 myotubes differentiated for five days were pre-treated with AICAR (2 mM) for 30 minutes 
after which serially diluted amounts of SBI-0206965 were applied for 30 minutes. Cell lysates were 
subjected to immunoblotting and levels of p-AMPK and p-TBC1D1 were quantified by densitometry. 
The dashed line represents the concentration of SBI-0206965 commonly used to inhibit AMPK (50 
µM). The p-AMPK and p-TBC1D1 immunoblots are shown above. Data are from a single 
experiment. A. U. = arbitrary units. 

 

Figure 3.13 Dose-response relationship for p-ACC with SBI-0206965 treatment 
C2C12 myotubes differentiated for five days were pre-treated with AICAR (2 mM) for 30 minutes 
after which the indicated doses of SBI-0206965 were applied for 30 minutes. Cell lysates were 
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subjected to immunoblotting and levels of p-ACC were quantified by densitometry. Experimental 
data points overlaid with a model fit to the Hill equation. The model parameters were as follows: 
Ymax = 2.50 x 104, n = 1.51, K = 39.2. The dashed line represents the concentration of SBI-
0206965 commonly used to activate AMPK (50 µM).  The p-ACC immunoblot is shown above. Data 
are from a single experiment. A. U. = arbitrary units. 

3.5. EPS causes C2C12 myotubes to consume oxygen 

To investigate whether EPS stimulates energy-producing metabolic pathways in 

C2C12 cells, I measured the pO2 in the cell culture media. Additionally, I collected media 

and cell lysates before and after electrical stimulation (20 V, 2 ms, 1 Hz, 180 min), and 

after three hours of recovery (Figure 3.18) for L-Lactate (a measure of glycolytic flux) and 

intracellular ATP measurements. To assess oxygen consumption, I measured the pO2 in 

the culture media overlaying C2C12 myotubes in response to electrical stimulation (90 

minutes at 20 V, 1 Hz, and 2 ms) at two different atmospheric O2 concentrations (16% and 

8%). At 16% oxygen, the pO2 in the media of contracting C2C12 myotubes was reduced 

compared to non-stimulated myotubes (Figure 3.14, compare yellow and black lines). The 

decrease in pO2 of contracting myotubes was also observed in the 8% atmospheric pO2 

condition. Similar trends were observed when the experiment was repeated in reverse 

(Figure 3.15), with the exception that the contracting myotubes at 16% exhibited higher 

overall pO2 compared to the resting myotubes. Intracellular ATP measurements revealed 

no statistical difference at any of the time points (p = 0.389, Figure 3.16). Lastly, the 

concentrations of secreted L-Lactate were not statistically different at any of the time 

points (p = 0.903, Figure 3.17). 
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Figure 3.14 Oxygen partial pressure kinetics of contracting C2C12 myotubes in 
16% and 8% O2 atmospheres 

Partial pressures of oxygen were measured in the culture media of dishes with and without cultured 
C2C12 myotubes and with and without EPS (20 V, 2 ms, 1 Hz). The atmospheric oxygen was set to 
16% and EPS was applied for 90 minutes. The stimulation was stopped and the atmospheric O2 
was changed to 8%. After 90 minutes of equilibration, EPS was applied for another 90 minutes. 

 

Figure 3.15 Oxygen partial pressure kinetics of contracting C2C12 myotubes in8% 
and 16% O2 atmospheres  

Partial pressures of oxygen were measured in the culture media of dishes with and without cultured 
C2C12 myotubes and with and without EPS (20 V, 2 ms, 1 Hz). The atmospheric oxygen was set to 
8% and EPS was applied for 90 minutes. The stimulation was stopped and the atmospheric O2 was 
changed to 16%. After 90 minutes of equilibration, EPS was applied for another 90 minutes. 
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Figure 3.16 Intracellular ATP concentration of C2C12 myotubes in response to 
electrical stimulation 

C2C12 myotubes were frozen at time = 0, 180, and 360 of the time course experiment outlined in 
Figure 3.18. The black points represent the raw data from six independent biological replicates. 
The colored lines connect the data from a given replicate. No statistical difference was detected at 
any of the time points (p = 0.389). 

 

Figure 3.17 Concentration of secreted L-lactate from C2C12 myotubes in response 
to electrical stimulation 

Cell culture media from C2C12 myotubes were frozen at time = 0, 180, and 360 of the time course 
experiment outlined in Figure 3.18. The black points represent the raw data from six independent 
biological replicates. The colored lines connect the data from a given replicate. No statistical 
difference was detected at any of the time points (p = 0.903). 
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3.6. EPS increases AMPK signaling  

To investigate whether myotube contraction enhances AMPK signaling, I 

electrically stimulated C2C12 myotubes for 180 minutes at 20 V, 2 ms, and 1 Hz and 

sampled cells at various time points during and post-stimulation (Figure 3.18). Additionally, 

I sampled resting myotubes before and after stimulation, and after three hours of recovery 

to serve as controls. Six biological replicates of the time course were performed using 

cells from the same lot, but each from different frozen stocks. 

 

Figure 3.18 Time course experiment design 
C2C12 myotubes differentiated for five days were electrically stimulated (20 V, 2 ms, 1 Hz) for 180 
minutes followed by 180 minutes of recovery. Cells were frozen at the indicated time points 
(minutes). * denotes the collection of media. Resting myotubes served as controls and were frozen 
at 0, 180, and 360 min.  

After 180 minutes of electrical stimulation, p-AMPK, p-ACC, and p-TBC1D1 levels 

increased 1.24- (p = 0.85), 2.41- (p = 0.004), and 1.33-fold (p = 0.029), respectively, 

compared to pre-stimulation (Figure 3.19). After three hours of recovery, p-AMPK, p-ACC, 

and p-TBC1D1 levels increased 1.68- (p = 0.57), 2.71- (p = 0.025), and 1.11-fold (p = 

0.94), respectively, compared to pre-stimulation (Figure 3.19). 

The more detailed time courses revealed that levels of p-ACC and p-TBC1D1 

reached a maximum of 2.7- and 1.36-fold increase after 120 minutes of stimulation, 

respectively, compared to levels measured at 0 min. (Figure 3.20). Levels of p-AMPK 

initially decreased 0.84-fold after five minutes of stimulation and reached a maximum of 

1.47-fold after 120 minutes of stimulation. Stopping stimulation led to immediate 

decreases in p-AMPK, p-ACC, and p-TBC1D1 levels of 0.29-, 0.64-, and 0.27-fold, 

respectively, compared to their signals at 180 min (Figure 3.20). These decreases were 

then followed by increased levels of p-AMPK, p-ACC, and p-TBC1D1 after 120 minutes 

of recovery. After three hours of recovery from EPS, p-AMPK, p-ACC, and p-TBC1D1 

were increased compared to before stimulation. 

In response to the same bout of EPS, total AMPK, ACC, and TBC1D1 reached a 

maximum of 1.39-, 1.17-, and 1.59-fold increase after 180, 120, and 30 minutes of 
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stimulation, respectively. (Figure 3.21). Stopping stimulation resulted in varying acute 

signaling of the three molecules: AMPK decreased 0.16-fold and then increased 0.05-fold, 

ACC increased 0.19-fold, and TBC1D1 decreased 0.24-fold and then increased 0.04-fold. 

 

Figure 3.19 AMPK signaling of C2C12 myotubes after three hours of electrical 
stimulation followed by three hours of recovery 

C2C12 myotubes differentiated for five days were electrically stimulated (20 V, 2 ms, 1 Hz) for 180 
minutes followed by 180 minutes of recovery. Cell lysates were subjected to immunoblotting and 
levels of p-AMPK, p-ACC, and p-TBC1D1 were quantified by densitometry. Six biological replicates 
were performed. Pre-stimulation represents time point = 0 (n = 6/molecule). Stimulated represents 
the mean of time points 60, 120, and 180 for each molecule (n = 18). 3 hours recovery represents 
time point = 360 (n = 6). # denotes p < 0.05 compared to pre-stimulation. A. U. = arbitrary units. 
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Figure 3.20 Time course of AMPK signaling of C2C12 myotubes during three hours 
of electrical stimulation followed by three hours of recovery 

C2C12 myotubes differentiated for five days were electrically stimulated (20 V, 2 ms, 1 Hz) for 180 
minutes followed by 180 minutes of recovery. Cell lysates were subjected to immunoblotting and 
levels of p-AMPK, p-ACC, and p-TBC1D1 were quantified by densitometry. Data points represent 
the mean of six biological replicates and the error bars represent 95% confidence intervals. Images 
from representative immunoblots for p-AMPK, p-ACC, and p-TBC1D1 are shown at the top. CTL1 
= resting myotubes sampled at 180 minutes. CTL2 = resting myotubes sampled at 360 minutes. A. 
U. = arbitrary units. 
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Figure 3.21 Time course of total AMPK, ACC, and TBC1D1 of C2C12 myotubes 
during three hours of electrical stimulation followed by three hours of 
recovery 

C2C12 myotubes differentiated for five days were electrically stimulated (20 V, 2 ms, 1 Hz) for 180 
minutes followed by 180 minutes of recovery. Cell lysates were subjected to immunoblotting and 
levels of AMPK, ACC, and TBC1D1 were quantified by densitometry. Data points represent the 
mean of six biological replicates and the error bars represent 95% confidence intervals. Images 
from representative immunoblots for AMPK, ACC, and TBC1D1 are shown at the top. CTL1 = 
resting myotubes sampled at 180 minutes. CTL2 = resting myotubes sampled at 360 minutes. A. 
U. = arbitrary units. 
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Normalizing the phospho-protein levels to the respective total protein levels 

demonstrates that AMPK and TBC1D1 phosphorylation occurs to a lesser extent (1.01- 

and 0.93- fold, respectively) compared to ACC phosphorylation (2.24-fold) in response to 

three hours of electrical stimulation (Figure 3.22). 

 

Figure 3.22 Time course of AMPK signaling normalized to total protein of C2C12 
myotubes during three hours of electrical stimulation followed by 
three hours of recovery 

Normalized fold changes of phospho-protein to total protein were calculated from the data in Figure 
3.20 and Figure 3.21. A. U. = arbitrary units. 

The stimulation experiments present three possible confounds: 1) AMPK signaling 

could vary over time in resting myotubes due to factors other than EPS, 2) the presence 

of undifferentiated non-contractile myoblasts and 2) the presence of the electrodes being 
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in contact with the cell culture media. To ensure that EPS was responsible for the observed 

changes in signaling, I measured the levels of p-AMPK, p-ACC, and p-TBC1D1 in resting 

myotubes sampled before and after the stimulation period and again after the recovery 

period. Phospho-levels for each protein were not statistically different from each other 

between the time points (p = 0.5) (Figure 3.23). 

 

Figure 3.23 AMPK signaling of resting C2C12 myotubes throughout the time 
course experiment 

Resting C2C12 myotubes serving as controls for the time course experiment outlined in Figure 3.18 
were frozen at time = 0, 180, and 360. Cell lysates were subjected to immunoblotting and levels of 
p-AMPK, p-ACC, and p-TBC1D1 were quantified by densitometry. Raw data of six biological 
replicates presented. None of the proteins exhibited statistically significant different levels between 
the time points. A. U. = arbitrary units. 
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To test whether myoblasts exhibit an AMPK response to electrical stimulation, 

C2C12 myoblasts were stimulated alongside the myotubes in the time course experiment 

outlined in Figure 3.18 and sampled at 0, 180, and 360 min. Figure 3.24 illustrates AMPK 

signaling for pre- and post-stimulation of myotubes, a positive control (EPS + 2 mM AICAR 

+ 100 µM A-769662), an electrode immersion control, and the AMPK signaling of 

myoblasts throughout EPS. Electrical stimulation did not affect myoblast AMPK signaling 

(p > 0.18, Figure 3.24). Finally, AMPK signaling was not increased when electrodes were 

incubated with myotubes without EPS being applied (p > 0.06, Figure 3.24). 

 

 

Figure 3.24 AMPK signaling of various control conditions during electrical 
stimulation of C2C12 myotubes 

C2C12 myotubes differentiated for five days and ~80% confluent C2C12 myoblasts were used for 
various controls during the time course experiment outlined in Figure 3.18. Cell lysates were 
subjected to immunoblotting and levels of p-AMPK, p-ACC, and p-TBC1D1 were quantified by 
densitometry. EPS = Electrical pulse stimulation (20 V, 2 ms, 1 Hz). Recovery = EPS + three hours 
of recovery. Where indicated, AICAR (2 mM) and A-769662 (100 µM) were incubated for 30 
minutes. Electrode = electrodes immersed in culture media. Data represent the mean of six 
biological replicates ± 95% confidence intervals (except AICAR treatment condition which is from 
one experiment). A.U. = arbitrary units. 
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3.7. EPS did not damage the myotubes 

Live-cell imaging revealed no disruption in the contractile ability of C2C12 myotubes 

throughout the three-hour stimulation. To further investigate whether EPS resulted in 

cytotoxicity, I measured LDH levels from the media of stimulated C2C12 myotubes collected 

before, immediately after and three hours after stimulation (Figure 3.18). The premise of 

this experiment is that LDH is not normally secreted from healthy cells but damage to the 

cell membrane would allow LDH to leak into the cell culture media [121]. Three hours of 

electrical stimulation did not increase LDH in the media compared to before stimulation 

(Figure 3.25). 

 

 

Figure 3.25 LDH levels in cell culture media of C2C12 myotubes in response to 
electrical stimulation 

Cell culture media from C2C12 myotubes were frozen at 0, 180, and 360 min of the time course 
experiment outlined in Figure 3.18. The black points represent the raw data from six independent 
biological replicates. The colored lines connect the data from a given replicate. A. U. = arbitrary 
units. 

3.8. Increasing frequency of electrical stimulation led to 
further decreases in pO2 in a 16% but not a 4% O2 

atmosphere 

The marginal activation of AMPK demonstrated in the time course experiment, as 

well as the non-differences observed in other experiments within the thesis, prompted me 
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to test whether more intense electrical stimulation could result in enhanced AMPK 

signaling. To ascertain stimulation conditions that were more metabolically stressful, I 

tested the effect of increased stimulation frequency on O2 consumption. Specifically, I 

measured the pO2 of the media of contracting myotubes in response to stimulation at 1, 2, 

4, and 6 Hz (20 V, 2 ms). Additionally, I tested each of the stimulation frequencies in a 

16% and 4% O2 atmosphere. 

The 16% O2 atmosphere resulted in steady state pO2 of approximately 9 kPa in the 

cell culture media of myotubes. The pO2 of cell culture media of contracting myotubes with 

a stimulation frequency of 1, 2, 4, and 6 Hz in a 16% O2 atmosphere decreased by 0.53, 

1.74, 2.17, and 1.83 kPa, respectively, compared to before starting the corresponding bout 

of stimulation (Figure 3.26, yellow line). In contrast, the pO2 of cell culture media overlying 

non-stimulated myotubes was only slightly affected (Figure 3.26, black line). Stimulation 

frequencies of 1 and 2 Hz did not affect the stimulated cell culture media; however, 

stimulation frequencies of 4 and 6 Hz caused marked reductions in the measured pO2 

(Figure 3.26, red line). The effect of decreased pO2 in cell culture media alone in response 

to high stimulation frequencies was exaggerated at 60 Hz (data not shown). 

 

Figure 3.26 Oxygen partial pressure kinetics in response to various frequencies 
in a 16% O2 atmosphere 

C2C12 myotubes were electrically stimulated (20 V, 2 ms) at four different frequencies (1, 2, 4, and 
6 Hz) in a 4% O2 atmosphere for 30 minutes followed by 30 minutes of recovery. Data are from a 
single experiment. 

The 4% O2 atmosphere resulted in steady state pO2 of approximately 0.02 – 0.5 

kPa in the cell culture media of myotubes. The pO2 of cell culture media of contracting 
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myotubes in the 4% O2 atmosphere decreased, however, the equilibrated pO2 of the 

stimulated myotubes (0.02 kPa) did not allow for large decreases in the pO2 (Figure 3.27, 

yellow line), therefore the magnitude of change in response to increasing stimulation 

frequency could not be accurately measured (Figure 3.28). The pO2 of cell culture media 

of non-stimulated myotubes increased after stopping the first bout of stimulation (Figure 

3.27, black line). Lastly, none of the stimulation frequencies affected the stimulated cell 

culture media at 4% O2 (Figure 3.27, red line).  

 

Figure 3.27 Oxygen partial pressure kinetics in response to various frequencies 
in a 4% O2 atmosphere 

C2C12 myotubes were electrically stimulated (20 V, 2 ms) at four different frequencies (1, 2, 4, and 
6 Hz) in a 4% O2 atmosphere for 30 minutes followed by 30 minutes of recovery. Data are from a 
single experiment. 
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Figure 3.28 Oxygen partial pressure kinetics in response to various frequencies 
in a 4% O2 atmosphere (enlargement of Figure 3.27) 

C2C12 myotubes were electrically stimulated (20 V, 2 ms) at four different frequencies (1, 2, 4, and 
6 Hz) in a 4% O2 atmosphere for 30 minutes followed by 30 minutes of recovery. Data are from a 
single experiment. 

Lastly, to confirm that low stimulation frequencies (1 and 2 Hz) did not result in a 

decreased pO2 in cell culture media alone, I stimulated (20 V, 2 ms) C2C12 myotubes 

differentiated for five days in an 8% O2 atmosphere at 1 and 2 Hz. Figure 3.29 illustrates 

that the pO2 in cell culture media alone was not affected by low stimulation frequencies, 

but that the stimulated myotubes were. 
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Figure 3.29 Oxygen partial pressure kinetics in response to 1 and 2 Hz stimulation 
frequency 

Partial pressure of oxygen of cell culture media with and without cultured C2C12 myotubes, and with 
and without EPS (20 V, 2 ms). Atmospheric oxygen was set to 8% and EPS (1 Hz) was applied for 
90 minutes at time = 0. After 90 minutes of recovery, EPS (2 Hz) was applied for 70 minutes at time 
= 180. Data are from a single experiment. 

Figure 3.30 illustrates changes in AMPK signaling and HIF1α accumulation 

resulting from increased stimulation frequency in a 16% and 4% O2 atmosphere. 

Compared to resting myotubes, treatment with 2 mM AICAR increased AMPK signaling in 

both atmospheric conditions but increasing stimulation frequency did not. HIF1α 

accumulation increased in the 4% but not the 16% O2 atmosphere. Lastly, increasing 

stimulation frequency in both O2 atmospheres did not result in more HIF1α accumulation 

(Figure 3.30). 
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Figure 3.30 AMPK signaling and HIF1α accumulation in response to increasing 
stimulation frequencies in a 16% and 4% O2 atmosphere 

C2C12 myotubes were electrically stimulated (20 V, 2 ms) at four different frequencies (1, 2, 4, and 
6 Hz) in a 16% and 4% O2 atmosphere for 30 minutes. For AICAR treatment, C2C12 myotubes were 
incubated with AICAR (2 mM) for 30 minutes. The immunoblots for p-AMPK, p-ACC, p-TBC1D1, 
and HIF1α are shown at the top. Data are from a single experiment. A.U. = arbitrary units. 
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Chapter 4. Discussion 

Exercise is a potent activator of AMPK in skeletal muscle. AMPK activity during 

and after exercise is thought to be important for adaptation; however, the importance of 

AMPK signaling over time (AMPK dynamics) to coordinating fitness-promoting 

adaptations remains poorly understood. To better understand the role of AMPK activity in 

coordinating adaptation, the time course of AMPK activity during and after exercise must 

first be investigated. 

The aim of this thesis was to develop and evaluate electrical stimulation of C2C12 

myotubes as an in vitro model of exercise to study AMPK dynamics. In the present study, 

I demonstrated that differentiation of C2C12 myoblasts resulted in contractile myotubes. 

Moreover, I showed that AMPK signaling was both observable in electrically stimulated 

C2C12 myotubes and that it could be induced and repressed using small molecules. 

Additionally, I showed that electrical stimulation resulted in a decreased partial pressure 

of oxygen (pO2) in the media of contracting myotubes. Lastly, I showed that three hours 

of electrical stimulation followed by three hours of recovery resulted in a dynamic AMPK 

response. Overall, these results support my hypotheses that the C2C12 EPS model can be 

used to elicit exercise-like AMPK signaling, and that this signaling can be manipulated 

using small molecules. However, the AMPK signaling response was limited compared to 

the observed response in human muscle during exercise. More work is therefore 

necessary to define conditions that lead to a more robust AMPK signaling response. 

4.1. Validation of using C2C12 myotubes to study AMPK 
signaling 

I first confirmed that I could differentiate C2C12 myoblasts into myotubes. I observed 

a generally positive relationship between myotube density (pixels ≤ 75) and the number 

of differentiation days (Figure 3.3). The increased myotube density at day -2 and the 

decreased myotube density at day 5 are most likely due to inconsistencies in the image 

settings when the image was captured. I then confirmed the contractile ability of the 

differentiated myotubes. The contractile ability of the C2C12 myotubes observed in this 

study was similar to that observed in video footage from other published studies [61, 122, 

123]. However, many undifferentiated myoblasts remained in the dish and were present 
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during the experiments. Overall, these data suggest that the differentiation protocol 

produced contractile myotubes; however, further optimization may be possible. 

One possible strategy to improve the differentiation protocol is to extend the 

protocol beyond five days. However, I observed by visual inspection that myotubes 

differentiated for more than six days exhibited morphologies that indicated potential 

damage, suggesting that an upper limit may exist to the number of days of differentiation. 

The potential detrimental effects of prolonged differentiation may be attenuated by 

switching the differentiation media to DMEM supplemented with 10% horse serum after 

five days of differentiation (P. Sobolewski, personal communication). 

Next, I established that AMPK signaling could be manipulated in C2C12 myotubes 

using small-molecule activators and inhibitors. The commonly used AMPK activator, 

AICAR, led to greater increases in AMPK signaling compared to the more specific 

activator, A-769662 (Figure 3.9). However, EPS combined with AICAR and A-769662 led 

to the greatest increase in AMPK signaling. Inhibiting AMPK signaling was achieved most 

effectively by compound C. Although p-TBC1D1 levels remained stable in response to 

increasing concentrations of compound C, treatment of C2C12 myotubes with increasing 

concentrations of SBI-0206965 led to decreased levels of p-ACC and p-TBC1D1 but 

resulted in increasing levels of p-AMPK. Increasing levels of p-AMPK with an ‘AMPK 

inhibitor’ may produce conflicting signals at the molecular level that could result in 

discrepancies when interpreting data. Ultimately, using compound C and SBI-0206965 

together could result in a more potent AMPK inhibitor cocktail, although the off-target 

effects would be magnified.  Importantly, these results highlight treatments for positive and 

negative controls for future experiments. 

Lastly, to verify that electrical stimulation metabolically perturbs the myotubes, I 

used optical oxygen sensor technology that allows for real-time oxygen measurement 

within the C2C12 EPS model. In response to electrical stimulation, the pO2 of cell culture 

media of C2C12 myotubes decreased (Figure 3.14, Figure 3.15, and Figure 3.26). The 

decrease in the pO2 was observed in response to different stimulation frequencies (1, 2, 

4, and 6 Hz) and in 16%, 8%, and 4% O2 atmospheres (Figure 3.14, Figure 3.26, and 

Figure 3.27). In general, increasing stimulation frequency resulted in larger decreases in 

the pO2, suggesting that increasing stimulation frequency increases cellular respiration, 
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thus indicating enhanced metabolic stress. Together, these data indicate that electrical 

stimulation of differentiated C2C12 myotubes can be used to study AMPK in a dish. 

Mouse C2C12 and primary human myotubes are widely used in in vitro models of 

skeletal muscle, however, the two cell lines exhibit differences in their bioenergetics [124, 

125]. The bioenergetic differences manifest as preferential use of substrates and their 

corresponding metabolic pathways. Both human and C2C12 myotubes express high levels 

of mRNA associated with contractile protein activity, albeit lower than in mature adult 

tissue [124]. Compared to primary human myotubes, C2C12 myotubes exhibit higher 

expression of type II myosin heavy chain, which is associated with type II (fast-twitch, 

glycolytic) fibers, yet they exhibit higher oxygen consumption rates compared to human 

myotubes [124]. In addition, C2C12 myotubes exhibit increased  glucose uptake in 

response to EPS compared to primary human myotubes [124] but similar fatty acid 

oxidation. In this regard, the metabolic behaviours of human and C2C12 myotubes may 

potentiate different metabolic effects under similar experimental conditions. 

4.2. AMPK signaling in response to electrical stimulation 

The AMPK response to electrical stimulation observed in this study was less robust 

than that reported by other groups [60-62]. In contrast to these data, I observed no 

increase in AMPK phosphorylation and only marginal increases in ACC and TBC1D1 

phosphorylation by comparison to other studies. Specifically, Nedachi [60] demonstrated 

that after 24 hours of low frequency electrical stimulation of C2C12 myotubes, p-AMPK and 

p-ACC increased approximately 4-fold. Additionally, Li [62] demonstrated that 60 minutes 

of low frequency electrical stimulation resulted in a 2.5-fold increase in p-AMPK and p-

ACC. Additionally, data from human experiments demonstrate that in response to 30 

minutes of moderate-intensity exercise, AMPK signaling increased ~3-fold and ACC 

phosphorylation increased 36-fold [53]. Overall, the marginal increase in AMPK signaling 

observed in this study may reflect normal physiology; however, more data are needed to 

corroborate this supposition. 

The lack of increase in p-AMPK and relatively low fold-changes in p-ACC and p-

TBC1D1 following electrical stimulation prompted me to test whether increasing 

stimulation frequency and decreasing atmospheric O2 could further increase AMPK 

signaling [126]. In previous experiments, increasing the stimulation voltage did not result 
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in further decreases in the pO2 of contracting myotubes suggesting that increasing the 

voltage may not increase the metabolic demand of the myotubes. Additionally, pulse 

durations used in neuromuscular electrical stimulation in vivo are most commonly 50 to 

1000 µs [127], suggesting that minimal pulse durations should be used if the goal is to 

mimic human physiology. Moreover, the stimulation voltage and pulse duration define the 

threshold for initiating contraction and muscle fiber recruitment whereas the stimulation 

frequency grades the degree of contraction from multiple twitches to fused tetanus, as well 

as the concomitant force [128, 129]. Therefore, I decided to vary the stimulation frequency 

in a high (16%) and low (4%) O2 atmosphere. 

Although electrical stimulation at 4% O2 resulted in higher AMPK signaling 

compared to 16% O2 in resting myotubes, no effect of decreasing atmospheric oxygen on 

AMPK signaling was observed in stimulated myotubes (Figure 3.30). Additionally, 

increasing stimulation frequency in both the 16% and 4% O2 atmosphere did not increase 

AMPK signaling (Figure 3.30). To confirm that the cells were experiencing hypoxia in the 

4% O2 atmosphere, I measured the levels of hypoxia-inducible factor 1α (HIF1α) [130]. 

Figure 3.30 demonstrates accumulation of HIF1α in a 4% but not 16% O2 atmosphere. 

This result indicates that a 4% O2 atmosphere is sufficient to induce cellular hypoxia. 

Moving forward, attempts should be made to determine the atmospheric O2 required to 

best mimic the pO2 in vivo; however, hypoxia alone cannot be expected to enhance AMPK 

signaling. 

4.3. Limitations 

I propose three main limitations of this study. First, the selected electrical 

stimulation parameters were based on values reported in the literature [60, 70]. However, 

a lack of consensus exists as to what stimulation parameters ought to be used [70]. 

Therefore, the marginal AMPK signaling response that I observed was likely due to these 

parameters being insufficiently severe, especially in light of the unchanged ATP and 

lactate concentrations. At minimum, the protocol elicited increased aerobic metabolism, 

as demonstrated by the apparent consumption of oxygen during the stimulation. To 

determine the stimulation parameters (voltage, frequency, pulse duration, and time 

duration) required to elicit a greater AMPK response, I would perform a factorial 

experiment that covers the ranges of stimulation parameters found in the current literature. 

Moreover, intermittent protocols where high-intensity electrical stimulation is interspersed 
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with rest periods could also be tested [54, 74]. With the identification of stimulation 

parameters that elicit an exercise-like AMPK response, I would then seek to improve the 

model by incorporating hypoxia and temperature profiles that mimic those observed during 

exercise in vivo. 

 Second, all my data were obtained from C2C12 cells, a murine cell line. We are 

ultimately interested in the AMPK response to exercise in human skeletal muscle. While 

human myotubes would provide more physiologically relevant data, C2C12 myotubes 

provide a means to establish the system because of their extensive characterization in the 

literature. In addition, the results were obtained from a single lot of C2C12 cells, such that 

the possibility exists that lot-specific responses may have been observed. I note, however, 

that most of the experiments in this thesis produced results that were consistent with 

previously published data, including for differentiation, contractility, and activator 

responsiveness. Unfortunately, investigators generally do not report the lot number of their 

cells in their published studies, which makes it challenging to evaluate the possibility of 

lot-specific responses. To address this possibility, I recommend performing validation 

experiments on C2C12 cells from different lots to determine whether lot-specific responses 

occur. 

Lastly, high stimulation frequencies (≥ 4 Hz) prompted an initial increase and then 

a large decrease in the pO2 of cell culture media without cells. To my knowledge, this 

observation has never been reported but represents a confounding variable that could 

affect the physiology of the cells. The initial increase in the pO2 at high stimulation 

frequencies can be explained by the oxygen gas produced by the electrolysis of water 

[131]. Indeed, I observed no increase in the pO2 of de-ionized water in response to 

electrical stimulation (unpublished observations), which agrees with electrolysis being a 

contributing factor. The decline in the pO2 following the increase, however, is more 

challenging to explain. Three possibilities exist: first, electrolysis can change the pH of a 

solution which in turn could affect the ability of the oxygen sensor to reliably report the pO2 

 (IonOptix, personal communication). This hypothesis could be tested by titrating acid into 

cell culture media to determine if readings are affected by the altered pH. Second, phenol 

red is discouraged in fluorometry experiments (IonOptix, personal communication). 

Thirdly, electrolysis of water is endothermic thereby decreasing the temperature of the cell 

culture media. Because the optical oxygen sensors used in this study are temperature 

dependent, when the temperature decreases (such as in an endothermic reaction), the 
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pO2 measurements will also decrease. Altogether, the apparent effect of the pO2 in 

response to stimulation frequency is not obvious at low stimulation frequencies, however, 

if high stimulation frequencies are required, proper experimental controls must be included 

to account for this potential effect.  

4.4. Future directions 

Applying EPS to elicit exercise-like responses in cultured myotubes provides a 

promising tool to investigate the role of AMPK signaling in mediating skeletal muscle 

adaptations to exercise. To exploit this method, the electrical stimulation parameters 

needed to robustly activate AMPK signaling in an exercise-like manner must be 

determined. Subsequently, small-molecules inhibitors can be used to systematically block 

AMPK signaling during and after stimulation. Blocking AMPK signaling at various time 

points and studying how downstream adaptations are affected would provide insight into 

the role AMPK dynamics play in coordinating fitness-promoting adaptations. Lastly, the 

work presented in this thesis represents validation experiments required to extend the 

EPS model to human myotubes. Ultimately, using the EPS model with human myotubes 

to study the signaling network and dynamics at play during and after stimulation, we could 

investigate the molecular mechanisms underlying inter-individual differences in skeletal 

muscle adaptations to exercise [132, 133]. 

4.5. Conclusion 

In this thesis, I showed that electrical stimulation of C2C12 myotubes only marginally 

increased AMPK signaling. The magnitude of signaling was less than has been observed 

by others using similar models, less than the increases observed in human muscle during 

exercise, and less than the increases I observed in response to activator stimulation. The 

marginal signaling response was likely due to the stimulation parameters being insufficient 

to cause substantial increases in AMP and ADP. Overall, I conclude that electrical 

stimulation of C2C12 myotubes is a promising means to study AMPK signaling dynamics 

but that more work is needed to define experimental conditions that better mimic exercise. 

Understanding the temporal dynamics of signaling in response to specific exercise 

protocols could enhance understanding of how signaling dynamics encode information 
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into skeletal muscle adaptation. This understanding could be applied to developing 

evidence-based approaches to personalized exercise programming. 
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Appendix 

Please see the attached appendix files for the following resources (Appendix 1 – 

11 are in the ‘Appendix.xlsl’ file): 

Appendix 1: Product Information     

Appendix 2: Western Blot Protocol     

Appendix 3: Lysis Protocol     

Appendix 4: Buffer Recipes     

Appendix 5: Lysis Buffer Recipes     

Appendix 6: BCA Protocol     

Appendix 7: Lambda-Phosphatase Protocol     

Appendix 8: [ATP]i Protocol     

Appendix 9: LDH Protocol     

Appendix 10: L-lactate Protocol     

Appendix 11: Lucid O2 Probe Calibration Protocol     

Appendix_RCode.R R code required to re-create statistical analyses and figures 

presented in this thesis 

 




